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Abstract 
 
The impacts of sea-level rise and hydrologic manipulation are threatening the stability of 
coastal marshes throughout the world, thereby increasing the potential for re-mineralization of 
soil organic matter (SOM) in these systems.  Such threats have prompted marsh restoration 
efforts, particularly in coastal Louisiana, yet it is unclear how the slowly decomposing 
(refractory) and quickly decomposing (labile) fractions of SOM may be differentially affected by 
different approaches to marsh restoration.  Additionally, otherwise labile compounds may 
accumulate in the soil via a range of protective mechanisms, including rapid burial and 
association with organic compounds that are thought to enhance soil aggregation, such as 
autoclaved alkaline-extractable protein (AAEP)—a.k.a. glomalin-related soil protein.  Here, I 
examined the upper 30 cm of soil across two chronosequences of coastal marshes—located in 
Sabine National Wildlife Refuge (Sabine) and in Wax Lake Delta (WLD)—representing the two 
principal approaches to coastal wetland restoration in Louisiana (dredge-spoil infilling and 
sediment diversion, respectively).  By estimating the amounts of refractory organic carbon and 
nitrogen (ROC and RN), labile organic carbon and nitrogen (LOC and LN), and AAEP, I aimed to 
compare how these fractions accumulate within these two distinct systems and contribute to 
the total organic carbon and nitrogen (TOC and TN).  Because methodological limitations have 
confounded previous efforts to accurately quantify the AAEP fraction, I applied a novel 
approach for estimating the quantity of AAEP in the studied soils based on amino acid analysis.  
Each fraction was highly positively correlated with TOC.  Overall, the contributions of the 
fractions to TOC and TN were similar between the chronosequences and tended to increase 
with marsh age.  AAEP was primarily co-purified with ROC, and was negatively correlated with 
LOC/TOC ratios, suggesting that it may not be involved in LOC preservation.  Although a greater 
proportion of the new carbon accumulation in Sabine was refractory relative to WLD, the WLD 
marshes appeared to accumulate ROC more quickly—a paradox explainable by the 
characteristically faster accretion rates in WLD.  The overall correlation between ROC and TOC 
did not differ between the two chronosequences and was remarkably similar to those 
previously observed elsewhere in coastal Louisiana. 
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Chapter 1.  
An Introduction 

 
 This dissertation research initially began on the basis of investigating potential links 
between soil fungi and soil carbon (C) storage in wetland systems.  I began my initial project 
with the aim of measuring the soil C contribution of a recently defined fraction of soil organic 
matter (SOM) that has often been attributed to a particular class of soil fungi.  However, my 
initial observations led me to think more carefully about the chemistry of this and other 
fractions of SOM, and how these various components can be related.  This ultimately led to the 
research presented here, which addresses questions in the realms of analytical chemistry, 
biochemistry, and soil biogeochemistry—all within the context of wetland soil development.  
Although the primary focus of this research is on autoclaved alkaline-extractable soil protein, it 
also includes an investigation into the overall stability of SOM.  Indeed, the overall theme of 
SOM stability and preservation is what provided the initial motivation for the investigation of 
the soil protein fraction, and it is the theme that unites all parts of this dissertation.  
Furthermore, whereas the studies presented here were conducted in coastal wetlands of 
Louisiana, USA, it is expected that many of the overall findings will be applicable to coastal 
wetlands elsewhere in the US and the world. 
 In this chapter, I give a brief review of the background information that will help provide 
context for the subsequent chapters—further and more detailed background information is 
provided at the beginning of each chapter—followed by an overview of these subsequent 
chapters.  Lastly, because all of the studies described in this dissertation made use of samples 
collected from the same set of study sites, I provide all of the basic descriptions and soil sample 
characteristics together at the end of this chapter. 
 
1.1. Background 
 

Among the numerous ecosystem services that vegetated coastal wetlands provide is C 
sequestration and subsequent long-term C storage.  Coastal saline wetlands alone bury an 
estimated 84–234 Tg of C per year globally (McLeod et al., 2011) despite occupying <1% of the 
total land area (Spencer et al., 2016).  The three factors to which this disproportionately high C 
burial per unit area is primarily attributed are high rates of primary production, fast rates of 
accretion, and the characteristically slow decomposition rates of organic matter in anoxic soils 
(Reddy and DeLaune, 2008).  This SOM heavily influences the chemical and physical properties 
of soil; it contributes to the water retention capacity of soil, and it plays a key role in the 
biological cycling of elements such as C and N.  In addition to providing a substantial sink for 
atmospheric C, this store of SOM can improve the stability of the soil matrix through its 
involvement in soil aggregation (Tisdall and Oades, 1982; Barthès and Roose, 2002), which is 
particularly important for coastal wetlands.  Climate change–induced sea level rise (SLR) 
combined with increased population growth and manipulation of watersheds in coastal regions 
has threatened the global extent of coastal wetlands by impeding their ability to acclimate to 
changing environmental stressors and thus their ability to remain subaerial (Kirwan and 
Megonigal, 2013).  The issue of land loss in coastal Louisiana, USA is one example of this.  An 
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estimated 490,000 hectares of Louisiana’s coastal wetlands have been lost since the 1930s and 
an additional ~132,000 hectares are projected to be lost by 2050 under a no-restoration 
scenario (Barras et al., 2003; DeLaune and White, 2012; Couvillion et al., 2017).  In this region, 
decreased sediment and freshwater supply to much of the coastal wetland area has made 
these wetlands more susceptible to SLR and storm surges (Wilson and Allison, 2008; DeLaune 
and White, 2012), therefore threatening their store of C.  Upon exposure to the aerobic 
conditions of the ocean, this C may have a much greater potential to be re-mineralized to CO2, 
negating the effect of high primary production, and potentially contributing to hypoxic bottom 
water along the adjacent coastal shelf (Bianchi et al., 2010; Steinmuller and Chambers, 2019; 
Steinmuller et al., 2019).   

Such potential for re-mineralization can also depend, however, on the relative 
resistance to degradation (or stability) of this organic C.  SOM contains a conglomerate of 
innumerable organic C and nitrogen (N) compounds, each of which has varying degrees of 
stability that depend on both intrinsic and extrinsic factors.  Here, I will define the organic 
matter that exhibits a relatively high intrinsic stability as being refractory and the converse 
being labile.  Intrinsic stability relates to the chemical stability of a given compound in terms of 
thermodynamics and without regard to the environment in which the compound exists; 
whereas, extrinsic stability necessarily derives from this environment.  Therefore, factors that 
can contribute to the extrinsic stability of a compound are numerous and can include the 
intermolecular associations with other organic compounds, metals, and mineral surfaces 
(Knicker and Hatcher, 1997; Kleber et al., 2015), as well as physicochemical factors such as the 
degree to which a given compound is physically protected from enzymes by encapsulation 
within soil aggregates (Jastrow et al., 2007).  Hence, depending on all of these factors, some 
components of SOM may quickly decompose whereas others may be slower to decompose.  In 
the case of wetland soils, the generally lower availability of efficient electron acceptors, such as 
oxygen, means that the decomposition of intrinsically labile compounds may be slowed to the 
extent that a substantial amount might accumulate in the surficial soil (Reddy and DeLaune, 
2008).  Furthermore, if these labile compounds are stabilized by association with other 
compounds or through physical protection in soil aggregates, then they may, nevertheless, 
persist and contribute to long term C burial.  On the other hand, if the soil structure is disrupted 
and these compounds become exposed to oxidative environments, they are more liable to 
degrade and ultimately contribute to emission of CO2 (Steinmuller et al., 2019).  It is therefore 
important to consider the relative amounts of refractory versus labile SOM in coastal wetland 
soils.  Yet, compared to upland soils, there have been relatively few studies that have 
distinguished between the refractory and labile SOM fractions in coastal wetland soils, and 
even fewer that have evaluated the relative accumulation of these fractions across the stages 
of new wetland development.  One of the aims of this dissertation research was to investigate 
the relative partitioning of the total SOM between the refractory and labile fractions at multiple 
stages of coastal marsh soil development. 

In addition to the accumulation of refractory SOM, the preservation of otherwise labile 
SOM through its association with other organic compounds might also be an important 
mechanism by which this C can survive aerobic conditions (Lützow et al., 2006).  For instance, in 
a scenario where the wetland soil is eroded and transported to more oxygenated 
environments, the labile SOM that is entrapped within soil aggregates may be more likely to be 
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preserved than the SOM that is not (Fig. 1.1).  One fraction of SOM that is thought to be 
involved in soil aggregation and preservation of labile SOM is the originally termed glomalin-
related soil protein (GRSP) fraction (Rillig, 2004; Rillig and Mummey, 2006; Zhang et al., 2017).  
GRSP is an operationally defined pool of proteinaceous SOM that has appeared in some of the 
more recent discussions of soil C storage and soil aggregation (King, 2011; Treseder and Holden, 
2013; Poirier et al., 2018).  However, there has been ongoing debate regarding its composition 
and potential sources (Whiffen et al., 2007; Gillespie et al., 2011; Hurisso et al., 2018; 
Moragues-Saitua et al., 2019).   

The definition of GRSP is based on the glomalin protein, which was originally identified 
by the immunoreactivity of soil extracts and aggregates towards an antibody raised against 
spores of Glomus intraradices (Wright et al., 1996; Wright and Upadhyaya, 1998)—one of 
numerous taxa of arbuscular mycorrhizal fungi (AMF), which form mutualistic associations with 
the majority of vascular plant roots (Smith and Read, 2008).  This is the basis of claims that 
GRSP is primarily representative of proteins originating from AMF (Lovelock et al., 2004; Nichols 
and Wright, 2004).  Yet, since its original description by Wright and Upadhyaya (1996), glomalin 
as a concept and glomalin as a measurable entity have diverged considerably, in part because 
of the paucity of information regarding its amino acid sequence and the observed lack of 
specificity of the glomalin antibody (MAb32B11) in environmental samples (Rosier et al., 2006).  
Nonetheless, the terms GRSP or Bradford-reactive soil protein have most commonly been used 
to represent an operationally defined proxy of glomalin that invariably involves extraction from 
soil in an alkaline buffer at high temperature (121°C).  This assay therefore selects for proteins 
that are relatively heat stable, inherently or otherwise.  The method of quantification most 
frequently involves the use of the inexpensive and convenient Bradford dye-binding protein 
assay (Bradford (1976) or modification thereof) to quantify total protein in the extracts—an 
assay that is generally insensitive to peptides with fewer than approximately 7–25 residues 
(Sedmak and Grossberg, 1977; Mayer et al., 1986).  It is this general definition on which studies 
of GRSP have been most commonly based, and several such studies have concluded that GRSP 
is positively correlated with soil C storage (Rillig et al., 2001a; Lovelock et al., 2004), soil 
aggregation (Rillig et al., 2001b; Rillig, 2004; Bedini et al., 2009; Spohn and Giani, 2010; Dai et 
al., 2015), and AMF colonization (Bedini et al., 2009; Wilson et al., 2009; Bedini et al., 2010).  
Thus, glomalin as a putative gene product of AMF morphed into an operationally defined pool 
of soil protein that, as yet, cannot be directly linked to AMF but that may potentially represent 
a fraction of slowly decomposing organic C and N in soils and a potential contributor to the 
preservation of labile SOM.   

Given that a direct causal link between AMF and this proteinaceous fraction has not 
been established, the term autoclaved citrate-extractable protein has recently been proposed 
as a replacement for GRSP (Hurisso et al., 2018) and has appeared in a few studies since (Frost 
et al., 2019; Geisseler et al., 2019; Mann et al., 2019).  However, the original operational 
definition was not specific to a citrate-based extractant, and Wright et al. (2006) have 
suggested that other alkaline buffers can be more efficient extractants than citrate.  Thus, I will 
use the more general term autoclaved alkaline-extractable (AAE) protein henceforth when 
referring to this operationally defined pool of soil protein.  Furthermore, I will take the position 
that AAE protein constitutes the total proteinaceous component of the extracts yielded by the 
extraction method, whereas the term AAE solids will refer to the total extracted solids.  
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Figure 1.1. Cartoon illustrating the hypothetical processes in which the mineral sediment (Mineral), 
labile organic matter (L), refractory organic matter (R), and AAE protein (AAEP) fractions may be 
involved within a coastal marsh, and their potential fates upon marsh erosion.  The widths of the red 
and blue arrows are intended to approximately represent the relative hypothetical ranking of C flux 
sizes. 

 
 
Very few studies have investigated AAE protein in coastal wetland soils; yet a couple of 

these studies (Balachandran and Mishra, 2012; Wang et al., 2018b) have reported AAE protein 
concentrations in the soil that were comparable to the upper range of those that have been 
reported for upland soils.  Based on similar methods of analysis, I have likewise found that this 
protein fraction was present in relatively high concentrations along a salinity gradient of 
marshes in the Liaohe Delta of northeastern China (unpublished data).  In this region, typical 
AAE protein densities in the upper 30 cm of soil among three marsh types ranged as high as ~3 
mg·cm−3 (Fig. A.1).  Based on total organic C data from these sites (Olsson et al., 2015), and 
assuming the protein to be 53% C (Rouwenhorst et al., 1991), these data suggested that typical 
soil C contributions of AAE protein in these marshes fell in the range 3–16%.  Importantly, 
however, there is an issue with how these values, and values reported in the literature, were 
estimated.  Because of limitations associated with the methods currently used to measure AAE 
protein, the amount of actual proteinaceous material that it is present in AAE protein extracts 
may often be overestimated (Whiffen et al., 2007; Roberts and Jones, 2008; Gillespie et al., 
2011).  As such, it is hitherto unclear the extent to which AAE protein contributes to C and N in 
any soil, and whether it is truly correlated with the preservation of labile SOM (Fig. 1.1).  Thus, 
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another aim of this dissertation research was to use alternative methods for estimating the AAE 
protein concentration in soils, and to then apply this approach to make more realistic estimates 
of AAE protein C and N contributions, and further, to determine the extent to which it is 
associated with the preservation of labile SOM. 

In an effort to mitigate the loss and deterioration of coastal wetlands, proposed marsh 
restoration projects in Louisiana have essentially taken either of two approaches—1) diversion 
of sediment and/or freshwater from the Mississippi River or 2) bulk deposition of dredge-spoil 
sediments from navigation channels to areas of open water or deteriorating marshes (CPRA, 
2017).  In view of the growing need for such marsh restoration projects in coastal Louisiana, as 
well as in other coastal regions, evaluation of the development of restored marshes is critical 
for informing future restoration efforts.  Although many ecosystem functions may be realized in 
restored marshes within relatively short timeframes, overall soil development and C stocks may 
take much longer to be regained, if ever (Craft et al., 2003; Edwards and Proffitt, 2003; Abbott 
et al., 2019).  Thus, a focus on what happens to these wetlands following their creation needs 
to be an important component of such restoration projects. 

Chronosequences of restored wetlands can serve as valuable models on which 
evaluations of the development of new marshes can be made, wherein a close spatial proximity 
of marshes of different ages facilitates a space-for-time substitution, therefore allowing the 
study of soil properties over a pseudo-temporal scale.  Hence, the study of chronosequences of 
restored marshes can facilitate investigation of the dynamics of various soil properties without 
requiring decades of monitoring.  The studies described in this dissertation were based on two 
chronosequences of coastal marsh soils that represent the two principal approaches to coastal 
wetland restoration in Louisiana.  The marshes within each of these two chronosequences were 
regarded to represent different stages in the development of restored marshes within their 
respective regions.  By marsh development, I am referring to the overall change of a marsh 
ecosystem with time—e.g., changes in vegetation community/density, soil biota, elevation—
particularly during the time before a steady-state, or ecological climax, is reached.  In this 
respect, time is represented by the age of a marsh, and throughout this dissertation, I refer to 
the term marsh age to indicate the approximate time since a particular marsh was originally 
established from open water.  Although this research focuses on the soil characteristics of these 
marshes, I do not address soil age, a term that designates the time since a particular soil layer 
was formed (or deposited), and that is distinct from marsh age.  Whereas soil age generally 
increases with soil depth, marsh age is a single value for a given marsh and represents the 
upper limit of the time since deposition of any sediments contained therein.  Hence, the 
difference between soil age and marsh age is an important distinction to acknowledge when 
interpreting the findings presented in this dissertation.  Another important point is that the 
characteristics of the soil can vary as functions of both the soil age and marsh age.  This is 
because the composition of the soil is not exclusively affected by the amount of time since the 
sediment was deposited—it can also be influenced by other factors that may change 
interactively over time as a result of ecological succession (above- and below-ground) and 
changes in elevation.  It is the combined influence that all of these factors may have on the soil 
characteristics that is central to the research presented here. 
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1.2. Overview of chapters 
 
 In the following chapters, I describe a series of experiments that focused on refractory 
SOM and AAE protein in two chronosequences of coastal wetland soils representing distinct 
models of wetland restoration.  The overall aims of these studies were to compare how these 
two fractions of SOM accumulate between these two distinct systems, and to determine the 
relative contributions that AAE protein and refractory SOM make to the overall SOM.  In the 
process of investigating the AAE protein fraction, it became apparent that current methods for 
quantifying this protein fraction are problematic in that they are not specific to proteinaceous 
material in the extracts and are susceptible to interference from co-extracted compounds.  
Thus, in Chapter 2, I describe my attempt to develop a more specific and less-interference 
prone method for estimating the quantity of AAE protein in soils through the combined use of 
amino acid analysis and elemental analysis.  Additionally, I compare this method with the most 
commonly used approach and demonstrate the potential for divergence between the two.  In 
Chapter 3, I apply this method for estimating AAE protein to determine the pattern with which 
the protein accumulates along the two chronosequences, its relative contribution to the overall 
soil C and N, the extent to which it may be bound with labile SOM, and whether it exhibits any 
correlation with the vegetation and the presence of AMF.  Further, I use the results of the 
amino acid analysis to determine whether systematic differences exist between the amino acid 
profile of the AAE protein from these two wetland systems, with the expectation that this could 
provide insight into the dominant sources of this protein fraction.  In Chapter 4, I move to 
address the question of how refractory and labile SOM may differentially accumulate in these 
two models of coastal wetland restoration given their differences in salinity, vegetation, and 
mineral sediment input.  I also address the question of whether the AAE protein fraction 
appears to be involved in the preferential preservation of labile SOM in these wetland systems 
by determining whether the two are positively correlated.  Finally, in Chapter 5, I summarize my 
overall findings and suggest how they can be used to inform further research in the realms of 
coastal wetland development and SOM stability. 
 
1.3. Study sites and initial sampling 
 

 All of the experiments described in the subsequent chapters made use of subsets of the 
same soil core sections collected from the same marsh plots.  Therefore, in the interest of 
efficiency and ease of reference, the description of the study sites, the initial collection and 
processing of the soil samples, and the basic characteristics of the soil samples are described 
only once in this dissertation and can be found below. 
 
1.3.1 Description of study sites 

 
Two chronosequences of coastal wetland soils representing distinct models of wetland 

restoration were selected for soil sampling.  One of the chronosequences, located in Sabine 
National Wildlife Refuge (Sabine; Fig. 1.2), is a series of dredge-sediment–created brackish 
marshes on the Chenier Plain of the western Louisiana coast (Edwards and Proffitt, 2003; 
Abbott et al., 2019).  Marshes in this area have suffered from reduced sediment input and 
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increased seawater intrusion since 1871, when dredging of the adjacent Calcasieu ship channel 
commenced (DeLaune et al., 1983).  That dredging resulted in a shift from freshwater to 
brackish vegetation and conversion of marsh area to open water (DeLaune et al., 1983; Abbott 
et al., 2019).  Beginning in 1983, the US Army Corps of Engineers deposited dredge spoil from 
this channel to areas of open water within the refuge at discrete and documented times.  Those 
deposits are the basis of the chronosequence.  Marshes in this area accrete primarily by 
autochthonous organic matter accumulation and receive little allochthonous sediment input.  
The marsh waters are generally polyhaline, and the dominant vegetation species in the 
naturally colonized marshes are Spartina patens and Distichlis spicata.  The selected marshes 
ranged in age at the time of sampling from 1 to 33 years since dredge spoil deposit.  
Additionally, naturally established reference sites adjacent to the chronosequence sites were 
sampled for comparison.  The locations and elevations of the sampling sites within Sabine are 
shown in Table 1.1.  The locations of the plots were chosen to match (within 10 m) those of 
Abbott et al. (2019), who selected them randomly.  More precise coordinates of each marsh 
plot are listed in Table A.1 of Appendix A.  The specific soil characteristics of each marsh of the 
chronosequence, including bulk density, loss on ignition, total organic C (TOC), and total N (TN), 
are summarized in Table 1.2.   
 The other chronosequence is a series of tidal freshwater marshes within the currently 
prograding Wax Lake Delta (WLD; Fig. 1.2), which began forming in 1973 as a result of a 
diversion from the Atchafalaya River to the Gulf of Mexico three decades earlier by the US 
Army Corps of Engineers (Allen et al., 2012).  Marshes within this delta have formed rapidly as a 
result of the exceptionally large amount of sediment (22.5 Mt·yr−1) delivered from the diverted 
flow, which is currently about 45% of the Atchafalaya River flow—which is, in turn, 30% of the 
Mississippi River flow (Roberts et al., 2003; Allison et al., 2012)—meaning that the WLD 
receives approximately 14% of the total normal flow of the Mississippi River north of the Old 
River Control Structure.  The WLD has formed rapidly in recent years, and the fact that it has 
been possible to track its growth by aerial and satellite imagery (Wellner et al., 2005) has been 
the basis of the chronosequence used here.  This chronosequence was previously established 
by Henry and Twilley (2014), and the same sampling locations (haphazardly within 10 m) were 
used for the present study.  The delta is highly river-dominated, and the water is typically fresh 
to oligohaline throughout (Henry and Twilley, 2014).  Tides are diurnal and micro-tidal.  The 
approximate ages of the marshes at the time of sampling were 16, 29, and 41 years since 
subaerial establishment of the sediment surface.  A reference marsh area that was adjacent to 
but outside of the WLD was selected to represent a local climax of marsh development.  This 
reference site was estimated to be >60 years and selected based on historical aerial imagery 
(Wellner et al., 2005).  Table 1.1 shows the approximate coordinates and elevations of the 
sampling sites.  The elevations shown were estimated based on 1-m spatial resolution digital 
elevation model data obtained from the 2012 USGS National Elevation Dataset 
(https://www.usgs.gov/core-science-systems/ngp/tnm-delivery/).  General trends in elevation 
with respect to the overall dominant plant species in WLD have been described by Carle et al. 
(2015).  Table 1.2 also provides information on the soil characteristics of this chronosequence.   
 All vegetation within these two chronosequences colonized these areas naturally and 
was within areas of restricted anthropogenic activity; thus, these chronosequences were 
assumed to represent the natural trajectory of marsh development within these two regions. 

https://www.usgs.gov/core-science-systems/ngp/tnm-delivery/
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Figure 1.2. Map of Louisiana, USA (top), showing general locations of the studied chronosequences; maps 
of the Sabine chronosequence marshes (bottom left) and WLD chronosequence marshes (bottom right). 
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Table 1.1. Location, elevation, and dominant vegetation species of each marsh sampled 

 Marsh age Coordinates† 

Average elevation‡ 
(NAVD88) Dominant vegetation 

Sabine  
   

 1 year 29°56'48"N, 93°24'39"W 24 ± 3 cm Spartina alterniflora 

 6 years 29°56'16"N, 93°24'3"W 10 ± 3 cm S. alterniflora 

 14 years 29°57'42"N, 93°24'47"W 10 ± 3 cm Distichlis spicata 

 33 years 29°55'8"N, 93°20'48"W 32 ± 3 cm Spartina patens 

 Reference A 29°55'37"N, 93°26'17"W 13 ± 1 cm S. patens 

 Reference B 29°56'39"N, 93°26'21"W 7 ± 2 cm D. spicata 

WLD 
    

 16 years 29°30'4"N, 91°28'51"W −32 cm Nelumbo lutea 

 29 years 29°30'45"N, 91°27'56"W 55 cm Colocasia esculenta 

 41 years 29°31'56"N, 91°26'10"W 53 cm Polygonum punctatum 

 Reference 29°33'15"N, 91°25'42"W 50 cm P. punctatum, Salix nigra 

† Coordinates of the Sabine marsh plots were selected to match a subset of those sampled by Abbott et 
al. (2019), which were randomly selected (see Table A.1 for specific coordinates of each plot); coordinates 
of the WLD marsh plots other than the reference were based on Henry and Twilley (2014)—triplicate 
samples were collected haphazardly within 10 m of these coordinates.  ‡ Elevations of the Sabine marsh 
plots were determined in 2015 by Abbott (2017) based on in situ real-time kinematic positioning 
measurements (errors are standard error of triplicate plots); approximate elevations of the WLD plots are 
based on digital elevation model data (1-m resolution) obtained from the 2012 USGS National Elevation 
Dataset (https://viewer.nationalmap.gov/basic/?basemap=b1&category=ned,nedsrc&title=3DEP%20View; see 
Fig. A.2 for map of elevation model data).   Photos of each marsh at the time of sampling are shown in 
Figs. A.3–A.12. 
 
 

1.3.2 Initial soil sample collection and processing 
  
 Soil sampling was conducted during the spring and summer of 2016.  Triplicate 30-cm-
deep cores (i.d. 62 mm) were collected at least 10 m apart in each marsh within patches of 
representative vegetation.  Exceptions were the cores that were collected from the 1-year-old 
Sabine marsh, which did not extend beyond a soil depth of 20–25 cm.  Whole cores were sealed 
at both ends and immediately placed on ice until transfer to 4°C for storage.  Cores were 
processed within 5 days of collection.  Cores were sectioned in 5-cm increments, weighed, and 
then homogenized.  Large (>3 mm) debris, including shell, leaf, and root fragments, were 
removed.  A subset of the homogenized soil was weighed and then dried at 60°C to a constant 
weight.  The bulk density and moisture content were determined from these weights.  The dry 
soil was then ground to a fine powder with a mortar and pestle.  Total organic matter of each 
section was estimated based on the mass lost on ignition of approximately 1 g of dry soil at 

https://viewer.nationalmap.gov/basic/?basemap=b1&category=ned,nedsrc&title=3DEP%20View
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550°C for 4 hrs.  TOC and TN of each dry soil sample were determined on a Costech 4010 
elemental combustion system (Costech Analytical) after fumigation with concentrated HCl for 
24 hrs and subsequent drying for 3 hrs at 60°C.  To ensure that the sample signals were well 
above those of the three lowest standards, the quantity of sample used for elemental analysis 
was controlled so as to achieve a signal of >200 µg C and >15 µg N per sample.  The basic soil 
characteristics are summarized in Table 1.2. 
 
 

Table 1.2. Soil sample characteristics 

 Marsh age Depth range Average (SD), n = 9 soil core sections† 

   Bulk density 
(g·cm−3) 

Loss on ignition 
(mg·g−1) 

TOC (mg·g−1) TN (mg·g−1) 

Sabine       

 
1 year 

0–15 cm 0.83 (0.14) 57 (4) 16 (1) 1.46 (0.08) 
 15–25 cm 0.66 (0.08)a 65 (3)a 16 (1)a 1.53 (0.12)a 

 
6 years 

0–15 cm 0.9 (0.3) 60 (19) 16 (5) 1.4 (0.5) 
 15–30 cm 1.03 (0.14)b 52 (13)b 14 (5)b 1.2 (0.3)b 

 
14 years 

0–15 cm 0.6 (0.3) 110 (60) 44 (26) 3.0 (1.8) 
 15–30 cm 0.84 (0.07) 56 (9) 15 (1) 1.28 (0.08) 

 
33 years 

0–15 cm 1.0 (0.2) 60 (30) 21 (9) 1.2 (0.7) 
 15–30 cm 0.8 (0.2) 90 (40) 28 (12) 1.7 (0.9) 

 
Reference A 

0–15 cm 0.4 (0.4) 270 (140) 120 (60) 8 (4) 
 15–30 cm 0.8 (0.4) 150 (140) 70 (70) 5 (5) 

 
Reference B 

0–15 cm 0.20 (0.12) 360 (140) 140 (50) 9 (4) 
 15–30 cm 0.28 (0.11) 410 (90) 190 (40) 12 (2) 
WLD       

 
16 years 

0–15 cm 1.16 (0.13) 34 (6) 8 (2) 0.54 (0.12) 
 15–30 cm 1.39 (0.12) 25 (5) 7 (2) 0.41 (0.12) 

 
29 years 

0–15 cm 0.47 (0.09) 121 (16) 39 (7) 2.7 (0.4) 
 15–30 cm 0.7 (0.3) 80 (13) 27 (4) 1.7 (0.4) 

 
41 years 

0–15 cm 0.46 (0.19) 170 (70) 60 (30) 4 (3) 
 15–30 cm 0.80 (0.10) 78 (9) 22 (3) 1.6 (0.3) 

 
Reference 

0–15 cm 0.23 (0.08) 310 (120) 130 (50) 9 (3) 
 15–30 cm 0.41 (0.08) 160 (40) 61 (19) 4.2 (1.4) 

Quantities for each individual core section are listed in Appendix E (Table E.1). 
† n=9 except where noted: an=5; bn=8 
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Chapter 2.  
An Alternative Approach for Estimating the Contribution of Autoclaved Alkaline-

Extractable Protein to Soil Organic Carbon and Nitrogen 
 

2.1. Introduction 
 

Whereas the overall C fraction of SOM has received much attention, the component of 
SOM that is associated with N has been less well studied, despite its potential significance in 
soil C stabilization and storage through a variety of mechanisms (Rillig et al., 2007; Knicker, 
2011).  The vast majority of soil N (∼95%) is in organic form, and there is evidence suggesting 
that the majority of this organic N (>50%) is attributable to proteinaceous components (e.g., 
proteins, amino sugars, free/bound amino acids) (Preston, 1996; Martens and Loeffelmann, 
2003; Nannipieri and Eldor, 2009).  Autoclaved alkaline-extractable (AAE) protein (a.k.a. 
glomalin-related soil protein) is an operationally defined proteinaceous fraction of SOM that 
has been given substantial attention, in part, because it is thought to contribute to the stability 
of SOM, including organic C (Rillig et al., 2001a; Rillig et al., 2007; López-Merino et al., 2015; 
Zhang et al., 2017).  Unfortunately, however, making quantitative assessments of the AAE 
protein fraction—and its contribution to soil C and N—has not been straightforward.  The 
distinction between the proteinaceous and non-proteinaceous components has been 
particularly problematic.  Thus, critical questions still remain: does the protein have anything to 
do with organic matter preservation and soil aggregation?  Or is it simply “along for the ride” 
with the conglomerate of lignocelluloses, lipids, waxes, metals, and many other compounds 
that apparently comprise the humic acids fraction?  Therefore, the distinction between what is 
protein and what is not within AAE protein extracts is essential if the role this protein pool may 
play in the C and N cycles is to be better understood. 

Attempts to further our understanding of this proteinaceous fraction have been 
confounded by the fact that a substantial amount of the material extracted by the AAE protein 
method resembles humic substances; protein or amino acids comprise a minor proportion 
(Schindler et al., 2007; Gillespie et al., 2011; Walley et al., 2014).  The lack of specificity of the 
extraction is problematic because it is now well established that the Bradford protein assay 
exhibits interference from compounds similar to those co-extracted in the AAE protein method, 
including humic acids (HA) and tannic acid (Mayer et al., 1986; Whiffen et al., 2007; Roberts and 
Jones, 2008; Redmile-Gordon et al., 2013).  This apparent interference, however, is not unique 
to the Bradford assay nor to AAE protein.  In a thorough examination of the susceptibility of 
several commonly used protein quantification assays to interference from HA in soil solutions, 
Roberts and Jones (2008) have concluded that all spectrophotometric and fluorescence-based 
assays they tested exhibited interference to various degrees, depending on the concentration 
of both protein and HA addition.  This interference appears variable and can have effects 
ranging from overestimation to underestimation of the protein concentration.  Concordantly, 
Whiffen et al. (2007) have shown that addition of HA to AAE protein extracts substantially 
increases the Bradford signal for some soils, whereas other soils are minimally affected.  As 
evident from the results of such studies of HA-mediated interference in the Bradford assay, the 
technique of standard addition cannot correct for HA interference in the Bradford assay.  This 



 

12 
 

technique is valid when there is an effect only on the slope of the standard curve and no effect 
on its elevation.  Whereas, in the case of HA-Bradford interference, both of these effects are 
apparent, in addition to nonlinearity at high concentrations.  Redmile-Gordon et al. (2013) have 
suggested the use of a modified Lowry assay that they observed to be less perturbed by HA 
addition than the Bradford assay.  However, they still observed significant interference, despite 
the relatively low HA concentrations tested.  Whereas numerous methods have been 
successfully applied to purify the protein component of extracts from soil and plant litter 
(Ceccanti et al., 1978; Criquet et al., 2002; Wang et al., 2006; Benndorf et al., 2007; 
Masciandaro et al., 2008; Bastida et al., 2009), including AAE protein extracts (Chen et al., 2009; 
Gillespie et al., 2011), these methods typically do not yield quantitative recovery of the total 
protein present.  This limitation is problematic in estimations of total soil protein fractions 
because any internal standards added to the starting material may not behave similarly to the 
endogenous proteins or may become sequestered by humic substances (Kemp and 
Mudrochova, 1973; Ladd and Butler, 1975; Tan et al., 2008; Wang et al., 2008).  Indeed, based 
on tracing 14C-labeled protein additions to AAE protein extracts, I had little success in 
recovering a consistently high proportion of the labeled protein from the extracts by various 
purification methods—including phenol extraction, HA-precipitation with CaCl2 or MnCl2, and 
HA-binding with polyvinylpolypyrrolidone (unpublished data)—results consistent with the work 
of others (Aoyama, 2006; Benndorf et al., 2007; Taylor and Williams, 2010).  Perhaps the most 
rigorous workaround employed to distinguish between protein and other organic matter in 
solutions containing HA when using the Bradford assay was by Mayer et al. (1986), in which 
enzymatic digestion of protein was used.  However, in their case, the goal was to quantify 
enzymatically hydrolysable protein only—not including protein that may have been bound 
within the humic matter milieu to the extent that it was protected from enzymatic hydrolysis 
(Kemp and Mudrochova, 1973; Zang et al., 2000).  Yet, from a soil C storage perspective, the 
protein that is not readily degraded by enzymes is of equal interest. 

Despite these shortcomings, assays for AAE protein continue to be used to infer C 
storage potential and soil health on the basis of the correlative links mentioned in Chapter 1 
(for instance, Xie et al., 2015; Zhang et al., 2015; Singh et al., 2017; Sui et al., 2017; Halvorson et 
al., 2018; Wang et al., 2018a; Wang et al., 2018b; Xiao et al., 2019).  However, given the 
difficulty in distinguishing proteinaceous material from other closely related organic 
compounds, it seems that this method, as it now stands, cannot provide much insight into AAE 
protein dynamics and any controls it may have on soil C.  Although it is likely that the co-
extracted, non-proteinaceous compounds play an important role, measuring a partial and 
variable combination of these along with protein, all as a single entity, may create confusion 
and hamper efforts to elucidate the mechanisms that underlie AAE protein dynamics.  An 
example of this problem is the estimation of the contribution of AAE protein to the C and N in 
soils.  A common practice is to estimate the C and N composition of the Bradford-reactive 
component by assuming that it is equal to that of the total extracted solids, which I will refer to 
as AAE solids (AAES).  There have been several estimates of the C and N composition of AAE 
protein, nearly all of which have been based on the total extracted solids (for instance, Rillig et 
al., 2001a; Lovelock et al., 2004; Schindler et al., 2007; Wang et al., 2018a).  The estimates 
typically fall in the range of 10–42% C and 1–5% N.  Given the fact that none of the standard 
proteinogenic amino acids has a N composition <8% (average: 16.9%), these figures are 
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indicative of a material that must have a substantial non-amide component, consistent with 
characterization studies of AAE protein extracts (Schindler et al., 2007; Gillespie et al., 2011).  
By assuming the C and N composition of AAE protein and total extracted solids to be identical, 
researchers have mixed two definitions of AAE protein—namely, that of the protein and that of 
the total extract.  This confusion has potentially led to grossly inaccurate estimates of the C and 
N contribution of AAE protein to SOM, particularly in soils of greatest interest with respect to 
soil C—those with high organic matter and therefore high HA content.  Given that AAE protein, 
as its name suggests, was defined as a collection of proteins, it seems more reasonable to 
determine the C and N contributed solely by protein, or at least proteinaceous material 
(including peptides and bound amino acids), and to assign the remaining C to the HA fraction.  
Although accomplishing this goal is not straightforward, Roberts and Jones (2008) have 
recommended the use of acid hydrolysis and amino acid analysis (AAA) of the extracts to 
provide a more accurate estimate of protein content, which would also provide estimates of C 
and N composition.  Despite this recommendation, I found no published studies that have 
attempted to use this method for whole AAE protein extracts (though Nichols and Wright 
(2004) purport to have done so).  One of the drawbacks of this method, however, is that it is 
time-consuming and expensive.  Routine measurements of hundreds of samples may therefore 
be impractical.  Hence there does not appear to be a satisfactory way to quantify total 
proteinaceous material in soil extracts on a routine basis.  A method suitable for routine 
estimation that at least gives accurate upper and lower bounds is needed. 

Although it has been suggested that published estimates of the contribution of AAE 
protein to organic C and N in soils may be too high (Gillespie et al., 2011; Walley et al., 2014), I 
am aware of no studies that have assessed this potential inaccuracy by employing alternative 
methods of quantification of the total proteinaceous material in AAE protein extracts (i.e., 
without reliance upon a spectrophotometric assay).  Thus, in the present study, and as part of 
an investigation of soil C and N accumulation within two chronosequences of newly established 
coastal wetlands, I sought a relatively inexpensive and quick method of estimating the quantity 
of the proteinaceous component of AAE protein extracts (hereon referred to simply as AAE 
protein) and its contribution to the total organic carbon (TOC) and total nitrogen (TN) in these 
soils based on a combination of elemental analysis and pooled-sample AAA.  My approach gives 
upper and lower bounds to these estimates.  The method exploits previous observations that 
the hydrolysable amino acid contribution to total soil organic N varies relatively little between 
soils and between HA extracts (Schnitzer and Ivarson, 1982; Christensen and Bech-Andersen, 
1989; Schulten and Schnitzer, 1998; Friedel and Scheller, 2002).  I therefore pooled AAE protein 
extracts within each chronosequence site to reduce cost and time requirements.  The total 
amino acid content and its C and N composition yielded by the AAA was then paired with the C 
and N composition of each individual extract determined by carbon-hydrogen-nitrogen (CHN) 
elemental analysis.  Assuming all N in the extracts to be contributed by protein led to a 
maximum estimate of the protein (Max-AAE protein) content, and an upper bound on the 
contribution of AAE protein to soil TOC and TN could then be established.  Similarly, a minimum 
estimate (Min-AAE protein) was established by assuming the fraction of extracted N detected 
as amino acids to be conserved within the upper 0–15 cm or 15–30 cm of soil within a given 
chronosequence site.  For comparison, I also measured the protein concentration in the same 
extracts using the traditional Bradford assay-based approach, which I will refer to as Bradford-
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reactive AAE protein (BR-AAE protein).  Being chronosequences of inundated soils, my study 
sites encompassed an exceptionally broad range of SOM concentration (2–58% loss on ignition) 
within relatively small areas and thus provided an excellent opportunity to test how these 
methods of estimation compared across a range of in situ SOM concentrations and abundances 
of humic matter. 

Specifically, my goals were to 1) determine minimum and maximum estimates of the 
contribution of AAE protein to TOC and TN at my study sites without reliance upon a 
spectrophotometric or fluorometric assay, 2) compare the relationship between AAE protein 
and TOC among the Min-, Max-, and BR-AAE protein methods, and 3) compare my minimum 
and maximum AAE protein estimates to Bradford-based AAE protein estimates to determine 
the extent to which the traditional BR-AAE protein method may be inaccurate.  Additionally, I 
sought to compare these estimates as a function of HA concentration and dilution factor to 
results of previous studies of HA interference in the Bradford assay.  Analyses of overall trends 
in AAE protein with respect to chronosequence age, soil depth, vegetation, AMF, and refractory 
organic matter are beyond the scope of this chapter and will be presented in the subsequent 
chapters. 
 
2.2. Materials and methods 
 

2.2.1 Study sites and initial soil sample processing 
  
The study sites were located in the Sabine National Wildlife Refuge (Sabine) and the 

Wax Lake Delta (WLD).  Information regarding these study sites, the initial soil sampling and 
processing, and the basic soil characteristics were provided in Section 1.3 (Chapter 1).  
 
2.2.2 AAE protein extraction 

 
Total AAE protein was extracted from the soil of each depth section as per Wright et al. 

(2006) with minor modifications.  Approximately 0.5–1.0 g of dry homogenized soil was 
weighed into 50-mL polypropylene tubes and sequentially extracted in 8 mL of 100-mM sodium 
pyrophosphate buffer (pH 9.0) for 60 min at 121°C in an autoclave (liquids setting).  Each 

extraction cycle was followed by centrifugation at 3500g for 20 min, the supernatant extract 
decanted to a separate tube (stored at 4°C), and a fresh 8 mL of buffer added to the soil pellet.  
Pellets were thoroughly resuspended in the fresh buffer by vortex mixing before the next 
autoclave cycle.  This cycle was repeated until supernatants appeared pale yellow to colorless—
typically 6–9 cycles.  The extracts from all cycles of a given sample were pooled, each combined 

extract was centrifuged at 3500g for 20 min to pellet residual fine soil particles, and the 
supernatant was transferred to a clean tube.  To remove most of the extraction buffer, 
carbonates, salts, and oligopeptides, the extracts were precipitated with concentrated HCl at 

4°C to achieve a pH of 2–2.5 and incubated at 4°C for 1 hr before centrifugation at 3500g for 
15 min.  Immediately afterward, supernatants were discarded, and pellets were fully re-
dissolved in an amount of 0.1 M NaOH approximately commensurate with the amount of solid, 
then vigorously swirled to mix and stored at −20°C.  Total extract volumes were calculated 
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based on weight and density on a per sample basis at approximately 4°C—the approximate 
temperature at which samples were aliquoted for downstream analyses. 

 
2.2.3 Quantification by the Bradford assay (BR-AAE protein) 

 
BR-AAE protein was determined using the Coomassie Plus protein assay kit (#23236; 

Pierce Biotechnology) as per the manufacturer’s instructions for the standard microplate 
protocol, except for the inclusion of additional standard curve concentrations within the linear 
region.  This assay reagent is essentially equivalent to that described by Bradford (1976), except 
for minor modifications to increase the linear range of response as stated by the manufacturer.  
Quantification was made on a SpectraMax M2 plate reader (Molecular Devices) based on 
triplicate standard curves of a bovine serum albumin (BSA) standard solution (Fisher), prepared 
with 0.1 M NaOH as the diluent.  Triplicate aliquots of each extract were combined with the 
Coomassie reagent in a reagent:sample ratio of 30 (v/v), followed by shaking on a plate shaker 
for 1 min, and incubation at room temperature for 8 min prior to measurement of absorbance 
at 595 nm.  Samples that were beyond the linear range of the standard curve were diluted 
accordingly and rerun.  Immediately following the readings, the wells were inspected visually to 
confirm that no material precipitated.  To correct for absorbance by the extracts alone (due to 
co-extracted HA), the process was repeated with deionized water (DI H2O) substituted for the 
Coomassie reagent.  The average absorbance of each extract was subtracted from the assay 
absorbance prior to application of the standard curve regression. 
 
2.2.4 Humic acids estimation 

 
The HA concentration in each extract was estimated by absorbance at 465 nm based on 

triplicate standard curves of Sigma HA mixture (#H16752; Sigma-Aldrich) dissolved in 0.1 M 
NaOH.  Measurements were made in triplicate on a NanoDrop 2000c spectrophotometer 
(Thermo Fisher).  Because the Sigma HA contained a small amount of insoluble material, the 
standard stock solution was centrifuged in pre-weighed tubes, and the pellet dried and 
weighed.  The insoluble material was cream-colored and was equivalent to approximately 12% 
of the weight of the initial dry HA.  This weight was used to correct the standard curve 
concentrations accordingly.   
 
2.2.5 Amino acid and elemental analysis of AAE protein extracts (Min-AAE protein and Max-AAE 
protein) 

 
Prior to elemental and amino acid analyses, a measured volume of each AAE protein 

extract (Section 2.2.2) was dialyzed against DI H2O in batches at room temperature with gentle 
stirring for 60 hrs.  The bulk water was changed every 12 hrs.  The dialysis tubing (Spectra/Por 
RC 2; Spectrum Labs) was 16 mm i.d. with a molecular weight cutoff of 12–14 kDa.  After 
dialysis, the contents of each dialysis tube were quantitatively transferred to a clean, pre-
combusted and pre-weighed glass vial by rinsing the tube with DI H2O within the vial.  Vials of 
dialyzed extracts were evaporated to dryness at 60°C and weighed to determine total residue 
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(AAES) per original extract volume.  A subset of each residue was analyzed for %C and %N on an 
Exeter CE440 elemental analyzer (Exeter Analytical). 

The remainder of each residue was suspended in a minimal volume of DI H2O, and 
samples from the same site within the 0–15 cm or 15–30 cm depth range were pooled into one 
vial.  This procedure yielded a total of 20 pooled samples.  A portion of each pooled sample was 
dried and analyzed for %C and %N as above.  Additionally, for AAA, duplicate aliquots of each 
pooled sample were carefully pipetted into cleaned, pre-weighed glass hydrolysis tubes, 
evaporated to dryness at 60°C, and weighed to determine the mass of material for AAA.  Each 
tube contained approximately 7–13 mg of solid.  Liquid-phase hydrolysis and AAA were 
conducted by the Protein Chemistry Lab at Texas A&M University (College Station, TX).  Two 
internal standards (Norvaline and Sarcosine) were combined with each duplicate residue and 
hydrolyzed in 6 M HCl at 100°C for 22 hrs followed by centrifugation, drying of the supernatant 
in a vacuum concentrator, and redissolution in 0.4 M borate buffer.  The liberated amino acids 
were derivatized with o-phthalaldehyde and 9-fluoromethyl-chloroformate and quantified on 
an Agilent 1260 liquid chromatograph (Agilent Technologies) equipped with a reverse-phase 
column and fluorescence detector.  Because of the limitations of the assay, asparagine and 
glutamine were not distinguished from their respective acid forms, whereas cysteine and 
tryptophan were not measured.  The total amount of amino acids detected in each sample 
ranged from approximately 200 to 900 µg.  A representative chromatogram is included in 
Appendix C (Fig. C.1).  Because not all of the solid material dissolved during the hydrolysis step, 
the amount of non-hydrolyzed N was determined for the post-hydrolysis residue of each pool.  
The non-hydrolyzed residue in each pre-weighed tube was rinsed with 6 M HCl at room 
temperature and centrifuged.  After a total of five rinses, each residue was then dried at 60°C.  
The dry residues were weighed and analyzed for %C and %N as described above.  
 
2.2.6 Assessment of interference from humic acids in the Bradford assay 

 
Although the HA interference pattern of the Bradford assay has been shown previously 

(particularly by Roberts and Jones, 2008), the pattern may exhibit small differences depending 
on the reagent:sample ratio, HA concentration, and particular formulation of the Bradford 
reagent.  Thus, I opted to measure this pattern for the specific Coomassie reagent and method 
used in the present study.  The HA standard curve prepared as described above was measured 
with the Bradford assay without added BSA.  The absorbances were translated to protein 
equivalents based on a BSA standard curve with and without adjusting for potential protein 
content of the HA standard based on its N content (measured as described for soil TN).  
Additionally, four BSA standard curve sets differing in HA concentration (0, 220, 440, 880 
µg·mL−1) were prepared in order to determine interactive effects with protein.   
 
2.2.7 Effect of sample dilution on Bradford-based estimates 

 
To test whether the degree of dilution could have affected the relative discrepancy 

between the methods, I conducted a dilution experiment similar to that described by Reyna 
and Wall (2014).  A portion of each dry, pooled extract was reconstituted in an amount of 0.1 M 
NaOH to achieve an AAES concentration of approximately 2 mg·mL−1, and each serially diluted 
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2- and 4-fold.  Each dilution was analyzed by the Bradford assay as above, and the resulting BR-
AAE protein content was normalized to %N of the pools assuming the BR-AAE protein 
component to have the same %N composition as that of the amino acids liberated during the 
AAA.  The HA concentration of each sample was determined as described above. 
 
2.2.8 Estimations of protein concentration in the AAES and its contribution to TOC and TN in soil 

 
Whereas it is clear that the ability to measure total protein in AAE protein extracts 

would allow for straightforward calculations, this ability is presently not realized in a practical 
way.  Simple accounting of the N present in the AAES can be expressed as the sum of the N 
contributed by protein and that contributed by all non-protein within the AAES, as shown by 
Eq. 2.1,  

 

%NAAES(mAAES) = %NP(mp) + %NR(mR)      (2.1) 

 
in which mAAES, mP, and mR represent the mass of AAES, protein, and non-protein, respectively.  
The %N composition of each of these entities is represented by %N.   It is clear that by 
assuming %NR to be zero (i.e., assuming that R contains no N), Eq. 2.1 reduces to Eq. 2.2, 
 

mP = (
%NAAES

%NP
) × mAAES        (2.2) 

 
and hence Eq. 2.2 yields an upper bound to the mass of protein in the AAES.  By measuring the 
%N and total weight of the AAES, and by assuming the %N of the protein (%NP) to equal that of 
the amino acids detected by AAA in a corresponding pooled sample (%N'AA), a maximum 
estimate of the protein in the AAES (Max-AAE protein) can be established.  From this point, a 
maximum contribution of AAE protein to TOC and TN can be calculated per Eq. 2.3, 
 

% Max-AAE protein-X of total soil X  = (
mP

msoil
) × (

%XAA

%Xsoil
) ×

100 %

1000 mg/g
 

   = (
%NAAES

%NAA
′ ) × (

mAAES

msoil
) × (

%XAA

%Xsoil
) ×

100 %

1000 mg/g
  (2.3) 

 
in which %X represents the elemental composition (%OC or %N), depending on which 
elemental contribution is being estimated, and m represents the dry mass in mg of AAES or g of 
soil.  The subscripts denote the material being measured—AAES, total autoclaved alkaline-
extractable solids; AA, amino acids (in pooled sample); soil, total dry soil.   

To establish a lower bound to the mass of the proteinaceous component in the AAES, a 
different approach was needed.  Previous observations that the fraction of total soil organic N 
(SON) that is accounted for by hydrolysable amino acids varies little between soils of differing 
amounts of TN (Schnitzer and Ivarson, 1982; Christensen and Bech-Andersen, 1989; Schulten 
and Schnitzer, 1998; Friedel and Scheller, 2002) led me to pool samples for AAA in order to 
reduce time and cost requirements.  Samples within soil depth intervals of 0–15 cm or 15–30 
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cm and within a given chronosequence site were pooled together prior to AAA.  Specifically, the 
assumption that allows this pooling is represented by Eq. 2.4, 

 
%N′

AA(mAA
′ )

%N′
AAES(mAAES

′ )
=

%NAA(mAA)

%NAAES(mAAES)
      (2.4) 

 
in which the primes represent the values for a given pooled sample, and mAA and %NAA 
represent the overall mass and N composition of the detected amino acids, respectively.  
Assuming that the N composition of the hydrolyzed amino acids is equal to that of the total 
amino acids (Eq. 2.5), and that all amino acids detected are from protein, Eq. 2.4 can then be 
reduced to Eq. 2.6. 
 

%NAA
′ = %NAA = %NP        (2.5) 

 

mP = mAA = (mAAES) × (
%NAAES×mAA

′

%NAAES
′ ×mAAES

′ )       (2.6) 

 
A minimum AAE protein-C and -N contribution estimate was obtained in a similar 

manner to that presented in Eq. 2.3, except that the mP of Eq. 2.6 was used in place of the mP 
from Eq. 2.2.  Thus, a minimum estimate of the contribution of AAE protein to TOC and TN 
could be calculated using Eq. 2.7,  

 
 % Min-AAE protein-X of total soil X  

= (
%NAAES×mAA

′

%NAAES
′ ×mAAES

′ ) × (
mAAES

msoil
) × (

%XAA

%Xsoil
) ×

100 %

1000 mg/g
  (2.7) 

 
which is equivalent to scaling Eq. 2.3 by the ratio of amino acid N to total N in the pooled 
samples.  Because samples for AAA were pooled by site and depth, this estimate assumes that 
the protein-N contribution to AAES-N is conserved between replicate cores within depths of 0–
15 cm and 15–30 cm.  Additionally, this estimate relies on the assumption that all protein 
amino acids were liberated during hydrolysis and that cysteine and tryptophan constitute a 
negligible proportion of the protein.  Thus, I take this as a minimum estimate of proteinaceous 
content of the extracts. 

For comparison, I also estimated the AAE protein-C and -N contribution based on 
protein concentrations measured using the Bradford assay and the elemental composition of 
the total extracted solids (AAES), as is often done in studies that include contribution estimates.  
This estimate is simply calculated using Eq. 2.8, 

 

% BR-AAE protein-X of total soil X = (
CBR×Vextract

msoil
) × (

%XAAES

%Xsoil
) ×

100 %

1000 mg/g
    (2.8) 

 
in which CBR and Vextract represent the Bradford assay-based protein concentration (mg·mL−1) 
and the total volume (mL), respectively, of the extracts.  A critical assumption in this method of 
estimation, besides reliance upon the Bradford-based protein concentrations, is that the 
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elemental composition of the proteinaceous component is equivalent to that of the total AAES 
after precipitation and dialysis.  The elemental composition of the AAES, however, could vary 
substantially depending on the concentration of co-extracted compounds.  This assumption was 
made here to facilitate comparison with published estimates of AAE protein-C and -N 
contributions to soil.  For comparison of the three estimates in terms of protein concentration 
in the extracts, these equations can easily be converted by omitting the mass of soil and %X 
before normalizing to total extract volume. 
 
2.2.9 Data analysis 

 
All statistical analyses were made using MATLAB version R2016b (Mathworks).  All 

chronosequence data included the values from the reference sites.  For comparison of extract 
concentration estimates, uncertainty in the Max-AAE protein concentrations was estimated by 
propagation of the uncertainty estimates of each measurement on which the Max-AAE protein 
calculation relied, using a Monte Carlo technique to generate 95% confidence intervals for each 
calculation based on 1000 sets of normally distributed pseudorandom numbers (n = 175) per 
calculation (Appendix B, Script 1).  The average proportion of AAES-N that was detected as 
amino acid N was compared between Sabine and WLD, and between the 0–15 cm and 15–30 
cm depth increments by one-way analyses of variance (ANOVA).  Comparisons of the 
correlations between the three sets of AAE protein estimates (as based on the three methods 
described in Section 2.2.8) with TOC were made by one-way analyses of covariance (ANCOVA).  
The corresponding p-values were based on Tukey-Kramer honestly significant differences post 
hoc tests yielded by the multcompare() function of MATLAB.  The contribution of AAE protein 
to TOC and TN, as estimated by the three methods described above, were plotted against the 
loss on ignition of the soil.  These plots were fit by piecewise linear regressions using a custom 
MATLAB function (Appendix B, Script 2).  The breakpoints of these fits were automatically 
selected by the function such that the sum of squares of the errors in the dependent variable 
were minimized.  The initial slopes and plateaus of these fits were compared by ANCOVA and 
ANOVA, respectively.  To compare Bradford-based concentration estimates with those of the 
interference trends in solutions of HA and BSA, a surface was fit to the concentrations of the 
HA+BSA solution series using the curve fitting toolbox of MATLAB, adding and removing terms 
to maximize the goodness of fit while omitting non-significant (p > 0.05) terms.  The 
discrepancy between BR-AAE and Max-AAE protein estimates of the pooled samples were 
compared at multiple sample dilution factors using ANOVA. 
 
2.3. Results 
 

2.3.1 BR-AAE protein, Max-AAE protein, and Min-AAE protein concentration estimates in the 
extracts 

 
The Bradford assay yielded AAE protein concentrations in the extracts (Fig. 2.1) that 

were in almost all cases greater than the maximum protein estimates and 2–12 times the 
minimum estimates.  The WLD samples exhibited a relatively clear trend of overestimation 
compared to the Sabine samples, which were more scattered at concentrations above 100 
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µg·mL−1.  Despite being overestimates of total protein concentration, the BR-AAE protein 
concentrations were generally correlated with the Min- and Max-AAE protein estimates.  The 
Max-AAE protein concentration estimates suggest that protein never comprised more than 
approximately 20% of the extracted solids by weight (data not shown), which is about two-
thirds that suggested by Nichols and Wright (2004).  Because of the way the Min-AAE protein 
concentrations were estimated, they were directly related to the Max-AAE protein estimates 
through the proportion of AAES-N accounted for by amino-acid N in the pooled extracts.  Thus, 
the strong correlations among these Min-AAE protein relationships illustrate the consistency of 
the amino acid yield between the pooled extracts. 
 
 
 
 
 
 

 

Figure 2.1. Correlation plot of measured BR-AAE protein 
concentration in the extracts (solid markers) and Min-AAE protein 
concentration estimates (open markers) versus calculated Max-AAE 
protein concentration in the same extracts.  Dashed line marks the 
theoretical 1:1 correlation, and the shaded region represents the 
95% confidence estimate of the Max-AAE protein concentration 
estimates based on a Monte Carlo simulated propagation of the 
error in each measurement that contributed to the estimate. 
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Table 2.1. Allocation of total N in AAES based on hydrolysis and amino acid analysis.   

Chrono- 
sequence 

Age 
(years) 

Depth 
range 

Mean AAES-N 
of total soil N % of total extracted N (AAES-N) 

    
Hydrolysable 
amino acid N 

Non-hydrolysable 
N 

Balance† 
(hydrolysable 
unknown N) 

Sabine     

 
1 

0–15 cm 21% 39% 45% 16% 
 15–30 cm 17% 45% 59% (−4%) 

 
6 

0–15 cm 19% 52% 53% (−5%) 
 15–30 cm 17% 39% 61% 0% 

 
14 

0–15 cm 29% 40% 47% 13% 
 15–30 cm 18% 34% 52% 14% 

 
33 

0–15 cm 33% 46% 53% 1% 
 15–30 cm 29% 44% 53% 4% 

 
(Ref. A) 

0–15 cm 42% 37% 44% 18% 
 15–30 cm 26% 33% 54% 13% 

 
(Ref. B) 

0–15 cm 41% 41% 39% 19% 
 15–30 cm 42% 39% 43% 19% 

   Average ± SD 41 ± 5% 50 ± 7% 12 ± 7% 
WLD     

 
16 

0–15 cm 16% 47% 57% (−4%) 
 15–30 cm 13% 61% 71% (−31%) 

 
29 

0–15 cm 38% 50% 36% 14% 
 15–30 cm 34% 51% 37% 11% 

 
41 

0–15 cm 35% 50% 32% 18% 
 15–30 cm 28% 48% 43% 8% 

 
(Ref.) 

0–15 cm 44% 48% 33% 20% 
 15–30 cm 38% 50% 35% 15% 

   Average ± SD 51 ± 4% 43 ± 14% 14 ± 4% 
† Based on the difference between the initial N and the N detected as amino acids and in the post-
hydrolysis residue; averages exclude negative values. 

 
 
The Min-AAE protein estimates of protein concentrations in the extracts were 

substantially less than the estimated maximum.  The proportion of the extracted N associated 
with amino acids was relatively consistent across sites within each chronosequence (Table 2.1), 
despite the tendency of the proportion of total soil N extracted in the AAE protein fraction to 
increase with chronosequence age by approximately two-fold or greater.  Significant 
differences were not observed between the two pooled depth increments in the percentage of 
AAES-N detected as amino acids in either chronosequence (ANOVA, p = 0.2).  However, a 
significant difference was observed in this percentage between the two chronosequences (p < 
0.05).  The percentages averaged 41 ± 5% and 51 ± 4% of the extracted N for Sabine and WLD, 
respectively.  I observed that much of the N not detected as amino acids remained in solid form 
after hydrolysis as opposed to being liberated during hydrolysis.  This observation is consistent 
with hydrolysis-based studies of SON, in which the non-hydrolysable N constitutes a sizable 
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proportion of the total N (Schulten and Schnitzer, 1998; Stevenson and Cole, 1999).  The 
fraction of N hydrolyzed but not accounted for by the amino acids assayed (the hydrolysable 
unknown fraction; HUN) was estimated by difference and subject to considerable uncertainty.  
The uncertainty arose principally from the estimation of post-hydrolysis residue N, which would 
be artifactually high if the post-hydrolysis residues were not sufficiently rinsed prior to 
elemental analysis.  This source of error likely contributed to some of the HUN values being 
negative.  However, if the negative values were excluded, the estimated HUN fractions 
suggested that the majority (∼78%) of the N liberated during hydrolysis was accounted for by 
the amino acids assayed.   
 
2.3.2 Trends of estimated protein concentrations in the soil versus soil TOC 

 
Across all three methods and both chronosequences, I observed a remarkably linear 

relationship and positive correlation between TOC and soil concentrations of AAE protein (Fig. 
2.2).  The squares of the Pearson correlation coefficients were 0.96–0.98 (p < 0.001).  Both the 
Max-AAE protein and BR-AAE protein estimates yielded correlations that were no different 
between sites (ANCOVA, p = 0.73 and p = 0.052, respectively)—however, the slopes of the two 
methods differed (p < 0.001) based on an ANCOVA.  The slope of the BR-AAE protein regression 
(0.196 mg·mgC−1) was more positive than the slope of the Max-AAE protein regression (0.173 
mg·mgC−1; Fig. 2.2a).  In contrast, the Min-AAE protein regression lines did differ significantly (p 
< 0.05) between sites (Fig. 2.2b), with slopes of 0.086 and 0.066 mg·mgC−1 for WLD and Sabine, 
respectively.  As noted for the concentration estimates in Fig. 2.1, the slopes of the Min-AAE 
protein estimates reflected the proportion of total AAES-N that was attributable to 
hydrolysable amino acids and hence were necessarily less than 100% of the Max-AAE protein 
slope.   
 
 

 
Figure 2.2. Correlation between estimated AAE protein and TOC concentrations in the soil among the 
different AAE protein estimation methods and ANCOVA results based on Tukey-Kramer HSD pairwise 
comparison of Model 1 linear regressions; (a) comparison of BR-AAE protein and Max-AAE protein 
correlations; (b) comparison of Min-AAE protein and Max-AAE protein correlations. 
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2.3.3 Estimated contribution of AAE protein to soil TOC and TN among the three estimates 
 
Across both chronosequences and all depths, the AAE protein-C contribution to soil TOC 

as a function of SOM concentration appeared to increase with increasing percentage of SOM up 
to roughly 15% SOM (Figs. 2.3a and 2.3b).  At higher percentages of SOM, the AAE protein-C 
contribution remained relatively constant.  Based on these fits, the range of the estimated 
minimum to maximum AAE protein-C was 1.6–8.6% of TOC for Sabine and 1.2–9.7% of TOC for 
WLD.  The Max-AAE protein-C estimates between the two chronosequences differed in terms 
of both initial slope (p < 0.001) and plateau (p = 0.014), with WLD exhibiting a steeper initial 
slope and greater plateau.  Similarly, the initial slope and plateau of the Min-AAE protein-C 
estimate in WLD were also steeper (p < 0.01) and greater (p < 0.001), respectively, compared to 
Sabine.  Overall, AAE protein-C ranged from 1.2–4% of TOC at the lowest percentages of SOM, 
and to 3.4–9.7% of TOC at SOM percentages above approximately 15%.   
 
 

 
Figure 2.3. Comparison of AAE protein estimates with respect to C and N contribution to total SOM; AAE 
protein-C in Sabine (a) and WLD (b); AAE protein-N in Sabine (c) and WLD (d).  Data were fit piecewise to 
three linear functions by least-squares regression. 
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 Whereas estimation of Min-AAE protein and Max-AAE protein contributions to TN and 
TOC were made by assuming the average composition of the total protein to be equal to that of 
the amino acids liberated during hydrolysis, a different approach was adopted for the BR-AAE 
protein approach.  Because the BR-AAE protein estimates nearly always exceeded the Max-AAE 
protein concentrations, it is clear that the Bradford method would also tend to overestimate 
the AAE protein contribution to TOC and TN.  However, it has been a common practice to 
assume that the C and N composition of the protein matches that of the AAES when making BR-
AAE protein-C and -N contribution estimates.  I therefore took this same approach for the 
Bradford-based estimates when comparing the methods in terms of AAE protein-C and -N 
contributions.  BR-AAE protein-C estimates were generally more scattered than those of the 
minimum and maximum estimates.  Surprisingly, however, the error associated with protein 
overestimation in the Bradford assay was roughly balanced by the error associated with the 
assumption that the percent carbon in the Bradford-reactive protein equaled the percent 
carbon of the AAES.  In other words, the percent carbon of the protein was apparently greater 
than the percent carbon of the AAES (averaging 52.6% and 25.4%, respectively; Fig. 2.4a).  The 
result was BR-AAE protein-C contribution estimates that frequently fell between the Min-AAE 
protein-C and Max-AAE protein-C estimates.  In all three cases (BR-AAE protein-C, Min-AAE 
protein-C, and Max-AAE protein-C), the contribution appeared to reach a plateau at high 
percentages of SOM.  This plateau was reached at similar SOM percentages (27–34%) for all 
three estimates in both chronosequences, but the plateau itself differed between estimation 
methods in both chronosequences (p < 0.01).  The estimated range of this plateau contribution 
was 3.4–8.6% of TOC in Sabine and 4.7–9.7% in WLD, based on the minimum and maximum 
estimates.  Initial slopes of the three estimates did not differ in Sabine (p = 0.15) but did differ 
in WLD (p < 0.001) based on ANCOVA. 

In contrast to BR-AAE protein-C, the BR-AAE protein-N estimates tended to be well 
below the Min-AAE protein-N estimates.  It seems that, in the case of N, the error of the 
assumed N composition outweighed the overestimation from the Bradford assay.  In other 
words, the percent nitrogen of the protein was apparently much greater than the percent 
nitrogen of the AAES (averages were 16.8% and 1.8%, respectively; Fig. 2.4b).  The trends for 
AAE protein-N were similar to those of AAE protein-C.  Overall, however, the magnitude of the 
AAE protein-N contribution to soil TN suggested by the minimum and maximum estimates was 
substantial—at SOM concentrations exceeding roughly 15%, these estimates suggested that 
AAE protein-N contributed 17–43% of TN in Sabine and 22–43% of TN in WLD (Figs. 2.3c and 
2.3d).  Initial slopes of the AAE protein-N contribution estimates all differed within WLD (p < 
0.05), whereas in Sabine, the Max-AAE protein-N and Min-AAE protein-N slopes differed (p < 
0.001), yet neither differed from the BR-AAE protein-N slope (p = 0.36).  As with AAE protein-C, 
the plateau AAE protein-N contribution differed significantly between the three methods for 
both chronosequences (p < 0.001). 
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Figure 2.4. Histograms showing the distribution of %C (a) and %N (b) of the individual 
AAES samples (gray bars), along with those of the total hydrolysable amino acids (open 
bars) of the pooled AAES samples. 

 
 
2.3.4 Interference in the Bradford assay 

 
To determine whether a trend between HA concentration and BR-AAE protein 

overestimation existed in my samples, the relative discrepancy between the maximum protein 
and BR-AAE protein estimates was plotted against the HA concentration of each extract (Fig. 
2.5a).  I observed that relative discrepancies tended to be small when HA concentrations were 
high, whereas they were high and much more variable when HA concentrations were low, and 
a difference was apparent between the two chronosequences.  Redmile-Gordon et al. (2013) 
have suggested that, in addition to HA concentration, the HA:protein ratio may also affect the 
extent of observed interference.  I used the C:N ratio of the whole extracts as a proxy of 
HA:protein ratio (Fig. 2.5b).  In this case, it appeared that the ratio explained much of the trend 
of overestimation in the WLD samples, though not in the Sabine samples.  The trend differed 
significantly (ANCOVA p < 0.001) between the two chronosequences.   
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Figure 2.5. BR-AAE protein concentrations normalized to the Max-AAE protein concentrations as a 
function of HA concentration (a) and AAES C:N mass ratio (b) in each extract.  The vertical axis is 
expressed as the contribution of protein to total N in the extract assuming the N composition of the 
protein to be equal to that of the amino acids detected after hydrolysis (16.8% N).  Dashed line 
represents equivalence between the BR-AAE protein and Max-AAE protein concentration estimates, i.e., 
100% of the N detected as BR-AAE protein.  

 
 

To determine whether this trend could be explained by the HA addition interferences in 
the Bradford assay as observed previously (Whiffen et al., 2007; Roberts and Jones, 2008; 
Redmile-Gordon et al., 2013), I applied the same approach but with the supplies, reagents, and 
sample:reagent ratio used in the present study.  Fig. 2.6a shows the effect of increasing HA 
concentration on the Bradford signal over a range of BSA standard concentrations, whereas Fig. 
2.6b shows the effect of various concentrations of HA alone, in the absence of added protein.  
The general trends are highly consistent with those observed by Roberts and Jones (2008), in 
which the overestimation at low protein concentrations progressively diminishes with 
increasing protein concentration, ultimately yielding underestimates at even greater protein 
concentrations, though the concentration range of my observations did not extend to the point 
at which this would be expected.  The degree of discrepancy increased with increasing HA 
concentration.  Because a small but non-trivial amount of N (0.80%) was found in the Sigma HA 
mixture, I checked the extent to which this could explain the signal observed for the HA 
standard solutions.  For this check, I made an adjustment of the observed signal (“total signal”) 
based on the assumption that this N was present as protein with a N composition of 16.8%.  
This adjustment is demonstrated in Fig. 2.6b, where the adjusted values are termed the 
“unsupported signal” to denote that this strict interference signal cannot be accounted for by 
the possibility of protein in the Sigma HA mixture.  
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Figure 2.6. (a) Bradford response to the addition of three 
concentrations of Sigma HA to the BSA standards (solid 
lines) and the BSA standards with no HA addition (dashed 
line). (b) Bradford response to a range of HA concentrations 
without added protein. Dashed line shows the unsupported 
signal—the proportion of total that cannot be accounted for 
by the possibility of protein in the HA. 

 
 

The interference trend observed in the standard addition experiment (Fig. 2.6a) 
qualitatively resembles the trend of overestimation in the WLD samples (Fig. 2.1) but not that 
in the Sabine samples.  To determine, in a more quantitative manner, whether the standard 
addition interference trend could account for this overestimation observed in the soil extracts, 
the data of the standard addition experiment were regressed as a surface with the form of Eq. 
2.9, in which the actual protein concentration (Ccorr) in µg·mL−1 is expressed as a function of the 
apparent Bradford-reactive concentration (CBR) in µg·mL−1 and the HA concentration (CHA) in 
mg·mL−1: 
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Ccorr = α(𝐶𝐻𝐴) + β(𝐶𝐵𝑅) + γ(𝐶𝐻𝐴)(𝐶𝐵𝑅) + ε(𝐶𝐵𝑅)2   (2.9) 
 α = −0.1464 µg·mg−1    

        β = 0.6718         
 γ = 1.452 × 10−4 mL·mg−1    
 ε = 4.274 × 10−4 mL·µg−1    

 
Greek letters represent the empirically derived regression coefficients of the surface.  This 
equation was then used to “correct” the BR-AAE protein concentrations of the soil extracts 
based on the original BR-AAE protein concentration and the measured HA concentration of 
each extract.  The “model-corrected” concentrations for the WLD samples were a substantial 
improvement with respect to the maximum protein estimates (Fig. 2.7a), whereas those of the 
Sabine samples were much more scattered and included concentrations that were well below 
the minimum estimates, including some negative values (Fig. 2.7b). 
 
 

 
Figure 2.7. Plot of Fig. 2.1 augmented to include the model-corrected BR-AAE protein concentrations 
(red pentagrams) of (a) WLD soil extracts and (b) Sabine soil extracts. 

 
 

Reyna and Wall (2014) have observed that apparent BR-AAE protein concentrations are 
not inversely proportional to volume—diluting the extracts increases the apparent total protein 
in the extracts—and I observed that the most severe overestimation by the Bradford assay 
tended to occur when HA concentrations were low (Fig. 2.5a).  Thus, I tested the effect of 
dilution alone on the relative and absolute discrepancies between the Bradford and Max-AAE 
protein concentration estimates.  I asked whether the discrepancies become greater and more 
variable when the samples are diluted.  This assay was conducted on a portion of the pooled 
extract residues that were initially re-dissolved in a volume such that each solution was of 
similar AAES concentration (“undiluted” group), and a portion of each was diluted 2-fold and 4-
fold.  The measured BR-AAE protein concentrations of each dilution were multiplied by the 
dilution factor and normalized to the corresponding Max-AAE protein concentration estimates 
(relative discrepancy; Fig. 2.8a).  In terms of this relative discrepancy, there was a significant 
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effect of dilution (p < 0.05).  The discrepancy increased by a similar proportion with each 
dilution and was consistent with the general trend that has been observed by Reyna and Wall 
(2014).  In terms of absolute discrepancy, however, it became clear that the proportional 
increase in relative discrepancy with dilution was primarily due to the normalization, given that 
the absolute discrepancy increased only subtly with dilution (p < 0.05) and ultimately reached a 
steady value at AAES concentrations of less than 1.1 mg·mL−1 (p = 0.9), as shown in Fig. 2.8b.  
Thus, as the extracts were diluted, the relative proportion of the discrepancy, and therefore 
variability, became increasingly dominant.   

 
 

        

    
Figure 2.8. Effect of extract dilution on Bradford discrepancy.  The 
relative discrepancy (a) was calculated by normalizing the Bradford 
concentration to the corresponding Max-AAE protein concentration 
estimate, whereas the absolute discrepancy (b) is the difference of 
the Bradford concentration and the Max-AAE protein concentration 
estimate (accounted for dilution).  Error bars are ± SD (n = 20 
extracts).  Note the reversed abscissa axis in (b). 
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2.4. Discussion 
 

2.4.1 Correlation with TOC 
 
The strong positive correlation that I observed between TOC and all AAE protein 

estimates is consistent with numerous previous studies showing similar correlations (Table 2.2).  
Comparison of the BR-AAE protein slope (0.196 mg·mgC−1) with that of Max-AAE protein (0.173 
mg·mgC−1) suggests that previous Bradford-based correlations may overestimate the slope of 
the relation.  A comparison of my slope estimates with those reported in the literature (Table 
2.2), however, suggests that these estimates can be quite variable, and the extent to which 
interference in the Bradford assay may contribute to this variation is unclear. 

 
 

Table 2.2. Comparison of AAE protein-TOC correlations and AAES compositions among a selection of 
published studies and the present study 

  Total-AAE protein vs TOC   

Reference System 
Slope 

(mg·mgC−1) 
Pearson 

correlation AAES-C (%) AAES-N (%) 

This study 
W(fw), 
W(s) 

0.066–0.173 0.98–0.99 8.3–39.9 0.4–3.2 

Rillig et al. (2001a) Tf [0.28] 0.78–0.89 9.9–22.0 0.8–1.5 
Wang et al. (2018a) W(ds) [0.29] 0.87 10.8–24.3 0.4–1.6 
Lovelock et al. (2004) Tf N/R 0.60 29–42 3–5 
Halvorson and Gonzalez 

(2006) 
Ag, G, Nf [0.12] 0.94 13–34 2.2–8.4 

Rillig et al. (2003) Ag, Nf, Af N/R 0.87–0.93 27.9–43.1a N/R 
Bird et al. (2002) Sa [0.08] 0.86 30a  N/R 
Halvorson et al. (2018) Py [0.16] [0.98] 35a  4a  
Xiao et al. (2019) Af, G 0.28–1.00 0.60–0.85 N/R N/R 
Kumar et al. (2018) Rm, Nf [0.49] [0.97] [33–36] N/R 
Xie et al. (2015) Ag [0.10] 0.66 N/R N/R 

Wang et al. (2018b) 
W(mg), 
W(mf) 

[0.12] 0.87 19.3 N/R 

Wang et al. (2015b) Ag, Af, Nf 0.30 0.91 N/R N/R 

Square brackets indicate values that were not explicitly stated in the study but were estimated here 
based on the available published data (including supplementary material).  Ag, agricultural; Nf, native 
forest; Af, afforested; Py, pyroclastic (upland and riparian); G, grassland; Rm, reclaimed mine spoil; Sa, 
semiarid rangeland; Tf, tropical forest; W, wetland (ds, deltaic shelf; fw, fresh marsh; mf, mudflat; mg, 
mangrove; s, salt marsh).   
N/R = not reported.  a Value was assumed, not measured, by the referenced authors. 

 
 

2.4.2 Comparison of AAE protein-C and -N contribution estimates 
 
Calculation of the AAE protein-C contribution to TOC among the three AAE protein 

estimates revealed that the BR-AAE protein method yielded values between my minimum and 
maximum estimates.  However, this apparent agreement relied on a balance between the 
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overestimation of protein in the Bradford assay and the underestimation of the %C of the 
protein.  Thus, the agreement I observed may not necessarily be the case in other instances 
given the variability in both the Bradford assay and the %C of AAES.  Moreover, the soils I 
studied are characteristic of wetland systems and would be expected to differ from those of 
upland systems, in terms of both AAES-C composition and abundance of co-extracted HA.  
Nonetheless, the range in AAES-C composition that I observed here (8.3–39.9%) appears to 
encompass several of the ranges reported elsewhere in both upland and wetland systems 
(Table 2.2). 

In the case of the AAE protein-N contribution to TN, however, the fact that the BR-AAE 
protein method always yielded an underestimate was directly due to a substantial 
underestimation of the %N of the proteinaceous component.  Given the magnitude of this 
underestimation, it seems likely that most, if not all, previously reported AAE protein-N 
contribution estimates (in the few cases that they have been made) are erroneously low.  This 
speculation is supported by the fact that the range of %N of the AAES that I observed here is in 
line with most previously reported values (Table 2.2).  Indeed, the low AAE protein-N 
contribution estimates of previous studies may be why this contribution is not often reported.  
Here, I observed that AAE protein-N could account for up to 43% of total soil N in my oldest 
sites.   

I observed trends of AAE protein-C and -N contribution to TOC and TN that were 
surprisingly similar between the two chronosequences; the main differences were the initial 
slopes.  Furthermore, my data suggest that for a given system, there appears to be a limit on 
accumulation of AAE protein with respect to TOC, that is, there is some maximum proportion of 
protein that can constitute the total SOM.  This upper bound suggests that the rate of 
accumulation of AAE protein is strongly linked to the rate of accumulation of the bulk organic 
matter, which is expected to be primarily of plant origin in my study sites.  However, at 
relatively low SOM concentrations, the fact that AAE protein tends to be disproportionately 
lower may suggest that there is some priming effect, whereby, perhaps, AAE protein 
production increases as a response to enhanced primary production, accumulation of total 
SOM, or refractory forms of SOM.  Given that the input of organic matter generally stimulates 
microbial activity and growth in soils, this pattern may indicate that the AAE protein is 
principally microbial in origin—not inconsistent with the AMF-source hypothesis.  Alternatively, 
such a disproportionate trend in the younger sites may suggest that the AAE protein represents 
proteinaceous material that happens to undergo some binding/occlusion mechanism—similar 
to that proposed by Knicker and Hatcher (1997) or Schulten and Schnitzer (1997)—that may 
require time to reach a steady state. 
 
2.4.3 Justification and limitations of the Min-AAE protein and Max-AAE protein estimates 

 
Although I identified a reasonable range of protein content within the extracts, there 

was a substantial divergence between the maximum and minimum estimates.  In interpreting 
this divergence, it is important to acknowledge the fact that both of these sets of estimates 
relied on certain assumptions.  I estimated the maximum possible protein content of each 
extract based on the N composition of each extract and the amino acids liberated during 
hydrolysis.  The major assumption inherent in this estimate is that all N in the dialyzed extracts 



 

32 
 

is present as protein; thus, I took it as an upper bound of protein content.  It is likely that at 
least a small proportion of the total N is present as non-protein compounds such as 
oligopeptides, amino sugars, and N-heterocycles (e.g., plant metabolites, nucleic bases, 
microbial metabolites), as has been observed for humic substances (Schulten and Schnitzer, 
1998); however, given that these extracts were purified by acid precipitation and extensive 
dialysis, I would expect any such compounds to be either covalently bound to, or tightly 
coordinated with, large (>12 kDa) molecules or molecular aggregates—in line with 
contemporary views of HA structures (Sutton and Sposito, 2005).  Additionally, it should be 
noted that this maximum estimate also assumes that the N composition of the amino acids 
detected in the AAA is representative of all amino acids in the sample.  Whereas it would clearly 
be expected that other, non-assayed amino acids (e.g., cysteine and tryptophan) would 
contribute, the N composition of proteinogenic amino acids in general does not vary by a 
substantial amount (17 ± 7%), and therefore I would not expect the inclusion of relatively small 
quantities of non-assayed amino acids to substantially affect my upper estimate.  

My method of estimating the minimum protein in extracts was based on the assumption 
that, within a 15-cm soil depth range of a given chronosequence site, the proportion of 
extracted N that is present as hydrolysable amino acids is constant.  This assumption is key for 
allowing individual extracts to be pooled in order to reduce the time and cost associated with 
the AAA.  The small variation in amino acid N contribution that I observed between pools of 
different sites and depths, even as TN and SOM varied, suggests that this is a reasonable 
assumption.  Furthermore, this assumption is supported by studies of N in soils and HA, in 
which the hydrolysable amino acids tended to account for a similar proportion of the TN across 
soils of varying TN concentrations (Schnitzer and Ivarson, 1982; Christensen and Bech-
Andersen, 1989; Schulten and Schnitzer, 1998; Friedel and Scheller, 2002).  Whereas most of 
the N liberated during hydrolysis was accounted for by the amino acids assayed, I observed that 
a minority (approximately 22%) was not.  This could have been all or partially comprised by 
amino sugars and by non-assayed amino acids such as cysteine and tryptophan, as well as some 
non-protein amino acids such as those that often occur in plants (Seigler, 2012).  Cysteine and 
tryptophan generally exhibit low recoveries under the conditions used for hydrolysis, with 
tryptophan typically being completely destroyed, and so are typically assayed separately on an 
additional sample.  This was not pursued here because it would have substantially increased 
the time and cost of the analysis.  Looking at studies that include AAA of soils in which these 
amino acids were assayed, the contributions of these amino acids are relatively small compared 
to the other amino acids combined (e.g., Martens and Loeffelmann, 2003). 

Perhaps the one assumption that most impacted my minimum estimates is the 
assumption that all amino acids in the extracts were liberated during hydrolysis.   Whereas an 
apparently small proportion of the N liberated during hydrolysis was not detected in the form 
of the amino acids assayed, I observed that on average around half of the solid material that 
underwent acid treatment remained in solid form afterwards and that the N composition of the 
remaining solid did not differ significantly from that of the original pre-hydrolysis material.  This 
led to protein estimates that were much less than expected, prompting the question: do amino 
acids comprise a larger proportion of the AAES-N than what is suggested by the amino acid 
analysis?  In fact, the question of the extent to which protein contributes to the total organic N 
in soils and alkaline extracts is long-standing.  Early studies of soil organic N often attributed 
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around 30–45% to amino acids/protein based on acid hydrolysis—leaving around 20–30% of 
the N in unknown forms (Stevenson, 1994; Stevenson and Cole, 1999).  With the advancement 
of 15N-NMR and other spectroscopic technologies, in concert with improved fractionation 
methods, more sophisticated analyses of soils and HA have been possible, and estimates based 
on these refined methods have attributed 70-90% of soil organic N to proteinaceous 
compounds (Preston, 1996; Martens and Loeffelmann, 2003).  Indeed, the idea that HA 
mixtures are a chemically distinct product of a humification process has fallen out of favor in 
recent years in light of such studies, including Kelleher and Simpson (2006), whose observations 
have suggested that the majority of the organic compounds in HA mixtures are consistent with 
the common biopolymers of cells, including protein.  As Burdon (2001) and Lehmann and 
Kleber (2015) have contended, there is appreciable evidence supporting the hypothesis that HA 
and other alkaline extracts of soil are principally mixtures of biomolecules in various stages of 
decomposition.  In the present study, the empirical model of humic acids-related interference 
in the Bradford assay that I derived and applied to the BR-AAE protein concentrations may 
suggest, at least for the WLD sites, that the majority (roughly 75%) of AAES-N may be present as 
protein.  However, as evident from the application of this model to the Sabine samples, this 
model was not robust—thus, these model-corrected estimates are far from conclusive and only 
serve as suggestive evidence for the existence of amino acids in a non-hydrolysable form within 
my samples.  Differences in characteristics between the Sigma HA mixture and the humic 
materials in the samples may have contributed to the lack of robustness of the model. 

If, however, proteinaceous material does comprise a greater proportion of N than is 
suggested by amino acid analysis, why then would a substantial proportion not be dissolved in 
the acid during hydrolysis?  Preston (1996) has suggested that some of this protein may resist 
hydrolysis through steric hindrance from other non-hydrolysable compounds, as evidenced by 
the work of Derenne et al. (1993) and further supported by the observations of Knicker and 
Hatcher (1997).  There is also evidence that the formation of lignin-protein complexes in soils 
promotes the resistance of protein towards degradation (Lynch and Lynch, 1958).  Additionally, 
it is well established that iron tends to be bound within AAE protein extracts (Wright and 
Upadhyaya, 1998; Rillig et al., 2001a), and there is growing evidence to suggest that oxides of 
iron and aluminum may contribute to the apparent partial resistance of soil organic N to acid 
hydrolysis (Leinweber and Schulten, 2000) and to the preservation of SOM in general (Kaiser 
and Guggenberger, 2000; Kleber et al., 2015).  Indeed, such resistance to hydrolysis may relate 
to the apparent refractory nature of AAE protein.  The work of Lalonde et al. (2012) has 
suggested that nanoparticulate forms of ferric iron may protect organic matter in marine 
sediments through both adsorption and co-precipitation mechanisms, a finding that has been 
supported by observations in WLD soils (Shields et al., 2016).   

In my AAA, I opted for HCl hydrolysis on the basis that it is the most commonly used 
method of hydrolysis, and because I was working with dialyzed soil extracts rather than whole 
soil.  In hindsight, the use of a different method of hydrolysis may have liberated additional 
amino acids.  In light of the aforementioned studies of interaction between iron and organic 
matter, the application of a dithionite buffer (as used in these studies) to AAE protein extracts 
would likely be a more efficacious approach than the use of HCl alone.  Additionally, Martens 
and Loeffelmann (2003) have observed that the use of methanesulfonic acid (MSA) for pre-AAA 
hydrolysis of soils tends to result in greater hydrolysable amino acid yields.  The MSA method 
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has an added advantage in that it leaves tryptophan intact and does not oxidize cysteine.  Use 
of dithionite with HCl, or MSA in place of HCl, may therefore be more appropriate in future 
analyses.  Thus, in the absence of a more accurate yet inexpensive method of estimating AAE 
protein, the most suitable method for routine analysis may be a modified version of that 
presented here. 

 
2.4.4 Interference trends in the Bradford assay 

 
I observed that the overestimation of protein concentration in the WLD extracts by the 

Bradford assay was consistent with the interference observed both in my HA addition 
experiment and in that of Roberts and Jones (2008).  Overestimation was also apparent in the 
Sabine samples, though generally not as great, and it did not follow the same trend of HA 
interference.  My observations also support the conclusion of Redmile-Gordon et al. (2013) that 
the ratio of HA to protein is an important factor in determining the extent of the apparent 
interference.  Although I observed that the dilution factor of the extracts also affected the 
observed interference as reported by Reyna and Wall (2014), it appears that this is directly 
related to the shape of the HA addition curves (Fig. 2.6a), as evidenced by the fact that the 
dilution effect is greatly diminished when looking at the absolute overestimation with dilution 
(Fig. 2.8b).  Apparently, whatever mechanism underlies this dilution effect is the same 
mechanism that contributes to the interference in the first place.  As a sample with a given 
protein and HA concentration is diluted, the relative discrepancy increases dramatically 
whereas the absolute discrepancy increases only subtly, eventually reaching a maximum once 
in the linear region of the HA addition curve (Fig. 2.6a).  Thus, overestimation is greatest when 
protein concentration is low and HA concentration is high, meaning that both the HA:protein 
ratio and the HA concentration are likely to be important factors in determining the Bradford 
signal.  Additionally, this means that interference is expected to be most variable at low protein 
concentrations, where small differences in HA concentration have the greatest impact.  
Conversely, at particularly high protein concentrations, the presence of HA may lead to 
underestimates, as has been established elsewhere (Roberts and Jones, 2008), and is consistent 
with the observations of Whiffen et al. (2007), who observed differing susceptibility to 
interference from HA addition among samples of differing organic content.  Recently, 
Moragues-Saitua et al. (2019) have suggested that the Bradford assay may yield more accurate 
estimates of AAE protein if the extracts are diluted to the point at which the signals from 
subsequent dilutions are similar.  Based on my observations, I would disagree—my data suggest 
that as the extracts are diluted, the interfering components increasingly dominate the Bradford 
signals, a phenomenon that often translates to greater levels of overestimation of protein and, 
in any case, yields estimates that have little to do with the actual protein concentration. 

In terms of the estimates of protein concentration in my extracts, the BR-AAE protein 
estimates were always above the minimum estimate and rarely below the maximum estimate.  
Such overestimation is consistent with a range of previous studies; however, it is not consistent 
with the conclusions of Jorge-Araújo et al. (2015).  Curiously, these authors took a different 
approach to evaluation of interference in the Bradford assay.  Their standard addition 
technique involved adding known and differing amounts of a BSA standard to multiple aliquots 
of each sample.  The authors asserted that by extrapolating the Bradford curve of these 
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standard additions, they could determine an accurate protein concentration.  However, based 
on my observations and those of others (Whiffen et al., 2007; Roberts and Jones, 2008; 
Redmile-Gordon et al., 2013) that show that protein-free HA strongly interacts with the 
Coomassie dye (producing a color change in the absence of protein), I do not see how this 
technique could yield valid estimates.  The standard addition method is only intended to 
account for matrix effects that modify the analyte signal but that do not result in a signal in the 
absence of analyte.  Indeed, I believe this explains why Jorge-Araújo et al. (2015) have 
incongruently concluded that the presence of HA tends to yield underestimates—because the 
slope of the curve decreases (and the intercept increases) with increasing HA concentration, 
the standard addition method would be expected to always yield estimates above that of the 
raw samples, as observed by Moragues-Saitua et al. (2019).  The observation by Jorge-Araújo et 
al. (2015) that the magnitude of underestimation decreased with increasing HA could also be 
explained by this mechanism, in that there is some point in the HA+BSA curve at which the 
overestimation diminishes and the assay appears to yield accurate figures.   

A final point in regard to the Bradford assay is that the extracts themselves are not 
colorless.  The fact that they do exhibit some absorption at 595 nm, the Bradford assay 
wavelength, is consistent with HA spectra.  In my analysis, I subtracted this absorbance from 
each Bradford reading before applying the standard curve in order to account for this non-
trivial absorption.  Although this seems an intuitive step to take, it is rarely stated in published 
studies where BR-AAE protein has been measured, as recently pointed out by Moragues-Saitua 
et al. (2019).  Omission of this step would only serve to exacerbate any overestimation already 
associated with the Bradford assay.  In my samples, the extract absorbances alone would have 
increased the apparent Bradford readings by an average of 25% and up to 43%. 
 
2.4.5 Recommendations for future work 

 
The BR-AAE protein method has received some criticism over the past several years, 

particularly due to its lack of specificity towards protein in general.  Yet, despite calls for new 
terminology such as Bradford-reactive fraction (Whiffen et al., 2007) and Bradford-reactive 
substances (Janos et al., 2008) that denote that protein is not specifically being measured, 
glomalin-related soil protein and related terms still prevail in studies relying on the Bradford 
assay, perhaps on the basis of consistency with previous literature.  Furthermore, all studies 
that I found quantifying the C and N contribution from AAE protein seem to either 1) assume 
that all extracted solids are protein, even though the Bradford assay clearly does not measure 
all organic components in the extracts, or 2) assume that the C and N composition of the 
proteinaceous component is equivalent to that of the bulk extract.  At this point, we must ask 
what the goal of these analyses is in order to decide whether we define a fraction that is 
specifically protein, and quantify only its C and N contribution, or we define a fraction that is 
the total extracted from soil under alkaline conditions and quantify the total C and N in that.  
The former option should be adopted if we are at all hopeful of elucidating the potential role of 
AMF and other microbial proteins in enhancing soil C storage.  The latter option is essentially 
the foundation of the century-old humic acids definition.  Instead, the mixing of these two by 
many researchers, perhaps out of convenience, results in various characteristics being wholly 
attributed to protein despite the fact that the protein is not being analyzed separately.  This 
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further hinders elucidation of any potential role of soil protein in facilitating aggregation, 
organic matter preservation, and metal sequestration, as well as of any causal link with AMF.   

In contrast to the Bradford assay-based method, the alternative approach involving 
AAA—as presented here—is not only more specific towards proteinaceous material, it also 
allows some additional information to be gleaned, such as the extent to which non-
hydrolysable N contributes to the AAE protein fraction.  However, even without the use of AAA, 
I suggest that the %N of the AAES would be a better metric than the BR-AAE protein method 
because not only is it unperturbed by HA contaminants, it is also much less prone to inter-study 
and inter-assay variability.  Furthermore, the fact that many previous studies that have 
quantified BR-AAE protein have also quantified the %N of the extracts potentially allows revised 
protein estimates to be made from the existing literature. 
 
2.5. Conclusions 
 

By making a few assumptions, I was able to estimate a range for the contribution of AAE 
protein C and N to the soils of my study sites while minimizing time and cost requirements, and 
without the use of an interference-prone spectrophotometric assay.  This range was wider than 
expected because a large proportion of N in the AAE protein extracts was unidentified.  
However, based on current research on the chemical identity of nitrogenous components of 
soils and HA mixtures, it is likely that this range can be refined.  Additionally, improvements 
with respect to the hydrolysis step, such as the use of a dithionite buffer or MSA, may assist in 
refining the range further. 

Although I observed interference and an associated overestimation of protein 
concentration when measured by the Bradford assay, consistent with previous findings, my BR-
AAE protein-C contribution estimates were within the range of my maximum and minimum 
estimates.  That this seeming contradiction is an apparent result of the method by which 
Bradford-based contribution estimates are traditionally calculated suggests that previously 
reported estimates of AAE protein-C contribution to TOC may in fact be reasonably accurate, 
though this cannot be assured based simply on the results presented here.  In contrast, use of 
this traditional method tended to underestimate the AAE protein-N contribution, most notably 
at higher SOM concentrations.  However, as many others have done, I urge those continuing to 
opt for the use of the Bradford assay for AAE protein measurement to carefully consider their 
aims and expectations when doing so, in light of the variable susceptibility to interference. 

Overall, in the absence of better analytical procedures for quantification of total 
proteinaceous material in soils that are both precise and feasible for routine analysis of large 
numbers of soil samples, the approach based on amino acid analyses as presented here may be 
a viable alternative to the use of the Bradford or other spectrophotometric assays that are 
susceptible to interference from bound/co-extracted soil components and that may hamper 
comparisons between studies and sites.  Because elemental analysis of extracts is already 
common practice in studies of AAE protein, the addition of AAA of pools or subsets of samples 
would be practical in most cases.  Furthermore, this approach yields additional information 
regarding the samples such as amino acid composition and the relative proportion of refractory 
constituents in the extracts.  This information is certainly of interest within the realm of AAE 
protein research.   
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Chapter 3.  
The Accumulation and Amino Acid Composition of Autoclaved Alkaline-

Extractable Soil Protein in Two Chronosequences of Coastal Wetland Soils 
 
3.1. Introduction 
 

 The aggregation of soil particles and the concentration of soil organic matter (SOM) are 
two factors that play key roles in promoting stability of the soil matrix and its function as a 
reservoir of organic carbon (C) and nitrogen (N).  SOM can interact with the mineral component 
of soils to form soil aggregates that help resist erosive forces.  These aggregates can, in turn, act 
to preserve organic matter through stabilization or entrapment of otherwise readily 
decomposable organic compounds (Jastrow et al., 2007), and thus may slow remineralization of 
soil organic C to CO2. 

Soil aggregation and labile organic matter preservation have been widely linked to 
autoclaved alkaline-extractable (AAE) soil protein (Wright and Upadhyaya, 1998; Rillig, 2005; 
Rillig and Mummey, 2006; Bedini et al., 2009; Wilson et al., 2009; Zhang et al., 2017), yet no 
studies have definitively established the specific source(s) of this protein fraction or the 
mechanism by which it may enhance soil aggregation.  Although AAE protein concentration in 
soils tends to be correlated with the abundance of arbuscular mycorrhizal fungi (AMF)—which 
themselves may contribute to soil aggregation (Rillig and Mummey, 2006)—amino acid 
sequencing of a subset of the protein mixture has failed to reveal the presence of AMF-specific 
proteins (Gillespie et al., 2011).  It has been postulated that AAE protein, through hydrophobic 
interactions, helps bind organic matter and soil particles, protecting them from water (Wright 
and Upadhyaya, 1996; Rillig, 2005) and slowing the migration of extracellular hydrolytic 
enzymes (King, 2011).  Correlations between soil aggregation and AAE protein have been 
observed several times in upland soils (Wright and Upadhyaya, 1998; Rillig et al., 2002; Bedini 
et al., 2009; Wilson et al., 2009; Spohn and Giani, 2010), and such soil aggregation may further 
contribute to long-term carbon storage by protecting soil organic matter from oxygen and 
microbial decomposers (reviewed by Rillig and Mummey, 2006).  More recently, AAE protein 
has been incorporated as one of the metrics in the Comprehensive Assessment of Soil Health 
protocol for assessing overall soil health in upland soils (Fine et al., 2017).  Analyses based on 
this protocol have further confirmed the correlation between AAE protein and water-stable 
aggregates (Fine et al., 2017), and Hurisso et al. (2018) have suggested that the AAE protein 
fraction represents a better indication of the organically bound N pool than total N.  Hence, 
although the link between AAE protein and AMF is tenuous, this fraction of soil protein may still 
be useful as a relatively rapid metric of assessing the extent of labile SOM preservation and 
aggregation potential of soils.  

However, as discussed in Chapter 2, the methods that are presently used for quantifying 
this protein fraction involve the use of colorimetric assays that are prone to interference from 
co-extracted non-proteinaceous materials, and such interference has potentially affected the 
interpretation of results (Geisseler et al., 2019).  Additionally, the extraction process is not 
selective of any one protein or source of protein (Rosier et al., 2006; Hurisso et al., 2018).  It 
may thus be that the composition of this fraction of soil protein could be a function of microbial 
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and vegetation communities as well as soil characteristics.  It is also unknown whether the 
extraction method may exhibit some systematic selectivity, perhaps through chemical classes of 
proteins/peptides or through the extent of their association with the mineral fraction.  A few 
researchers have subjected AAE protein extracts to polyacrylamide gel electrophoresis (PAGE; 
Wright et al., 1998; Bolliger et al., 2008; Chen et al., 2009; Gillespie et al., 2011).  These studies 
have indicated that there are potentially numerous proteins that survive the extraction 
procedure intact.  Yet there have been few reports in the literature that describe similar 
attempts to resolve the molecular weight profile of AAE protein, and even fewer that have 
attempted to sequence these proteins (except see Gillespie et al. (2011) and Gadkar and Rillig, 
2006).  The paucity of reports that describe attempts at electrophoresis and sequencing of AAE 
protein likely stems from the fact that such analyses are time-consuming and expensive.  
Furthermore, as evident from these few studies, the presence of non-protein material in the 
extracts additionally complicates the process by necessitating further cleanup and extraction 
procedures.  Thus, these approaches are not well-suited for routine analysis of numerous soil 
samples, and the extent to which the characteristics of the overall protein extracted is a 
function of the soil environment, versus the extraction procedure itself, remains unclear. 

One alternative to electrophoresis and sequencing approaches is amino acid analysis 
(AAA) of the whole extracts.  AAA has previously been applied to whole soils (Sowden et al., 
1977; Friedel and Scheller, 2002; Martens and Loeffelmann, 2003), humic acid fractions 
(Malcolm, 1990; Trubetskaya et al., 1998), and live plants and litter (de la Cruz and Poe, 1975b, 
a; Hicks et al., 1991).  While it is much less informative with respect to specific proteins in the 
extracts, AAA of the whole extract is faster, less expensive, and may potentially provide an 
additional source of variation on which soil assessments could be based.  Though amino acid 
compositions of proteins do not vary much overall, some subtle differences have been 
observed across different environments (Moura et al., 2013), between soils of differing 
climates, textures, and organic inputs (Sowden et al., 1977), and between different fractions of 
SOM (Malcolm, 1990).  However, to my knowledge there have been no studies of the amino 
acid composition of the total protein extracted using the AAE protein method (or similar).  Yet, 
there is a need for information regarding what organisms may contribute to this protein 
fraction, and whether there is any selectivity that may be occurring during this extraction 
procedure so as to potentially better inform soil management practices that rely on this 
method of assessment (Hurisso et al., 2018).  Additionally, as addressed in Chapter 2, AAA has 
the added advantage that it can be performed quantitatively, thereby allowing estimates of 
total protein concentration to be made without the use of interference-prone colorimetric 
protein assays.  Furthermore, the AAA approach involves acid hydrolysis of the extracts, and 
acid-hydrolysable C has commonly been used as a measure of labile organic matter (Falloon 
and Smith, 2000; Paul et al., 2006).  Hence, this method could also be used to assess the 
relative amount of labile C that is associated with the protein. 

Under the threat of global change, coastal wetlands are among the most vulnerable of 
all systems.  Facing pressure from increased population density, hydrologic manipulation, sea 
level rise, and intense storm surges, a large extent of coastal wetlands throughout the world 
has been lost within the past century (Duarte et al., 2013), and more substantial losses are 
projected within this century (Nicholls, 2004).  These systems, however, provide numerous 
ecosystem services (Barbier et al., 2011), such as water treatment, flood prevention, fisheries 



 

39 
 

support, CO2 sequestration, and storm surge buffering.  The ability of coastal wetlands to 
maintain their elevation and areal extent with many of these stressors co-occurring is relatively 
unknown (Kirwan and Megonigal, 2013).  Therefore, assessments of the soils of these systems 
should incorporate metrics of their capacity to resist erosion and preserve the labile SOM 
fraction, and AAE protein might be one such metric.  Yet, the AAE protein fraction has received 
relatively little attention in coastal wetland soils, perhaps due to the historically prevailing 
assumptions that this protein is strictly mycorrhizal in origin and that AMF are generally less 
abundant in wetland soils (Stevens et al., 2011).  However, among the handful of reports of AAE 
protein in coastal wetland soils, a few authors have reported non-trivial quantities of AAE 
protein in such soils (Balachandran and Mishra, 2012; Krishnamoorthy et al., 2014; Wang et al., 
2018b)—yet, these reports have been based on the interference-prone colorimetric assays 
mentioned above.   

Because AAE protein has often been correlated with AMF colonization in upland soils 
(typically reported as TG, BRSP, or GRSP; Bedini et al., 2010; Wilson et al., 2009; Rillig, 2004), 
and despite the paucity of evidence directly linking AAE protein with AMF, some researchers 
have claimed that AAE protein in coastal wetlands may, nevertheless, originate from AMF 
(Balachandran and Mishra, 2012; Wang et al., 2018b; Wang et al., 2019).  Although AMF are 
obligate aerobes, there have been numerous cases in which they have been observed in 
wetland soils (Carvalho et al., 2001; Bohrer et al., 2004; Kandalepas et al., 2010; Burcham et al., 
2012), and it has been suggested that AMF may receive oxygen from the plant roots that they 
colonize (Brown and Bledsoe, 1996).  Nevertheless, given the aforementioned problems 
associated with traditional methods of AAE protein quantification, it is hitherto unclear the 
extent to which AAE protein may be correlated with AMF colonization in coastal wetlands, 
beyond its often-observed correlation with total SOM and density of vegetation, and whether 
such correlation would be similar to those observed in upland soils.  Whereas weak to 
moderate positive correlations (r2 ≈ 0.36–0.6) between AAE protein and AMF colonization have 
been observed in a couple of coastal wetland areas (Balachandran and Mishra, 2012; 
Krishnamoorthy et al., 2014), a subtle negative correlation was apparent in a mangrove-
dominated coastal wetland (Adame et al., 2012).  Soils of coastal wetlands can differ from those 
of uplands in several ways, and it may be that some factors specifically at play in coastal 
wetlands could differentially affect AMF abundance and AAE protein densities such that the 
correlation is diminished compared to what has been observed in upland soils.  For instance, 
whereas increased salinity may similarly decrease AMF abundance (Juniper and Abbott, 1993; 
Adame et al., 2012) and SOM preservation (Craft, 2007), increased flood duration may lessen 
AMF colonization (Anderson et al., 1984)—yet, the accumulation of protein of bacterial or plant 
origin would be expected to accumulate to a greater extent with prolonged flooding, as is the 
case for SOM in general.  Additionally, lateral transport and inputs of allochthonous organic 
matter in coastal wetland soils could also contribute to a mismatch between AMF colonization 
and AAE protein density if there is a substantial allochthonous source of AAE protein as has 
been previously observed (Harner et al., 2004; Adame et al., 2012). 
 In this study, I applied the AAA approach to estimate AAE protein stocks in the Sabine 
and WLD soils and to compare the extent to which AAE protein contributes to the overall SOM 
as these marshes develop.  I hypothesized that AAE protein stocks would increase with marsh 
age in both chronosequences and that its contribution to TOC and TN would also increase as a 
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result of preferential accumulation of the protein in soil aggregates.  I also aimed to assess any 
correlation between AAE protein and AMF colonization in these soils by measuring rates of 
AMF colonization in the roots of the vegetation within each core sample.  To confirm the 
presence of AMF tissue in the soil, I probed for AMF-specific DNA within each core section.  
Most of the dominant vegetation species in the Sabine and WLD marshes have been reported 
to be amenable to association with AMF (Table 3.1)—a notable exception is Spartina 
alterniflora, for which conflicting reports exist.  I hypothesized that AMF colonization would 
increase with vegetation cover, and therefore marsh age, and generally be lower in Sabine—
primarily as a result of higher salinity.  Further, I hypothesized that AMF colonization would be 
poorly but positively correlated with AAE protein density, reflecting an impact of factors 
differentially affecting AMF and AAE protein accumulation.  Additionally, I aimed to determine 
the extent to which the hydrolysable protein was co-purified with other non-proteinaceous 
hydrolysable organic matter—i.e., is there evidence that the AAE protein is facilitating 
protection of labile organic matter through some direct binding mechanism?  Given its 
correlation with soil aggregation, and the numerous claims that it has a role SOM preservation, 
I hypothesized that the non-proteinaceous organic carbon of the AAE protein extracts would be 
dominated (>50%) by hydrolysable compounds other than protein, reflecting the potential 
involvement of the protein fraction in labile SOM preservation.  Finally, I hypothesized that the 
amino acid profile of the AAE protein extracts would subtly but significantly differ between the 
two chronosequences, reflecting the contribution of different microbial communities to the 
AAE protein fraction. 
 
 
Table 3.1. Previous observations of AMF colonization in the dominant vegetation species of the Sabine 
and WLD marshes. 

 Dominant vegetation species Amenable to AMF? Reference 
Sabine    

 Spartina alterniflora Conflicting Burcham et al. (2012),  
Hoefnagels et al. (1993),  
Pratt-Zossoungbo and Biber (2009) 

 Distichlis spicata Yes Allen and Cunningham (1983) 
 Spartina patens Yes Burcham et al. (2012),  

Cooke et al. (1993) 
WLD    

 Nelumbo lutea ?  
 Sagittaria platyphylla ?  
 Colocasia esculenta Yes Khade and Rodrigues (2007) 
 Alternanthera philoxeroides Yes Kandalepas et al. (2010) 
 Polygonum punctatum Yes Kandalepas et al. (2010) 
 Salix nigra Yes Lodge (1989) 
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3.2. Materials and methods 
 

3.2.1 Study sites and initial soil sample processing 
 
The study sites were located in the Sabine National Wildlife Refuge (Sabine) and the 

Wax Lake Delta (WLD).  Information regarding these study sites, the initial soil sampling and 
processing, and the basic soil characteristics were provided in Section 1.3 (Chapter 1).  For the 
present study, percent vegetation cover at each plot was estimated visually within a 0.25 m2 
quadrat that encompassed the area within which each core was collected.  This estimate was 
based on the approximate area of the soil surface that was displaced by live stems. 
 
3.2.2 Sample preparation for root and DNA analyses 
  
 Prior to drying the homogenized soil core sections, a subset of any live root segments 
observed in each section was immediately placed in 50% ethanol and stored at 4°C for later 
assessment of AMF colonization.  Additionally, a small subset of the homogenized soil was 
immediately frozen and stored at −20°C for subsequent DNA extraction and PCR analysis.   
 
3.2.3 Assessment of AMF colonization in roots 
  
 In an attempt to estimate the extent of any AMF colonization that may have been 
present within the marshes, the roots collected from each core section were cleared and 
stained as per Brundrett et al. (1984) and Vierheilig et al. (2005) with modifications.  For each 
core section in which live roots were observed, live root segments of <2 mm in diameter and 
cumulative length of 10–15 cm were rinsed with DI H2O to remove soil and debris and then 
placed into histology cassettes.  The roots were cleared by autoclaving in 10% KOH at 121°C for 
5 min followed by cooling for 5 min.  Afterwards, the roots were soaked in 10% bleach for 5 
min, then rinsed first in DI H2O and then in 1 N HCl.  The roots were then stained by autoclaving 
in 0.03% chlorazol black E dissolved in 1:1:1 lactic acid-glycerol-water at 121°C for 5 min.  The 
roots were then transferred to a 50% glycerol solution and allowed to de-stain for 5 days at 
room temperature.  Following de-staining, roots from each section were cut into segments of 
<4 cm, and cumulative lengths of approximately 10 cm were placed onto glass slides and 
observed by microscope under 200–400× magnification.  AMF colonization was assessed based 
on the observation of the arbuscule structures within the root cells, the characteristic 
morphology of AMF (McGonigle et al., 1990).  The same method was applied to roots collected 
from well-aerated upland soils to serve as a positive control for the assessment.   
 
3.2.4 Assessment of AMF DNA presence in soils by PCR 

 
Total DNA of each soil sample was isolated using the Qiagen PowerLyzer PowerSoil Mini 

kit per the manufacturer’s instructions.  Approximately 220–280 mg of field-moist, 
homogenized soil from each core section was combined with the glass beads in a 2-mL tube 
and centrifuged at 10000×g for 30 seconds to remove excess water.  Lysis buffer was then 
added, and disruption was accomplished on a DisruptorGenie (Scientific Industries) at 
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maximum speed for 20 min at room temperature.  DNA was eluted in a total volume of 100 µL 
of 10 mM tris.  DNA concentrations and purity ratios—the ratios of absorbance at 260 and 280 
nm (A260/280), and at 260 and 230 nm (A260/230)—were measured on a NanoDrop 2000c (Thermo 
Fisher) spectrophotometer.  DNA solutions were stored at −20°C until PCR amplification (<2 
months). 
 PCR amplification of AMF DNA was done based on the nested PCR approach described 
by Krüger et al. (2009) using Q5 high-fidelity polymerase (New England Biolabs) in a total 
reaction volume of 50 µL.  Each reaction included 1 unit of polymerase, 200 µM of each dNTP, 
0.5 µM each of the forward and reverse primer sets, and approximately 200 ng of template 
DNA (or a minimum of 80 ng for low-concentration samples).  The first PCR was carried out 
using the SSUmAf–LSUmAr degenerate primer set in equimolar concentrations.  All PCR cycling 
was done using an Eppendorf Master Gradient thermocycler preheated to 98°C. Cycling was as 
follows: 30 s initial denaturation at 98°C; 40 cycles of: denaturation for 6 s at 98°C, annealing 
for 25 s at 60°C, and elongation for 50 s at 72°C; and a final elongation of 120 s at 72°C.  A no-
template control was included in every batch of reactions.  A positive control was also included, 
in which DNA from an upland soil containing AMF (based on root colonization) was used as the 
template.  Following the first PCR, 47 µL of each reaction solution was electrophoresed on 1.5% 
agarose gel in 1× TAE buffer at 3.5 V·cm−1 for 2–3 hrs.  Gels were visualized on a ChemiDoc MP 
imager (BioRad) after staining with GelRed (Biotium) per the manufacturer’s instructions.  
Amplification was assessed based on the presence of an approximately 1.8-kb band.  For the 
second (nested) PCR, the SSUmCf–LSUmBr degenerate primer set was used, and the product of 
the first reaction was used as the template.  Nested reaction conditions were the same as for 
the first reaction except that the annealing temperature was 63°C, the elongation step was for 
40 s, and the cycle count was 35.  Reaction mixtures for which there was no observable product 
were used undiluted (2 µL) for the nested PCR.  In the reaction mixtures where amplification 
was observed, the product was diluted 50-, 1000-, or 2500-fold (depending on band intensity), 
and 2 µL of this dilution was used as the template for the nested reaction.  The nested reaction 
solutions were electrophoresed and visualized in the same manner as the first reactions.  The 
observation of an approximately 1.5-kb band in a nested reaction was regarded as a positive 
result for the presence of AMF DNA.  DNA solutions for which no amplification was observed 
for both of the two primer sets were subjected to an additional PCR using the NS1–NS4 primer 
set for amplification of a highly conservative region of fungal ribosomal DNA as described by 
White et al. (1990).  PCR conditions using these primers were the same as for the first PCR 
reaction (above) except that the annealing temperature was 57°C and the elongation time was 
35 s.  The observation of an approximately 1.2-kb band in these reactions (in combination with 
the absence of bands in the other reactions) was regarded as a negative result for the presence 
of AMF DNA, whereas samples that did not exhibit amplification of the target product size in 
any of the three reactions were deemed inconclusive. 
 
3.2.5 Extraction, estimation, and amino acid analysis of AAE protein 

 
Extraction and estimation of the hydrolysable AAE protein quantity in each soil section 

was described in detail in Chapter 2.  Briefly, total AAE protein was extracted in 100 mM sodium 
pyrophosphate (pH 9.0) from 0.5–1 g of dried homogenized soil using established procedures 



 

43 
 

(Wright et al., 2006).  Each extract was partially purified by acid precipitation, redissolution in 
0.1 N NaOH, and exhaustive dialysis against DI H2O.  After drying the extracts at 60°C, total 
extract C and N were measured by elemental analysis.  To estimate the AAE protein 
concentration, some of each of the extracts from the 0–15 cm and 15–30 cm depth intervals 
were pooled for each marsh (20 pools total), and the pooled extracts were subjected to acid 
hydrolysis and amino acid analysis.  The concentrations of 16 proteinogenic amino acids were 
determined by liquid chromatography and fluorescence detection of the derivatized 
hydrolysable amino acids.  Glutamine and asparagine were not distinguished from their 
respective acid forms.  Assuming the protein-N to total N ratio in each sample within a given 
pool to be equivalent, the N concentration of each individual sample led to the estimated 
amino acid concentration in that sample, which served as the estimate of the hydrolysable AAE 
protein concentration of each individual extract.  This corresponds to the minimum estimate of 
AAE protein as described in Chapter 2.  In the present study, only the minimum estimates were 
used because these correspond with the actual measurements of hydrolysable amino acids in 
the extracts.  
 
3.2.6 Acid-hydrolysable components of the AAE protein extracts 

 
In the method of quantifying the amino acids within the AAE protein extracts (Chapter 

2), each pooled extract was treated with 6 N HCl at 100°C for 22 hrs.  After removal of the 
supernatant for AAA, the remaining solids were rinsed repeatedly with 6 N HCl as described in 
Chapter 2 to allow for the analysis of the post-hydrolysis residue.  The dried residues were 
weighed, homogenized, and the %C and %N were determined by elemental analysis (as above) 
on a subset of each residue.  To estimate the size of the inorganic component before and after 
hydrolysis, the percent loss on ignition (550°C for 4 hrs) was measured for a subset of each pre-
hydrolysis residue and for each post-hydrolysis residue.  The composition of the post-hydrolysis 
residues was expressed as a percent of the initial pre-hydrolysis dry weight. 
 
3.2.7 Data analysis and statistics 

 
Soil stocks of AAE protein were calculated for individual cores on a mass per area basis, 

to a soil depth of 30 cm.  Mass per area was determined by integrating the concentrations per 
gram every 5 cm down to 30 cm based on the bulk density of each core section.  In the 1-year-
old marsh of Sabine, where the cores did not extend beyond 20–25 cm, the stock of the 
deepest section sampled from each core was extrapolated to a depth of 30 cm for the purposes 
of marsh stock comparison.  Because the soil in this marsh was almost exclusively homogenized 
dredge material, the inter-depth variability in these cores was low (Table 1.2 and Fig. D.2a).  
Contribution ratios of AAE protein to TOC and TN were calculated on a core-wise basis using the 
stocks of AAE protein, TOC, and TN of each respective soil core.  The C and N composition of the 
AAE protein was assumed to match that of the total amino acids detected in each 
corresponding pooled extract, which averaged 52.6 ± 0.3 %C and 16.8 ± 0.1 %N, respectively. 

All statistical analyses were carried out using MATLAB R2016b (Mathworks) with the 
statistical package installed.  Comparisons among the average AAE protein stocks of each marsh 
were made within each chronosequence by one-way analyses of variance (ANOVA).  Multiple 
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comparisons and corresponding p-values are based on Tukey-Kramer honestly significant 
difference post hoc tests using the multcompare() function in MATLAB—letters shown in the 
figures represent differences at the α = 0.05 level unless otherwise stated.  To establish a 
semiquantitative metric of AMF DNA presence in the soil, a DNA score was calculated for each 
marsh as the total number of positive PCR results in all core sections of that marsh divided by 
the total number of sections from that marsh, expressed as a percentage.  To determine 
whether vegetation cover, AMF DNA score, and average AAE protein stock were significantly 
correlated, the Spearman rank correlation coefficient (ρ) was calculated for each pairwise 
comparison, and correlations for which p < 0.05 were deemed significant.  Curvilinear functions 
of the correlations of AAE protein-C and -N with TOC and TN, respectively, were fitted by 
stepwise polynomial least-squares regression.  The coefficients included in all regressions were 
significant to p < 0.01, and the p-value reported for each curvilinear regression is that of the 
least significant non-intercept coefficient.  Data from the reference marshes were included in 
the regressions against TOC and TN.  To determine whether these curvilinear regressions 
significantly differed between Sabine and WLD, F-tests were performed in which the mean sum 
of squares of the errors were compared for a two-curve model versus a single curve fit to the 
combined chronosequence data—the null hypothesis that separate curves do not provide a 
significantly better fit of the data was rejected at the α = 0.05 level.  To visualize trends in the 
overall contribution of AAE protein to TOC and TN as a function of marsh age, the ratios of AAE 
protein-C (or -N) stock to TOC (or TN) stock that were determined for each soil core were fit by 
linear regression, excluding those of the reference marshes.  The ratios of the reference 
marshes were compared to those of the chronosequence marshes (separately for Sabine and 
WLD) based on Tukey-Kramer honestly significant difference post hoc tests following one-way 
ANOVA.   

To determine whether the AAE protein amino acid profiles of Sabine and WLD were 
significantly different, I took a Bayesian Monte Carlo approach.  The amino acid profiles of each 
sample from Sabine and WLD were assigned to one of two “sets” (set 1 and set 2), and all 
possible combinations (20C12 = 20C8 = 125970 possible) of the two-set arrangement were 
determined.  For each possible arrangement, the sum of squares of the relative differences of 
the average abundance of each amino acid (16 total) between the two sets (SSArrangement) was 

calculated as per Eq. 3.1: 
 

SSArrangement = ∑ (
X1̅̅̅̅

AA − X2̅̅̅̅
AA

X̿AA

)

2AA=1

AA=16

 (3.1) 

 
where X1̅̅̅̅

AA and X2̅̅̅̅
AA are the mean relative abundances (mole-percent) of a particular amino 

acid in the samples assigned to set 1 (n=12) and set 2 (n=8), respectively, whereas X̿AA is the 
grand mean of that amino acid for all samples.  The p-value for testing the null hypothesis that 
there is no difference between the Sabine and WLD amino acid profiles was calculated based 
on the number of possible arrangements (𝑁𝑆𝑆′) for which SSArrangement equaled or exceeded 

that of the original (observed) arrangement (Eq. 3.2): 
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𝑝 =
𝑁𝑆𝑆′

125970
 (3.2) 

 
where 125970 is the number of total possible arrangements.  This approach was not used to 
compare with literature-based amino acid profiles of soils and humic acid fractions because it 
was not computationally feasible. 
 
3.3. Results 
 

3.3.1 Vegetation, AAE protein, and presence of AMF 
 
My sampling sites captured the natural succession of vegetation in both 

chronosequences.  Vegetation in Sabine developed quickly, with the 1-year old marsh already 
having clonal patches of Spartina alterniflora.  In the 14-year marsh, average percent cover had 
reached that of the reference marshes and showed a shift in vegetation community from S. 
alterniflora–dominated to Distichlis spicata–dominated (Fig. 3.1a).  The 33-year marsh 
demonstrated a further shift to Spartina patens, the late-successional species typical of the 
natural marshes of the area.  I did observe, however, that the randomly selected plots of Ref-B 
typically had a greater abundance of D. spicata than those of Ref-A.  In WLD, average percent 
cover steadily increased along the chronosequence (Fig. 3.1b).  Nelumbo lutea, dominant in the 
youngest WLD marsh, gave way to Colocasia esculenta in the 29-year old marsh.  The oldest 
marsh of the chronosequence had a composition qualitatively similar to that of the reference 
marsh, where Polygonum puntatum dominated the herbaceous vegetation.  While not 
captured within my quadrats, Salix nigra was present in the surrounding areas of the 41-year 
marsh (as saplings) and the reference marsh (as trees: 20–40 cm diameter at breast height). 

Stocks of AAE protein generally appeared to increase with age in both chronosequences 
and were highest in the reference marshes (Fig. 3.1c and 3.1d).  However, no significant 
differences in stocks were observed among the Sabine created marshes (p > 0.8), which ranged 
from 152 to 279 g·m−2 between the 1-year-old and 33-year-old marshes, respectively.  The 
average stock of the Ref-B marsh of Sabine (696 g·m−2) was significantly greater than that of all 
created marshes (p < 0.02), whereas, due to large variation, the Ref-A marsh differed only from 
the youngest three marshes (p < 0.05).  In WLD, there was a nearly fivefold difference in AAE 
protein stock (p = 0.0008) between the youngest marsh (16-year-old; 82 g·m−2) and the next-
oldest marsh (29-year-old; 398 g·m−2).  However, there was no difference in stocks between the 
29- and 41-year-old marshes (p = 0.9), and stocks of all marshes of the chronosequence were 
significantly less than that of the reference marsh (608 g·m−2; p < 0.03). 

I did not observe any unambiguous AMF colonization in any of the live root samples.  
Most of the roots assessed were from soil depths of 0–20 cm because live roots were generally 
scarce at depths below 20 cm.  Whereas some fungal structures (mostly hyphae) were 
occasionally apparent, no arbuscules could be confirmed.  Preliminary tests of the root staining 
procedure applied to roots collected from upland soils (positive control), however, did result in 
a few observable structures that resembled arbuscules (not shown).   
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Figure 3.1. Average estimated percent cover of vegetation in 0.25 m2 quadrats at each core sampling 
location in Sabine (a) and WLD (b).  In (b), miscellaneous low-abundance species are represented by the 
“minor” group.  Average 30-cm stocks of AAE protein for each marsh in Sabine (c) and WLD (d) are 
shown.  Error bars represent ± standard error (n = 3 cores) and letters above the bars indicate significant 
differences (α = 0.05) based on Tukey-Kramer HSD post-hoc tests.  Presence/absence of AMF-specific 

(caption cont’d) 

  (e)               (f)    

Depth 
1 

year 
6 

years 
14 

years 
33 

years 
Ref-A Ref-B 

 

16 years 29 years 41 years Reference 

0–5 cm · · · ·  · + · + + · + · + + + + + + 
 

+ + + + + − + + + · + + 

5–10 cm · · · − · + · + + + + · · + · + + + 
 

+ + + + · + + + + + + + 

10–15 cm · · · − · − ·  · + + ·  · · + − + + + 
 

− − + · + − + + + + + + 

15–20 cm · · · + − · · − + + ·  · · + − + + + 
 

− − + + + + + + + + + − 

20–25 cm · · · − − · ·  · + + ·  · · + − + + + 
 

− − − + + + + + + + + − 

25–30 cm NA ·  ·  · ·  · + · + · ·  · − · + + 
 

− + + + + − − + − + − − 

Score† 0% 18% 44% 39% 39% 94% 
 

56% 72% 89% 72% 
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DNA in soil core sections of Sabine (e) and WLD (f); key: (+), AMF-specific DNA detected; (−), AMF-
specific DNA not detected (fungal DNA detected); (·), inconclusive (conserved fungal DNA sequence not 
detected); shading is a visual aid and corresponds to the number of positive results in each depth 
increment; NA = not analyzed;  † Score is the number of positive results in each marsh divided by 18. 

 
 
In contrast to the colonization assay results, PCR analysis of the total soil DNA indicated 

that AMF DNA was likely present in all of the marshes of WLD and in all but the youngest marsh 
of Sabine (Fig. 3.1e and 3.1f; representative gel images are shown in Fig. C.2 and C.3).  Because 
AMF colonization was not observed, I used the PCR results as a semiquantitative surrogate for 
relative AMF abundance in the soils of each marsh (AMF DNA score).  The number of positive 
results generally increased with marsh age in both chronosequences, and was similar between 
the oldest marshes and the reference marshes.  However, there were a relatively large number 
of inconclusive results in the Sabine marshes.  Although the A260/280 purity ratios of these 
inconclusive DNA extracts were all ≥ 1.6, these extracts tended to have low DNA quantities 
and/or exhibit low A260/230 ratios (Table E.2), the latter suggesting possible contamination from 
polyphenolic compounds (e.g., humic materials), which can interfere with PCR amplification 
(Yeates et al., 1998).  Thus, it is uncertain whether a significant trend in AMF presence with age 
existed in the Sabine marshes. 

Although major trends between vegetation cover, AMF DNA, and AAE protein stocks 
were not readily apparent, Spearman rank correlation analysis did reveal some marginally 
significant trends in Sabine (Table 3.2).  Namely, AMF DNA scores were marginally positively 
correlated with overall vegetation cover (ρ = 0.87, p = 0.044), and better correlated with 
coverage of D. spicata (ρ = 0.91, p = 0.022) across the Sabine marshes.  In WLD, however, no 
significant correlations between these measures were observed (p > 0.08).  Stocks of AAE 
protein were not significantly correlated with either AMF DNA score or vegetation coverage 
within either Sabine or WLD (p > 0.06). 
 
 
 

Table 3.2. Spearman rank correlation coefficients (ρ) among 
the measures shown in Fig. 3.1 for the Sabine marshes.  All 
correlations shown were significant (p < 0.05). 

Sabine marshes AMF DNA 
score 

AAE protein 
stock 

D. spicata 
cover 

Vegetation cover 0.87 NS (0.97) 

AMF DNA score  NS 0.91 

AAE protein stock   NS 

NS = correlation not significant (p > 0.05). 
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3.3.2 AAE protein correlation with TOC and TN 
 
AAE protein concentration in the soil was highly correlated with TOC and TN, more so 

than with any other soil parameter measured.  Significant but distinct relationships (F3,169 = 90, 
p < 0.0001) were observed between AAE protein-C and TOC among Sabine and WLD (Fig. 
3.2a)—a linear relation was apparent for the Sabine samples (r2 = 0.98, p < 0.0001), whereas a 
cubic relation was observed in WLD (r2 = 0.987, p = 0.0004).  The correlation between AAE 
protein-N and TN was again distinct between Sabine and WLD (Fig. 3.2b; F3,170 = 101, p < 
0.0001)—that of Sabine followed a quadratic relationship (r2 = 0.988, p = 0.0032), whereas that 
of WLD was linear (r2 = 0.986, p < 0.0001). 
 
 

 
Figure 3.2. Correlations and curvilinear regressions between AAE protein-C and TOC (a) and between 
AAE protein-N and TN (b) among the individual soil core sections from Sabine (circles) and WLD 
(triangles). 

 
 
3.3.3 Contribution of AAE protein to TOC and TN 

 
AAE protein contributions to TOC were small overall (1–5% of TOC).  This contrasts with 

its contribution to TN, which, on average, ranged from around 7% to upwards of 21% of TN (Fig. 
3.3).  Generally, any significant correlations of AAE protein-C/TOC or AAE protein-N/TN with 
marsh age were relatively weak to moderate (r2 ≤ 0.8) in both chronosequences.  In Sabine, the 
AAE protein-C/TOC ratios were consistent across all created marshes (Fig. 3.3a; p = 0.26); the 
ratios of the oldest created marsh were no different from that of the Ref-A marsh (p > 0.99); 
whereas the ratio was only marginally greater in the Ref-B marsh (p = 0.046).  A different 
pattern was observed in WLD, where the ratios in the oldest two marshes were greater than 
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that of the youngest marsh (p < 0.0001) and no different than that of the reference marsh (p > 
0.09).   
 Trends in AAE protein-N/TN ratios (Fig. 3.3b) generally followed the same pattern as 
those of AAE protein-C/TOC, with the exception of the AAE protein-N/TN ratio of the 33-year-
old Sabine marsh, which was marginally greater than those of the younger marshes (p = 0.014–
0.044); this marsh alone contributed to an apparent positive correlation with age (r2 = 0.80, p < 
0.0001).  In both chronosequences, the AAE protein-N/TN ratios of the oldest marshes did not 
differ from the corresponding reference marshes (p > 0.05). 
 
 

 
Figure 3.3. Average contributions of AAE protein to TOC (a) and TN (b) as functions of marsh age within 
the Sabine (circles) and WLD (triangles) chronosequences.  Error bars represent ± standard error (n = 3 
cores).  NS indicates that the correlation was not significant (p > 0.05). 

 
 
3.3.4 Composition of whole AAE protein extracts 

 
Overall, hydrolysable amino acids accounted for 5.5 ± 1.9% by weight of the total solids 

in the pooled AAE protein extracts and roughly half of the extracted solids were not 
hydrolysable—a figure that significantly differed between the Sabine (50 ± 4%) and WLD (42 ± 
6%) extracts (p = 0.005).  Yet the fact that the hydrolysis resulted in a near doubling of the %C 
composition (from an average of 30% C to 57% C) implied that most of the mass lost was 
inorganic.  To confirm this, I performed a loss-on-ignition assay on the post-hydrolysis residues 
as well as on a subset of the pre-hydrolysis extracts.  I attributed any mass not accounted for by 
C, N, or ash to O and H.  An average of 32 ± 4% of the weight of the dialyzed extracts was 
composed of inorganic (mineral) components, whereas nearly all (average 95 ± 2%) of the 
remaining post-hydrolysis residue was organic (Fig. 3.4).  I observed that the proportion of C 
that was not hydrolysable did not differ between the Sabine and WLD pooled extracts (92 ± 
17% of C; p = 0.46), nor did the proportion of N that was non-hydrolysable (47 ± 10% of N; p = 
0.12).  Furthermore, the C and N compositions of the post-hydrolysis residues were remarkably 
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consistent (57.3 ± 1.5 %C, 1.96 ± 0.19 %N) and very similar to those typical of ash-free humic 
acid fractions (Reddy and DeLaune, 2008).  The estimated amount of O and H in the original 
pre-hydrolysis extracts was much greater than would be expected for either protein or humic 
acid.  I attributed the excess O and H to structural water of hydration, and possibly, to clay-
associated lattice hydroxyl moieties, both of which would be expected to associate primarily 
with the mineral fraction, an association that is apparent in loss-on-ignition assays of soils 
(Hoogsteen et al., 2015).  This is further supported by my observation that the pre-hydrolysis 
extracts exhibited a “waxy” consistency after drying, whereas the post-hydrolysis residues did 
not.  Structural water of hydration would likely not be lost during drying at 60°C, but it would 
be lost with the mineral fraction during the hydrolysis procedure, and it would also be lost 
during combustion.  Hence, this water would appear to be part of the organic fraction, despite 
being primarily associated with the mineral fraction.  While the hydrolysate of all of the extracts 
exhibited an intense yellow color that suggested the presence of iron, the combustion residue 
of the post-hydrolysis extracts appeared completely white.   

 
 
 

 

Figure 3.4. Relative composition of pooled dialyzed AAE solids 
before and after hydrolysis as a percent of the initial (pre-
hydrolysis) weight.  Error bars represent ± standard deviation 
(nSabine = 12, nWLD = 8 pooled extracts).  The weight that was not 
accounted for by C, N, or ash was assumed to be contributed by O 
and H.  
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3.3.5 Hydrolysable amino acid composition of the AAE protein extracts 
  
 Of the total N in the pooled dialyzed extracts from Sabine, 41 ± 5% was accounted for by 
the amino acids assayed, whereas this figure was significantly greater (51 ± 4%) in the WLD 
extracts (p < 0.05).  Of the extracted C and N that was hydrolyzed, most (an average of ~60% of 
the hydrolyzed C and ~78% of the hydrolyzed N) was accounted for by amino acids.  Moreover, 
an average of only ~8% of the extracted C could possibly be attributed to non-proteinaceous 
hydrolysable (labile) organic matter, which was inconsistent with my hypothesis that the 
protein would be co-purified with a comparatively large amount (>50% by weight) of non-
proteinaceous labile organic matter.   
 The relative amino acid compositions of the pooled extracts were highly consistent and 
were not significantly different between the 0–15 cm and 15–30 cm depth increments (p = 
0.41).  Furthermore, and contrary to what I initially hypothesized, the compositions did not 
significantly differ overall between Sabine and WLD (p = 0.16; Fig. 3.5), as based on the test 
described in Section 3.2.7. 
 
 
 

 
Figure 3.5.  Average relative mole-percent amino acid composition of all pooled AAE protein extracts of 
Sabine (black) and WLD (gray).  Error bars are ± standard deviation (nSabine = 12 pools, nWLD = 8 pools).  See 
Tables C.1 and C.2 for average compositions of each individual marsh. 

 
 
 
 
 



 

52 
 

3.4. Discussion 
 

3.4.1 Trends of AAE protein across the two chronosequences 
 
One of my objectives was to establish whether there were any clear trends in AAE 

protein abundance as the marshes in these two systems developed.  Overall, stocks of AAE 
protein increased with marsh age as hypothesized, but no significant correlation was apparent 
between AAE protein stock and vegetation coverage, vegetation composition, or AMF DNA 
presence for either Sabine or WLD (Table 3.2).  Rather, AAE protein was, overall, highly 
correlated with TOC and TN (Fig. 3.2a and 3.2b), and therefore increased with marsh age.  Such 
correlations are consistent with numerous previous observations (e.g., Rillig et al., 2003; 
Halvorson and Gonzalez, 2006; Wang et al., 2018a), despite the use of interference-prone 
colorimetric protein assays in these earlier studies.  It is also consistent with the findings of 
Friedel and Scheller (2002), who observed that the concentration of the total hydrolysable 
amino acids across several upland soils characterized by distinctly different conditions and land 
uses were strongly correlated with TOC (r2 = 0.96) and TN (r2 = 0.997).   

In comparison with studies of AAE protein in upland soils (e.g., Rillig et al., 2001a; 
Lovelock et al., 2004; Wang et al., 2015b), the concentrations that I observed here are similar.  
They are also comparable to concentrations reported in two of the few studies of AAE protein 
in coastal wetland soils (Balachandran and Mishra, 2012; Wang et al., 2018b).  However, the 
overall slope of the relation between AAE protein and TOC that I observed (0.07 mg protein 
mg·C−1) is at the low end of a range of other studies of both wetland and upland soils (Chapter 
2, Table 2.2).  This result is likely due, in part, to overestimation of protein in the soil extracts in 
these previous studies, as described in Chapter 2.   

I did, however, observe significant differences in the slopes of the relations with TOC 
and TN between Sabine and WLD.  Those slopes were themselves apparently not constant 
because curvilinear regressions provided subtly but significantly better fits to the WLD C data 
and to the Sabine N data.  The marsh-averaged contribution ratios of AAE protein to TOC and 
TN (Fig. 3.3a and 3.3b) illustrate this variable slope.  The contribution of AAE protein to TOC did 
not vary significantly with marsh age in Sabine, and thus, there did not appear to be 
preferential accumulation of the protein in these marshes, contrary to my hypothesis.  In 
contrast, the contribution of AAE protein to both TOC and TN increased significantly from the 
youngest WLD marsh to the older two marshes and reference site, which may suggest 
preferential accumulation and/or increased production of the protein.  This may not have been 
an effect of age, per se; rather, it may have been more related to the relative influence of the 
freshwater outlet.  As a newly formed river delta, the marshes within the WLD chronosequence 
not only vary in terms of age, but also in terms of elevation and distance from the river outlet.  
In the transition from the 16-year-old marsh to the 29-year-old marsh, there is a significant gain 
in elevation (~0.9 m; Table 1.1) and increase in vegetation density (Fig. 3.1b), which is generally 
consistent with previous observations (Carle et al., 2015).  This would be expected to result in 
slower flow rates and increased autochthonous litter deposition, which would likely contribute 
to the overall increase in N input to the soil, and which may in turn promote greater rates of 
protein production (in both the vegetation and soil microbes) and reduced scavenging of N by 
plants and microbes.1  In contrast, the Sabine marshes receive relatively little freshwater input 
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and so generally experience low input of allochthonous N.  Hence, the potentially greater 
amount of N loading to the older WLD marshes compared to the youngest marsh may have 
contributed to this divergent pattern of protein:TOC ratios.  Additionally, the relatively low 
contributions of protein at low concentrations of C and N may also suggest that there is some 
priming effect involved, whereby an initial pool of SOM must accumulate before the microbial 
community (primarily decomposers) is fully primed. 

 
3.4.2 Presence of AMF within the studied soils 

 
Although I did not observe any unambiguous AMF colonization of the roots collected 

from my sites, a substantial number of soil samples tested positive for AMF DNA, and the 
number of which generally appeared to increase with marsh age in both chronosequences (Fig. 
3.1e and 3.1f).  Although my hypothesis included the assumption that root colonization would 
be apparent, the observations of AMF DNA are somewhat consistent with the trend of 
increasing AMF abundance with marsh age and increasing vegetation that I initially 
hypothesized.  In Sabine, the youngest two marshes were colonized solely by S. alterniflora at 
the sampling locations.  There have been very few reports of AMF association with this species 
(Burcham et al., 2012), and some have suggested that S. alterniflora may generally be resistant 
to AMF colonization (Hoefnagels et al., 1993; Pratt-Zossoungbo and Biber, 2009).  Thus, the 
absence of AMF root colonization and paucity of AMF DNA in the youngest two Sabine marshes 
was expected.  Both D. spicata and S. patens, on the other hand, have been found to exhibit 
comparatively high rates of AMF colonization in wetland settings (Allen and Cunningham, 1983; 
Burcham et al., 2012), and these two species dominated my sampling sites in all of the other 
Sabine marshes.  Indeed, the relatively greater number of positive results for AMF DNA that I 
observed in the soils of these marshes appears to reflect these previously observed 
associations; however, it is unclear as to why AMF colonization was not apparent in the roots of 
these soils.2  In WLD, the species of vegetation that I observed in the 29-year-old, 41-year-old, 
and reference plots have all been observed to form associations with AMF (Lodge, 1989; Khade 
and Rodrigues, 2007; Kandalepas et al., 2010).  However, I could not confirm the AMF status of 
the two species of vegetation observed in the youngest WLD plots, N. lutea and S. platyphylla, 
and I observed the fewest number of positive AMF DNA results in this marsh.  Whereas I 
observed the lowest rates of DNA amplification in the youngest—and lowest elevation (Table 
1.1)—WLD marsh, there was no correlation with vegetation cover.  This observation would, to 
some extent, seem to reflect a tendency for AMF to be less abundant in highly flooded soils as 
observed previously (Anderson et al., 1984), and thus, some taxa of AMF might exhibit trends of 
decreasing activity with decreasing redox potential of the soil (Beck-Nielsen and Vindbæk 
Madsen, 2001).  Such a dependency of AMF abundance on elevation appears to have been 
demonstrated in the Sabine marshes by the observations of Abbott (2017).  Abbott (2017) 
measured the concentration of various microbial fatty acid methyl esters (FAMEs) in the soils of 
the Sabine created marshes and observed that the AMF-specific FAMEs tended to be associated 
with high-elevation marshes, primarily the highest-elevation marsh, which was created in 1996 
and was not included in the present study.  However, given that there have been reports of 
AMF abundance being equally high across gradients of soil moisture (Cooke et al., 1993; Turner 
and Friese, 1998), including in roots of submerged aquatic vegetation (Kohout et al., 2012), a 
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trend with flooding extent may not be a result of anaerobic stress.  Rather, such a trend might 
be related to phosphorous availability, given that phosphate tends to become less bioavailable 
under aerobic conditions when ferric iron is present (Reddy and DeLaune, 2008).  Because the 
symbiotic relationship between plants and AMF is based on the ability of AMF to efficiently 
scavenge nutrients (primarily phosphorous) (Smith and Read, 2008), AMF colonization tends to 
be diminished when phosphorous is readily available to the plants (Cornwell et al., 2001).  
However, I did not measure phosphorous concentrations in the present study, and hence, it is 
presently unclear as to whether marsh elevation, per se, contributed to this trend in these 
marshes. 

The seemingly contradictory results between the two methods that I used for assessing 
AMF should be viewed with the respective methodologies in mind.  Theoretically, the PCR 
method amplifies any AMF DNA in the soil—whether from live, dormant, or dead AMF—and 
can do so even when the abundance of such DNA is extremely low.3  In contrast, the root 
colonization method is only capable of demonstrating active colonization of roots, and the 
result depends on there being observable arbuscules within the roots (McGonigle et al., 1990; 
Brundrett, 2004), which would be sparse and heterogeneous if colonization was low.  Thus, the 
PCR method may tend to overestimate active AMF presence whereas the root colonization 
method may tend to underestimate it.  Although the primers that I used for PCR are among the 
most AMF-specific primers currently known (Xiang et al., 2015), it is possible that there were 
false positives, and in the future, sequencing of the amplicons could provide more definitive 
evidence concerning the presence/absence of AMF.  It is also conceivable that allochthonous 
AMF spores, viable or not, could be deposited to these systems through the water (Harner et 
al., 2011).  If this mechanism were a substantial source, however, I would expect comparable 
amplification rates in the youngest sites, contrary to what I observed.  Overall, and given that I 
was able to observe some arbuscular structures in upland plant roots using the same root 
preparation method as that used for the chronosequence samples, I suggest that the absence 
of observable arbuscules in my samples was due to generally low—not absent—AMF 
colonization at my study sites.  Furthermore, whereas AMF abundance has been correlated 
with AAE protein concentrations in upland soils (Rillig, 2004; Wilson et al., 2009; Bedini et al., 
2010), the presence of AMF DNA did not appear to be correlated with AAE protein density in 
soils studied here.  It thus appears, based on my observations, that AMF are not likely to be 
significant contributors to the AAE protein pool in these marshes. 
 
3.4.3 Hydrolysable non-protein component of the whole AAE protein extracts 
  
 Of the total solids extracted in the AAE protein extraction procedure, very little (<10% 
w/w) resembled protein.  This result is qualitatively consistent with molecular characterization 
studies of AAE protein extracts (Schindler et al., 2007; Gillespie et al., 2011).  Based on the 
previously hypothesized role of AAE protein in facilitating the protection of other forms of SOM 
through hydrophobic interactions (Rillig and Mummey, 2006), I hypothesized that the AAE 
protein would be accompanied by comparable amounts or greater of hydrolysable, non-
proteinaceous organic material.  This hypothesis would be consistent with the protein 
potentially being directly bound with other labile organic matter.  Instead, however, I observed 
that nearly all of the non-proteinaceous material that was hydrolyzed was inorganic.  In fact, 
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the whole extracts included a substantial amount (~30% w/w) of mineral material, nearly all of 
which dissolved during the hydrolysis incubation.  This observation was somewhat surprising 
considering that, prior to hydrolysis, the extracts underwent an acid precipitation step and 
were then re-dissolved and extensively dialyzed against DI water.  Although, the presence of 
such a mineral component does appear to be typical of humic acid fractions (Stevenson, 1994), 
for which treatment with hydrofluoric acid is needed to obtain an ash-free product.  I initially 
speculated that the large mineral component contributed to the fact that approximately half of 
the extract N was not hydrolyzed (Chapter 2), under the assumption that the minerals protect 
these nitrogenous compounds from hydrolysis—as has been proposed previously in the context 
of whole soils (Loll and Bollag, 1983; Leinweber and Schulten, 2000).  However, my 
observations provide little evidence for this scenario, given how little mineral material 
remained after hydrolysis.  Although the mineral component might still play a role in stabilizing 
the proteinaceous material in the soil, it did not appear to promote any resistance to acid 
hydrolysis in my extracts.  Yet, whether any association between the protein and mineral 
material is present in the soil or is formed during extraction cannot be determined from my 
observations. 

In contrast to the hydrolyzed fraction, the post-hydrolysis residue appeared to be 
almost entirely composed of organic material (~95%), which was very similar to humic acid 
fractions in terms of elemental composition.  This humic acid-like residue accounted for roughly 
50% of mass of the initial solids.  Given that this organic residue survived 6 N HCl treatment in 
the apparent absence of mineral material, I suggest that this residue may be primarily 
composed of lignin-derived compounds, which are generally regarded as the major precursors 
of humic acid fractions (Reddy and DeLaune, 2008) and exhibit a similar elemental composition 
(Filip et al., 1988).  Thus, my results support previous characterizations of AAE protein extracts 
(Schindler et al., 2007; Gillespie et al., 2011) that suggest that these extracts are a protein-
enriched version of the humic acid fraction.  The non-hydrolysable N component may have 
been partly contributed by additional amino acids that were encapsulated within, or otherwise 
protected by, the humic acid-like residue—similar to the mechanism proposed by Schulten and 
Schnitzer (1997) and for which Knicker and Hatcher (1997) and Zang et al. (2000) have provided 
evidence in organic-rich soils.  Small amounts of heterocyclic N may have also contributed 
(Schulten and Schnitzer, 1998), though likely not to a significant extent (Knicker et al., 1993).  
Together with the minor insoluble mineral component, the non-hydrolyzed organic residue of 
my extracts appears to be fully consistent with current models of the overall SOM (Paul, 2016). 
 
3.4.4 Amino acid composition of the AAE protein extracts 
  
 In regard to the amino acids liberated upon hydrolysis of the AAE protein extracts, I 
observed the relative amino acid compositions to be no different between Sabine and WLD, 
which also did not differ between the two depth intervals (0–15 cm and 15–30 cm), and 
contrary to my hypothesis.  In general, the amino acid profile of SOM does not vary much 
across soils of different regions (Sowden, 1977; Christensen and Bech-Andersen, 1989; Friedel 
and Scheller, 2002), and Sowden et al. (1977) have found that the average profile of their wide 
range of soils most closely resembled that of bacteria.  However, the variation observed in 
whole soils does appear to be greater than what I observed for the AAE protein fraction.  
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Whereas the profile that I observed for AAE protein was qualitatively similar to those reported 
for whole soils, a comparison of the amino acid profiles of the AAE protein with those reported 
for a range of temperate and subtropical soils (Sowden et al., 1977; Friedel and Scheller, 2002; 
Fig. 3.6a); with those of brackish marsh plant litter, including decayed and detrital material 
from D. spicata and Spartina sp. (de la Cruz and Poe, 1975b; Fig. 3.6b); and with the average 
profiles of a range of aquatic and terrestrial environments (Moura et al., 2013; Fig. 3.6c) 
revealed that what I observed in the AAE protein fraction tended to fall outside or at the 
extremes of each of these ranges.  For instance, regarding the comparison to the profiles of 
brackish marsh plant litter, de la Cruz and Poe (1975b) have observed a substantial decline in 
the relative contribution of glutamic and aspartic acids with increasing decay of the plant 
material—yet, it was for these two amino acids that I observed the AAE protein profile to be 
most elevated. 

Further, comparison of the AAE protein amino acid profile with these three ranges 
combined, along with those reported for Arctic and tropical soils, Lake Ontario sediments 
(Sowden et al., 1977), and humic acid fractions (Malcolm, 1990; Trubetskaya et al., 1998; Fig. 
3.6d), showed that this overall range still fails to fully encompass the average profile that I 
observed for the AAE protein fraction of my samples.  Specifically, the profiles of my AAE 
protein extracts appeared relatively enriched in valine, isoleucine, and leucine; whereas, they 
were relatively depleted in serine, glycine, and threonine in comparison with the literature 
values for soils, humic acids, and plant litter.  There are a few possible explanations for this 
consistent discrepancy between the amino acid profiles of the AAE protein in my sites and 
those typical of whole soils, humic acid fractions, and plant litter: 1) the microbial communities 
in the soils I studied were very similar between the two depth intervals and the two wetland 
types, but they differed from those of upland soils; 2) the extraction was selecting for (via 
chemistry and heat-stability) a relatively narrow and consistent subset of abundant proteins 
that might have been highly conserved among various microbial taxa; or 3) there was some 
source of systematic error in my analysis.  Without knowing the amino acid profiles of the 
whole soils in the Sabine and WLD marshes, I cannot rule out any of these possibilities; 
however, the second possibility seems most likely and is supported by previous observations of 
distinct and dominant bands when AAE protein extracts are subjected to polyacrylamide gel 
electrophoresis (Wright et al., 1998; Chen et al., 2009; Gillespie et al., 2011).  Furthermore, the 
impacts that salinity, hydrology, and nutrient inputs can have on soil microbial communities 
(Reddy and DeLaune, 2008; Dinter et al., 2019) would seem to discount the first possibility—
i.e., that these profiles reflect highly similar microbial community compositions among all of the 
marshes, yet are distinct from those of upland soils.  Such a small selection of proteins could be 
comprised primarily of heat-stable proteins; Gillespie et al. (2011) have provided sequence-
based evidence for this possibility.  As Gadkar and Rillig (2006) have noted, stress-related 
proteins tend to be highly conserved, and thus there could still be numerous organisms that are 
contributing to the AAE protein pool.  These authors have provided strong evidence that one of 
the most abundant proteins that could potentially be extracted intact within the AAE protein 
fraction is a heat-shock protein from AMF (GiHsp 60), which is similar in sequence to other 
stress-related proteins from non-mycorrhizal fungi.  However, the substantial difference 
between the amino acid profile of GiHsp 60 and that of the AAE protein in my samples (Fig. 
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3.6d) suggests that this or other stress-related proteins of similar composition were not 
dominating the amino acid signal.   
 
 

   

   

Figure 3.6. Comparison of the hydrolysable amino acid profile of the AAE protein fraction from the 
present study (solid squares) to the profile ranges (shaded regions) of (a) previously studied soils: cool 
temperate and subtropical soils (Sowden et al., 1977) and temperate soils (Friedel and Scheller, 2002); 
(b) brackish marsh plant litter of D. spicata, Spartina cynosuroides, Juncus roemarianus, and 
Schoenoplectus americanus (de la Cruz and Poe, 1975b); (c) literature-based averages of aquatic and 
terrestrial whole environments (Moura et al., 2013); and (d) the combined ranges of (a)–(c), along with 
those of Arctic and tropical soils and Lake Ontario sediments (Sowden et al., 1977), Elliot and Ohio soil 
humic acids (Malcolm, 1990), and Arctic, podzol, forest, chernozem, and Red soil humic acids 
(Trubetskaya et al., 1998).  The dashed line and asterisks in (d) represent the theoretical profile of heat 
shock protein 60 from Glomus intraradices (GiHsp 60) as calculated based on the sequence reported by 
Gadkar and Rillig (2006).  Error bars are ± standard deviation for all pooled AAE protein extracts from 
this study (n = 20).  See Fig. 3.5 for legend of amino acid abbreviations. 
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Regarding the possibility of systematic error in my analyses, this would be expected to 
arise in the sample preparation stage, prior to amino acid analysis, because the analysis itself 
included a BSA protein standard within the same set of runs as the samples.  One possible 
source could be selective degradation of certain amino acids during the drying steps.  However, 
drying of the soils and extracts was done at 60°C within < 5 days, a temperature at which 
significant thermal degradation of these amino acids would not be expected based on the 
observations of Sohn and Ho (1995).  These authors observed that only glutamine exhibited 
non-negligible degradation at 110°C; however, this was explained by deamidation of glutamine 
to glutamic acid, which is already assumed to occur during the hydrolysis incubation and is 
accounted for in the amino acid analysis that I performed.  Another potential source of error 
may be in the hydrolysis incubation.  It is known that peptide bonds differ in terms of their 
optimum hydrolysis time; some require longer times to be liberated (Ozols, 1990).  Conversely, 
some amino acids are known to decompose over such longer incubations.  Generally, an 
incubation time of around 24 hours is expected to maximize recovery while minimizing 
degradation (Ozols, 1990), and 22 hours was the incubation time used in the present study.  It is 
therefore conceivable that the duration of the incubation may have played a major role in 
determining the composition that I observed.  On a relative composition basis, a change in just 
one or a few amino acid estimates could significantly alter the entire observed profile. 

A search of the AAE protein profile using the AACompIdent tool 
(http://www.expasy.org/tools/aacomp/ ; Gasteiger et al., 2005) for the Swiss-Prot/TrEMBL 
sequence databases revealed two close matches (similarity score < 30), though both were 
marginal (scores of 26 and 29).  Table 3.3 lists all protein matches with a similarity score < 32.  
Generally, given the source organisms, molecular weights, and functions of these proteins, all 
four were somewhat plausible.  All were from heterotrophic microbes and, interestingly, three 
of which were from marine or halophilic organisms.  Three of the proteins had extracellular 
roles in degradation of organic matter—in particular, ureases and β-glucosidases are common 
hydrolytic enzymes in soils (Tabatabai, 2003)—and Burns et al. (1972) have suggested that 
ureases may readily become intercalated within humic structures, where they may be 
protected from proteases and therefore may persist over long time periods.  Additionally, 
Masciandaro et al. (2008) have demonstrated the extraction of humic-bound β-glucosidase 
from soils using a pyrophosphate buffer similar to that used here; although, the extraction was 
done at neutral pH and they did not autoclave the extracts.  There also appears to be a 
tendency of these protein candidates to have low isoelectric points (pI)—i.e., they are 
negatively charged over a large pH range.   Among the proteomes of over 4,000 organisms of 
archaea, viruses, bacteria, and eukaryotes, Kozlowski (2017) has shown that, overall, the 
majority of proteins have a pI between 5.5 and 7.9.  Perhaps the exceptionally low isoelectric 
points of the candidate proteins indicates some selectivity of the extraction method—although, 
at the pH of my extractions (9.0), most proteins would have a net negative charge, and the 
GiHsp 60 protein has a pI of 5.9 (Gadkar and Rillig, 2006).   

 
 
 
 

http://www.expasy.org/tools/aacomp/
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Table 3.3. Known proteins of greatest similarity to the AAE protein in terms of average amino acid 
composition. 

Protein candidate 
Similarity 

score† pI‡ 
MW 
(kDa) Organism Function 

Protein-export 
protein SecB 

26 4.08 18.5 
Sphingopyxis alaskensis; 
marine aerobic bacterium 

Protein chaperone 

Urease accessory 
protein UreG 

29 4.17 22.1 
Haloquadratum walsbyi; 
halophilic archaeon 

Urea hydrolysis 

Probable glucan 
1,3-β-glucosidase A 

31 4.84 43.3 
Aspergillus clavatus;    
non-mycorrhizal fungus 

Role in hydrolysis of β-
glucosides (e.g. cellulose) 

Glycine cleavage 
system H protein 

31 3.72 13.8 
Pseudoalteromonas 
atlantica; marine 
bacterium 

Role in degradation of 
glycine 

† Measure of similarity with the average amino acid composition of the AAE protein extracts—smaller 
values indicate greater similarity (Gasteiger et al., 2005).  No constraints on isoelectric point (pI), 
molecular weight, or source taxon were imposed on the search.  ‡Theoretical isoelectric point. 

 
 
Overall, however, I cannot speculate further regarding the mechanisms of this 

seemingly unusually consistent amino acid profile without the profile of AAE protein fractions 
extracted from other soils.  As reviewed by Bastida et al. (2009), the currently available 
methods of protein extraction and purification of soil protein are known to exhibit significant 
biases in terms of the distribution of proteins obtained.  Thus, in my case, it may be that 
changes in extraction procedure, hydrolysis method, or even laboratory would have a 
significant effect on the profile, but because it appears that the amino acid profile of AAE 
protein has not been reported elsewhere, this possibility remains speculation. 
 
3.5. Conclusions 
 

 In examining two distinct chronosequences of coastal wetland soils, I observed that the 
AAE protein fraction monotonically increased with marsh soil development and vegetation 
succession within both systems and contributed a non-trivial proportion of the overall SOM; 
however, the rate at which this occurred appeared primarily driven by overall organic matter 
accumulation and N input.  Furthermore, I found that AAE protein was not correlated with the 
presence of AMF-specific DNA in these soils, nor did it appear correlated with vegetation 
coverage or community beyond its correlation with TOC and TN.  In both systems, the 
contribution of AAE protein to TOC and TN in the oldest marshes (33- and 41-years old) 
resembled those of the respective established reference marshes.  However, the contribution 
of AAE protein to TOC and TN significantly increased with age in the WLD chronosequence, 
whereas in Sabine, there was no change in contribution to TOC with age, and only a marginal 
increase in contribution to TN at the oldest marsh.  I suggested that this discrepancy could be a 
result of greater N input to the WLD marshes relative to the Sabine marshes.  Contrary to what I 
hypothesized, the fact that the AAE protein did not appear to be bound with appreciable 
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quantities of other forms of hydrolysable organic matter suggested that it might not have 
played a direct role in binding SOM or preserving labile organic C in these systems.  Examination 
of the hydrolysable amino acids in the extracts revealed remarkably similar profiles, which did 
not differ significantly between the 0–15 cm and 15–30 cm soil depth increments, nor did they 
differ between the two chronosequences.  Yet, the average profile did appear to systematically 
deviate from the ranges reported for whole soils, humic acid fractions, and plant detritus.  
Overall, these amino acid data suggested that the extraction method may be selecting for a 
relatively narrow and consistent subset of ubiquitous proteins in the soil, perhaps through a 
particular association with humic substances and mineral components.  Thus, this type of 
analysis of AAE protein extracts may not offer any additional information with respect to soil 
health parameters, although similar analyses of extracts from a range of other soils would be 
needed for comparison before reaching this conclusion. 
 AAE protein remains a nebulous pool of SOM and, given that my analyses suggest that it 
is a highly conserved fraction of soil protein that is also highly correlated with TOC and TN, 
caution is needed when interpreting its significance with respect to soil aggregation and 
ecological processes. 
 
3.6. Notes

1. Whereas I considered that inorganic N input might have been elevated close to the outlet, the fact 
that the salinity remained nearly zero throughout the delta would suggest that the flow may be 
sufficiently high that there would be little proportional uptake of N from the water over the distance 
of the chronosequence.  The implication is that no N gradient would be expected in the overlying 
water.  This conclusion is consistent with previous observations in the WLD (Alexandra Christensen, 
pers. comm.). 

 
2. My root samples were collected in the middle of spring, and I considered the possibility that any new 

AMF growth may have been in early log phase (Abbott and Robson, 1991; Bohrer et al., 2004); i.e., 
that the time of sample collection may have contributed to especially low AMF abundance.  However, 
given that Burcham et al. (2012) observed relatively sustained rates of AMF colonization in Louisiana 
brackish and salt marshes across seasons, this logic seems an unlikely explanation for my results.   

 
3. I initially considered basing this qualitative assessment on soil RNA under the assumption that the 

RNA pool would better reflect active versus sporulated AMF.  However, because Gamper et al. (2008) 
have previously shown that AMF spores can contribute substantially to the soil RNA pool—more so 
than hyphae—and because RNA is prone to rapid degradation upon isolation, I opted to base this 
analysis on DNA.   
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Chapter 4.  
Refractory Pools of Organic Carbon and Nitrogen Across Two Soil 

Chronosequences of Restored Coastal Wetlands 
 
4.1. Introduction 
 

 Despite the threat to stores of soil organic C in coastal wetlands, few studies have 
addressed the stability of this C with respect to its relative resistance to decomposition.  Such 
stability has important implications not only for long-term C burial in situ but also for scenarios 
in which wetland soil structure is compromised and bulk stores of C become exposed to aerobic 
conditions.  Wetland soil C that is relatively resistant to decomposition would be expected to 
have a greater chance of re-burial upon being transported to open water (Wang et al., 2015a).  
There are several operationally defined fractions of SOM that have been established and that 
have served as metrics of slowly decomposing C and nitrogen (N), primarily in upland soils 
(McLauchlan and Hobbie, 2004).  One of these fractions is the non-acid hydrolysable organic C 
and N, which I will refer to as refractory organic C (ROC) and refractory N (RN), respectively.  
This is defined as the soil C and N that remains in solid phase after reflux of the soil in 6 N HCl, 
which is expected to largely consist of macromolecular compounds that are not readily 
hydrolysable as a result of their structure (e.g., aromatics and fatty acids) and/or possible 
association with the mineral matrix (Paul et al., 2006; Silveira et al., 2008; Wang et al., 2015a); 
whereas I will define the C that is lost as the labile organic C (LOC) fraction, which includes both 
fast- and intermediate-cycling organic C.  Using 14C-dating, Leavitt et al. (1996) and others (see 
Falloon and Smith (2000) and Paul et al. (2006)) have demonstrated that the ROC fraction tends 
to be significantly older than the total organic C of the bulk soil (TOC)—observations that 
support the view that the ROC fraction represents a pool of slowly decomposing soil C.  One 
class of compounds that are thought to make substantial contributions to the ROC pool are 
lignin-derived compounds (Dodla et al., 2012; Bi et al., 2019).  These substances can result from 
microbial degradation of lignocellulosic components of vascular plant tissues, and they may to 
some degree be relatively resistant to complete re-mineralization (Bi et al., 2019).  The 
associated RN may also be of interest as this pool of N could perhaps be an important sink for 
excess dissolved inorganic N—similar to the role of denitrification.  Although there is debate as 
to what compounds principally constitute the RN fraction, it is thought to exist in some 
combination of heterocyclic and proteinaceous forms (Schulten and Schnitzer, 1998), the latter 
potentially being bound to mineral surfaces (Leinweber and Schulten, 2000) or occluded within 
ROC structures (Knicker and Hatcher, 1997).  Whereas, upon wetland erosion, it is the labile N 
(LN) that may be readily re-mineralized to ammonium or nitrate and thus potentially contribute 
to coastal hypoxia by fueling algal growth.  The LN fraction includes both hydrolysable organic N 
and inorganic N, although the latter is generally present in very small proportions (less than a 
few percent) of the total soil N (TN).   

In a review of studies of ROC in various upland soils, Paul et al. (2006) have found that 
the contribution of ROC to TOC is consistently around 50~60%.  The implication is that the 
concentration of ROC is directly proportional to TOC.  Whereas it might be expected that 
contributions of ROC to TOC would tend to be lower in wetland soils as a result of enhanced 
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preservation of the LOC pool in anaerobic environments, this may not necessarily be the case as 
some have observed (Silveira et al., 2008; Ahn et al., 2009).  Overall, however, relatively few 
studies have evaluated ROC in coastal wetlands, and it is therefore unclear whether the 
combination of anaerobic soil conditions, salinity, and input of allochthonous organic matter 
and mineral sediment may alter this proportionality.  Specifically, rates of mineral 
sedimentation are thought to affect the relative proportions of LOC through multiple possible 
mechanisms: 1) high mineral sedimentation can directly cause rapid burial of SOM, thus 
reducing its exposure to aerobic conditions (Unger et al., 2016); 2) mineral surfaces can bind 
and stabilize SOM (Kleber et al., 2015); and 3) higher mineral accretion rates can enhance 
growth of vegetation (DeLaune et al., 1990), which may enhance the production of relatively 
labile SOM (Elsey-Quirk and Unger, 2018).  The first two mechanisms would be expected to 
increase the relative proportion of LOC by slowing its otherwise rapid decomposition; whereas 
the third might promote preferential production of LOC.  In a study of C accumulation in salt 
marshes on the mid-Atlantic coast of the USA, Unger et al. (2016) have observed that ROC 
contribution was disproportionately lower (contribution range: 20~50%) in the studied 
marshes that had higher mineral sedimentation rates—an observation that the authors 
primarily attributed to faster rates of burial, and therefore protection, of the more labile SOM.  
Such a conclusion might imply that coastal marshes receiving large amounts of sediment input 
may contain higher proportions of relatively labile C that would be susceptible to degradation 
upon wetland loss or erosion.  In contrast, Dodla et al. (2012) have found the contribution of 
ROC to be relatively high (contribution range: 51~84%) among both freshwater and saline 
marshes in the Mississippi Deltaic Plain, USA.   Yet, in soils from nearby marshes, Steinmuller et 
al. (2019) have recently demonstrated that a large amount of rapidly mineralizable C may 
persist in deep soil layers, as judged from the fact that this C fueled high rates of microbial 
respiration upon exposure to aerobic conditions, even more so than the soil C near the surface.  
Hence, a significant amount of the C stored in these wetlands may be susceptible to rapid re-
mineralization if these systems deteriorate or are eroded by climate-driven and anthropogenic 
forces. 
 Another operationally defined fraction of SOM—the autoclaved alkaline extractable 
(AAE) protein fraction (a.k.a. glomalin-related soil protein)—has been correlated with soil 
aggregation, to which it is hypothesized to directly contribute via hydrophobic interactions with 
other forms of SOM (Rillig, 2004; Rillig and Mummey, 2006).  Specifically, it has been speculated 
that AAE protein helps protect forms of labile SOM through direct binding or by facilitating the 
formation of soil aggregates (Wilson et al., 2009; Zhang et al., 2017).  It is through this potential 
to enhance soil aggregation that AAE protein may be involved in the preservation of relatively 
labile forms of SOM, wherein extracellular enzymes of microbial decomposers may be 
physically excluded from the interior of these aggregates (Jastrow et al., 2007).  Although my 
previous observation that a trivial amount of labile SOM appeared to be directly bound with the 
AAE protein suggested that the protein may not have a direct role in binding other forms of 
labile SOM (Chapter 3), it is unclear whether a correlation might exist between the relative LOC 
density in the soil and that of the AAE protein, possibly as a result of some other, less direct 
mechanism. 

In this study, I used the same two chronosequences of recently formed coastal 
wetlands—as in the studies described in the previous chapters—to serve as models of 
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Louisiana’s proposed approaches to wetland restoration (i.e., marsh creation and sediment 
diversion).  I sought to evaluate how soil stocks of ROC and RN in these newly established 
coastal marshes may change as these marshes develop, as well as the extent to which the 
refractory and labile fractions of SOM contribute to the overall organic C and N pools.  
Specifically, I hypothesized that 1) the contribution of ROC to TOC would increase with marsh 
age as a result of accumulation of lignin-derived compounds in concert with preferential 
degradation of the more labile organic matter; 2) the relative contribution of ROC to TOC would 
remain relatively low in the sediment diversion model due to the greater mineral sediment 
input acting either directly via faster burial and physicochemical stabilization of the LOC and/or 
indirectly via stimulation of new production; 3) the density of AAE protein in the soil would be 
positively correlated with LOC/TOC ratios because aggregate formation is expected to enhance 
preservation of the LOC fraction; and similarly 4) the density of mineral sediment would also be 
positively correlated with LOC/TOC ratios via the same hypothetical mechanisms mentioned in 
the second hypothesis. 
 
4.2. Materials and methods 
 

4.2.1 Study sites, field sampling, and initial sample preparation 
  
 The study sites were located in the Sabine National Wildlife Refuge (Sabine) and the 
Wax Lake Delta (WLD).  Information regarding these study sites was provided in Section 1.3 
(Chapter 1).  All analyses conducted in the present study were performed on subsets of the 
same dried and homogenized soil core sections described in the previous chapters.  Results that 
include AAE protein are based on the AAE protein data presented in Chapter 3. 
 
4.2.2 Quantification of refractory (non-acid-hydrolysable) organic C and N  

 
The refractory organic C (ROC) and refractory N (RN) in each soil sample was taken to be 

the C and N that is not acid-hydrolysable based on a modified version of the HCl hydrolysis 
method described by Leavitt et al. (1996).  Approximately 1 g of dry ground soil was weighed 
into 60-mL pyrex tubes, and 30 mL of 6 N HCl was added.  The tubes were incubated on a 110°C 
heat block for 18 hrs.  To minimize evaporation, the tubes were covered with glass funnels and 
beakers during the incubation.  After cooling, each soil suspension was transferred to pre-
weighed 50-mL polypropylene centrifuge tubes and centrifuged at 3500×g for 15 min.  The 
supernatant was discarded.  The remaining residue in the glass tubes was then quantitatively 
transferred to each corresponding centrifuge tube, rinsing the glass tubes thoroughly with ~30 
mL of deionized (DI) H2O.  The centrifuge tubes were vortexed to form a slurry, and the 
centrifugation step was repeated.  A final rinse of the soil pellet was done by adding 30 mL of DI 
H2O, followed by vortex mixing and an additional centrifugation step.  The tubes and hydrolysis 
residues were dried to a constant weight at 60°C and the final weights recorded.  Each dry 
residue was homogenized by vortex mixing for several minutes, and a subset was weighed and 
analyzed by CHN elemental analysis (as for whole soils, except without a fumigation step; 
Section 1.3.2) to determine the concentrations of ROC and RN in each original soil sample 
(mg·g−1) based on Eqs. 4.1 and 4.2: 
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ROC =
%OCPH

100
×

mPH

mi
     (4.1) 

 

RN =
%NPH

100
×

mPH

mi
      (4.2) 

 
in which %OCPH and %NPH are the weight % concentrations of OC and N, respectively, in the 
post-hydrolysis residue, mPH is the total weight of the post-hydrolysis residue in mg, and mi is 
the total weight of the initial soil sample subjected to hydrolysis in g.  The labile organic C (LOC) 
and labile N (LN) were then defined as the difference between TOC and ROC, and between TN 
and RN, respectively. 
 
4.2.3 Data analysis and statistics 
  
 All statistical analyses were carried out using MATLAB R2016b (Mathworks) with the 
statistical and curve-fitting packages installed.  Carbon and nitrogen stocks were calculated for 
individual cores on a mass per area basis, integrated every 5 cm down to 30 cm based on the 
bulk density of each 5-cm core section.  In the 1-year-old marsh of Sabine, where the cores did 
not extend beyond 20–25 cm, the stocks of the deepest section sampled from each core was 
extrapolated to a depth of 30 cm for the purposes of marsh stock comparison.  Because the soil 
in this marsh was almost exclusively homogenized dredge material, the inter-depth variability 
within these cores was low (Table 1.2 and Fig. D.2a).  Contribution ratios of ROC and RN to TOC 
and TN, respectively, were calculated as a ratio of stocks for each individual core, and the 
marsh averages are reported (n = 3 cores per marsh).   

The C and N stocks of all marshes were compared across chronosequences by one-way 
analyses of variance (ANOVA) because nested ANOVAs indicated that there was no significant 
difference between the two chronosequences (p > 0.05).  Multiple comparisons and 
corresponding p-values were based on Tukey-Kramer honestly significant difference (HSD) post 
hoc tests using the multcompare() function in MATLAB.  Alphabet-coded differences shown in 
the figures represent significant differences at the α = 0.05 level.   

To estimate the C and N accumulation rates in Sabine and the time expected for the 
Sabine created marshes to become equivalent to the natural reference marshes in terms of C 
and N, the stocks of TOC, ROC, TN, and RN were regressed as linear functions of marsh age 
(assuming the accumulation rates to be constant).  The slopes of these functions represented 
the respective estimates of accumulation rates, whereas the estimated equivalence times were 
determined by evaluating each function at the corresponding average stock of the reference 
marsh plots.  The 95% confidence interval (CI) of each equivalence time estimate was 
determined using a Monte Carlo simulation (Appendix B, Script 3), wherein normally distributed 
pseudorandom numbers (n = 3) were generated based on the observed means and standard 
deviations of the stocks of each marsh.  This simulation was performed for 10,000 iterations, 
each resulting in an estimate of equivalence time.  The bounds of each confidence interval were 
defined as the 2.5-percentile and 97.5-percentile values of these 10,000 simulated estimates.  
Because the 30-cm stocks of the WLD marshes did not increase linearly with age, C and N 
accumulation rates in WLD were estimated as the difference between the corresponding 
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average stocks of the 29- and 16-year-old marshes, assuming the average accretion rates of 
these marshes to be < 2.3 cm yr−1, which is consistent with previous estimates along the edges 
of a WLD island (DeLaune et al., 2016). 

To visualize trends in the overall contribution of ROC and RN to TOC and TN, 
respectively, as functions of marsh age, the ratios of ROC (or RN) stock to TOC (or TN) stock—as 
determined for each soil core—were fit by linear regression, excluding those of the reference 
marshes.  Analogous regressions were fit to the OC:N ratios of the total soil, refractory, and 
labile fractions as functions of marsh age.   

To assess the relative strengths of the relationships between the soil densities of the C 
and N fractions, the mineral fraction, AAE protein, and the LOC/TOC ratio, Spearman’s rank 
correlation coefficient (ρ) was calculated for each of the pairwise comparisons, and correlations 
for which p < 0.01 were deemed significant.  This coefficient was used, rather than the Pearson 
coefficient, because the trends between these various soil components were not always linear 
but were monotonic.   

Correlations between ROC and TOC, and between RN and TN, were plotted on a per 
core section basis and were fit by stepwise polynomial least-squares regression.  In each case, 
the data of Sabine and WLD were fit to either a single model or two separate models, 
depending on the results of a one-way analysis of covariance (ANCOVA) performed on the log-
transformed data at the α = 0.05 level.  The coefficients included in all regressions were 
significant to p < 0.05.  For each curvilinear regression, the p-value of an F-test against a purely 
linear fit is reported.  The correlations of the LOC/TOC ratio with AAE protein density, and with 
mineral sediment density, were also plotted on a per core section basis but were fitted by 
Model 2 least-squares (reduced major axis) regression.  Data from the reference marshes were 
included in all of these regressions.   
 
4.3. Results 
 

4.3.1 Stocks of carbon and nitrogen 
  
 Overall, across the two chronosequences, 30-cm stocks of TOC and TN fell in the ranges 
2.6–6.8 kg C m−2 and 150–490 from g N m−2, respectively.  In both chronosequences, the 
average 30-cm stocks of TOC and ROC increased with marsh age (Fig. 4.1a and 4.1b).  Stocks of 
TOC were similar in magnitude between Sabine and WLD, as were the stocks of ROC (nested 
ANOVA p > 0.7).  In Sabine, stocks of TOC and ROC in the created marshes were all significantly 
less than those of the reference marshes (p < 0.04).  Whereas in WLD, the TOC stocks of the 29- 
and 41-year-old marshes did not differ from those of the youngest marsh, the reference marsh, 
nor the Sabine created marshes; only those of the youngest marsh (2.82 ± 0.18 kg C m−2) and 
reference marsh (7.5 ± 0.3 kg C m−2) differed (p = 0.041).   

In Sabine, stocks of TN and RN did not differ significantly across the created marshes (p 
> 0.9; average: 340 ± 50 g N m−2 and 80 ± 20 g N m−2, respectively; Fig. 4.1c) and were 
significantly lower (by approximately 50%) in these marshes versus the reference marshes (p < 
0.02; average: 700 ± 160 g N m−2 and 240 ± 60 g N m−2, respectively).  In WLD, stocks of TN 
increased with marsh age (Fig. 4.1d), though only the TN stock of the reference marsh (510 ± 40 
g N m−2) was significantly greater than that of the youngest marsh (p = 0.011; 175 ± 19 g N m−2).  
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Similar to the TOC trend, the TN stocks of the 29- and 41-year old marshes were no different 
than those of either the 16-year old or reference marshes (p > 0.05).  RN stocks, however, did 
not differ among any of the WLD marshes (p > 0.1; average: 80 ± 30 g N m−2) and were all 
similar to those of the Sabine created marshes (p > 0.3); they were significantly less than the 
Sabine reference marshes (p < 0.0001). 

 
 

  

 

Figure 4.1. Average stocks of LOC and ROC (a and b), and LN and RN (c and d) in the top 30 cm of soil in 
each marsh of Sabine (left) and WLD (right).  Error bars are ± standard error (n = 3 cores).  Letters indicate 
significant differences (p < 0.05) based on Tukey-Kramer HSD post-hoc tests after one-way ANOVA, in 
which all marshes were included.  Note that the total height of the bars represents TOC or TN. 
  

 
 In Sabine, stocks of TOC and ROC were linearly correlated with marsh age (r2 = 0.71 and 
0.81, respectively, p < 0.001; Table 4.1).  Because the stocks of the oldest created marsh in 
Sabine (33-year-old) were significantly less than those of the references marshes, I applied a 
linear regression to estimate the approximate time that would be expected for the stocks of 
these created marshes to reach those of the reference marshes (the equivalence time; Table 
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4.1), assuming a constant accumulation rate.  The equivalence times for TOC (100 yrs; CI: 60–
170 yrs) and ROC (90 yrs; CI: 60–130 yrs) were similar, and are consistent with the model of 
wetland development that has been described by Craft et al. (2003).  With respect to TN, 
however, there was no significant change in stocks with age in Sabine (p = 0.56).  Stocks of RN 
did appear to increase subtly (r2 = 0.40, p = 0.027), which implied that LN was being converted 
to RN with an estimated equivalence time of 200 yrs (CI: 100–400 yrs). 
 
 
Table 4.1. Linear regressions of stocks with marsh age in Sabine, and the corresponding estimates of 
the time to reach equivalency to those of the reference marshes.   

 Sabine  WLD 

 TOC ROC TN RN  TOC  ROC  TN  RN 

Slope (g m−2 yr−1) 76 ± 15 72 ± 11 NS 1.0 ± 0.4 
 

Oldest (41-yr) 
marsh did not 
significantly differ 
from the reference 
marsh in terms of  
C and N stocks  
(ANOVA, p > 0.05). 

Intercept (g m−2) 3500 ± 300 1600 ± 200 320 ± 20 70 ± 7 
 

r2 (p-value) 0.71 (<0.001) 0.81 (<0.0001) <0.1 (0.56) 0.40 (0.027) 
 

Reference average 
(g m−2) 

10800 ± 1200 7800 ± 980 700 ± 90 240 ± 20 
 

Equivalence time 
(95% CI) 

100 yrs 
(60–170) 

90 yrs 
(60–130) 

(>400 yrs) 
200 yrs 

(100–400)  
Boldface indicates a significant correlation with marsh age (p < 0.05). NS = not significant.  Errors are ± 
standard error (n = 3 cores).  The equivalence times and corresponding 95% confidence intervals (CI) were 
estimated based on a Monte Carlo simulation using the means and standard deviations of the stocks of 
each marsh, and assuming the accumulation rates to be constant (Section 4.2.3). 

 
 

In WLD, the stocks of the oldest marsh were not significantly different from those of the 
reference marsh (ANOVA p > 0.05), and the stocks did not follow a linear relationship with age.  
With respect to the estimation of C accumulation rate in WLD, it would be inappropriate to use 
an analogous method to that used for Sabine because the high accretion rates that are 
expected of the WLD marshes (on the order of ~1.5 cm yr−1 as estimated on an adjacent WLD 
island; DeLaune et al., 2016) means that the 16-yr horizon may not always occur within the 30-
cm soil depth interval that I sampled.  Thus, a curve fit to all three stocks shown here would 
likely correspond with an underestimate of C accumulation rate.  Instead, I assumed the 
accretion rate to be on the order of 1.5 cm yr−1—hence the intermediate (29-yr) marsh stock 
would include all of the new accumulation.  Therefore, the difference between the stocks of the 
16-yr and 29-yr marshes would imply a C accumulation rate of 210 ± 50 g C m−2 yr−1, which is 
consistent with 250 ± 23 g C m−2 yr−1 as previously estimated for WLD (Shields et al., 2017).   
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4.3.2 Contributions of ROC and RN to TOC and TN 
 
Generally, the contribution of ROC to TOC (average: 59 ± 12%) was around two-fold that 

of RN to TN (average: 26 ± 8%).  In Sabine, the contribution of ROC to TOC (ROC/TOC; Fig. 4.2a) 
increased linearly with marsh age (r2 = 0.72, p < 0.001) as hypothesized, and did not differ 
between the oldest marsh and the reference marshes (p > 0.8).  In contrast, a significant linear 
trend with age was not observed for ROC/TOC in WLD (p = 0.4), and that of the oldest marsh 
was no different than that of the youngest marsh (p = 0.75) or that of the reference marsh (p = 
0.25). 

Despite the fact that TN stocks did not change with marsh age in Sabine, I did observe a 
subtle but significant linear increase in RN/TN (Fig. 4.2b; r2 = 0.45, p = 0.016) with marsh age in 
Sabine.  Ultimately, the RN/TN ratio reached that of one of the reference marshes (Ref B; p > 
0.99) and did not significantly differ from that of the other (Ref A; p = 0.13).  As was the case 
with ROC/TOC in WLD, I similarly did not observe a significant trend in RN/TN ratios across the 
same marshes (p = 0.36), and the RN/TN ratio of the oldest (41-year-old) marsh was similar to 
that of the corresponding reference marsh (p > 0.99). 
 
 

  
Figure 4.2. Average contributions of ROC to TOC (a) and RN to TN (b) as functions of marsh age within 

the Sabine and WLD chronosequences.  Error bars represent ± standard error (n = 3 cores).  NS indicates 

that the correlation was not significant (p > 0.05). 

 
 
 Overall, organic carbon to nitrogen (OC:N) ratios were always much higher (by twofold 
or more) in the refractory fraction than in the total soil, which is consistent with previous 
observations in wetland soils (Dodla et al., 2012).  In Sabine, OC:N ratios of the total soil and the 
refractory fraction exhibited linear relationships with age (Fig. 4.3)—both were significantly 
positively correlated with age (refractory: r2 = 0.97, p < 0.0001; total: r2 = 0.77, p < 0.001).  The 
OC:N ratios of the labile fraction, on the other hand, were 3- to 5-fold less than those of the 
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refractory fraction, and they remained virtually constant across all marshes (r2 = 0.3, p = 0.054), 
including the reference marshes, at an average of 7.3 ± 0.4 g·g−1.  These trends contrasted with 
those of WLD, in which subtle but significant negative correlations with age were observed for 
the total and labile OC:N ratios (total: r2 = 0.55, p = 0.022; labile: r2 = 0.74, p = 0.003), whereas 
no trend was observed for the refractory OC:N ratios (p = 0.3).  Additionally, in terms of OC:N 
ratios, the refractory fraction of WLD was the only instance in which the oldest marsh 
significantly differed from the reference marsh (ANOVA, p < 0.001). 
 
 

 

Figure 4.3. Organic C to N ratios of the total soil (diamonds), refractory fraction (closed 
circles), and labile fraction (open circles) as a function of marsh age in Sabine and WLD.  
Error bars represent ± standard error (n = 3 cores). 

 
 
4.3.3 Correlations among mineral density and the fractions of C and N 
  
 Overall, all fractions of C and N were highly positively correlated with each other and 
only moderately negatively correlated with mineral sediment density, based on Spearman rank 
correlations (Table 4.2; p < 0.01). 

As observed with AAE protein (Chapter 3), the ROC and RN fractions appeared to be 
best correlated with TOC and TN.  A remarkably strong quadratic relationship (r2 = 0.988, p = 
0.0092) was observed between ROC and TOC (Fig. 4.4a), and the trends did not differ 
significantly between the two chronosequences based on an ANCOVA of the log-transformed 
data (Fig. D.1a; p = 0.16).  In contrast with ROC versus TOC, distinct correlations were observed 
for the two chronosequences (ANCOVA p < 0.0001; Fig. D.1b) with respect to the relationship 
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between RN and TN (Fig. 4.4b; Sabine: r2 = 0.96, p < 0.0001; WLD: r2 = 0.988, p < 0.0001), 
though much of this difference appeared to be driven by the relatively higher RN 
concentrations of the Sabine reference marshes compared to the created marshes.   
 
 

Table 4.2. Spearman rank correlation coefficients (ρ) between the 
densities of various soil components (mg·cm−3) and the LOC/TOC ratios 
in Sabine and WLD.  All correlations shown were significant at the α = 
0.001 level. 

Sabine 
 TN ROC RN AAE protein† LOC/TOC Mineral 

TOC 0.88 0.97 0.95 0.90 −0.78 −0.54 
TN  0.80 0.85 0.83 −0.54 −0.62 
ROC   0.97 0.88 −0.89 −0.47 
RN    0.86 −0.85 −0.47 
AAE protein     −0.72 −0.67 
LOC/TOC      0.32 

WLD 

 TN ROC RN AAE protein† LOC/TOC Mineral 

TOC 0.98 0.94 0.92 0.95 −0.32 −0.77 
TN  0.91 0.92 0.95 NS −0.76 
ROC   0.93 0.94 −0.58 −0.81 
RN    0.90 −0.46 −0.69 
AAE protein     −0.40 −0.85 
LOC/TOC      0.52 

NS indicates that the correlation was not significant (p > 0.01). 
† Estimation of AAE protein was described in Chapter 3. 

  

 
 The contribution of LOC to TOC was weakly negatively correlated with all C and N 
fractions (Table 4.2) but slightly positively correlated with mineral sediment density.  This 
included a weak negative correlation between LOC/TOC and AAE protein (Sabine: ρ = −0.74, r2 = 
0.41; WLD: ρ = −0.40, r2 = 0.17; p < 0.001; Fig. 4.5a), contrary to my hypothesis.  Conversely, I 
observed a very weak but significant positive correlation between LOC/TOC and mineral 
sediment density (Sabine: ρ = 0.32, r2 = 0.12; WLD: ρ = 0.52, r2 = 0.19; p < 0.001; Fig. 4.5b)—not 
inconsistent with my initial hypothesis but not as strong as I expected based on the 
observations of Unger et al. (2016).  Furthermore, this relationship was not significantly 
different between the two systems (ANCOVA p > 0.05), suggesting that mineral sediment input, 
per se, had little influence on the proportional accumulation of LOC. 
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Figure 4.4. Correlations between ROC and TOC (a) and between RN and TN (b) among the Sabine and 
WLD marshes.  Data were fit to either a single model or separate models depending on the results of 
ANCOVA performed on the log-transformed data (Fig. D.1). 

 
  
 

  

Figure 4.5. Reduced major axis regressions of the proportion of LOC to TOC against AAE protein density 
(a) and mineral sediment density (b) in Sabine and WLD.  Relationships are plotted separately for the 
two chronosequences; however, the slopes did not significantly differ between the two in either plot 
(ANCOVA, p > 0.05). 
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4.4. Discussion 
 

4.4.1 ROC and RN across the two chronosequences 
  
 While stocks of ROC generally followed the same trends as TOC in both 
chronosequences, the contribution of ROC to TOC in Sabine significantly increased with age as I 
hypothesized (r2 = 0.72; Fig. 4.2a).  In fact, the similarity between the ROC accumulation rate 
and the TOC accumulation rate (72 and 76 g C m−2 yr−1, respectively; Table 4.1) would suggest 
that nearly all of the new C accumulation in the created marshes of Sabine is ROC.  
Furthermore, the linear increase of the OC:N ratio of the refractory fraction with age (r2 = 0.97; 
Fig. 4.3) suggests that the refractory component that is being added to the soil is much more 
depleted in N than that initially present in the dredge-spoil, corresponding to a significant 
increase in overall soil OC:N ratios with marsh age (r2 = 0.77).  Indeed, this overall increase 
appeared to be almost entirely driven by the refractory fraction, given that the OC:N ratios of 
the labile fraction remained consistently low across all of the Sabine marshes.  Such low OC:N 
ratios may reflect a high contribution of algal and bacterial biomass to the labile fraction, and 
hence, these trends may demonstrate the relative impact of the marsh vegetation versus algae 
on SOM quality in this system.  Given that the main source of C in this system is expected to be 
derived from plant litter, these observations are consistent with lignin-derived compounds 
being primary contributors to ROC1, as well as with the previously observed high N resorption 
efficiencies of S. alterniflora and S. patens (Elsey-Quirk et al., 2011).  Overall, the trend of 
increasing ROC/TOC ratios with age in the Sabine marshes appeared to be primarily driven by 
the linear accumulation rate of new organic matter, which apparently exhibited much higher 
ROC/TOC ratios than the dredge-spoil sediment (as judged from the 1-year-old marsh).  This 
increase in ROC contribution with age therefore reflects a consistent quality of the new SOM 
across the marshes, as opposed to a change in quality with change in vegetation.  The relatively 
high ROC/TOC ratios of this new organic matter are likely related to the slow accretion rates 
typical of this system.  Slow accretion rates—and more specifically, low mineral sedimentation 
rates—mean that leaf litter and other organic matter on or near the surface is exposed to 
relatively oxidized conditions for a longer period of time, thereby potentially contributing to re-
mineralization of the labile fraction before it is fully incorporated into the soil.  The apparently 
large differences between short-term and longer-term C accumulation rates in these marshes, 
as previously determined by Abbott et al. (2019), support the idea that much of the C that is 
initially deposited is not incorporated into these soils.  Additionally, the similarity between my 
estimate of TOC accumulation rate, based on a depth of 30 cm (76 ± 15 g C m−2 yr−1), and the 
average of those reported by Abbott et al. (2019) in the same marshes (60 ± 14 g C m−2 yr−1), 
which were based on the dredge-spoil horizon depth of each marsh, implies that little organic C 
accumulates in the dredge-spoil layer of these soils (e.g., as a result of the leaching of organic C 
from the peat layer to the dredge-spoil layer).2  

My estimate of ROC accumulation rate in Sabine is consistent with estimates made in S. 
alterniflora-dominated salt marshes on the mid-Atlantic US coast (Unger et al., 2016).  
Unexpectedly, however, my rough estimate of ROC accumulation rate in WLD (139 ± 13 g C m−2 

yr−1) was higher than in Sabine, and slightly higher than in even the relatively sediment-starved 
Barnegat Bay marshes of Unger et al. (2016).  At least in my sites, it appears that the relative 
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proportion of ROC to LOC does not vary as much compared to marshes in the mid-Atlantic, 
therefore leading to comparatively greater rates of ROC accumulation with increases in TOC 
accumulation.  In general, as marsh elevation increases, rates of mineral sediment deposition 
are expected to decrease, which would imply that there is more time for the labile fraction to 
decompose, therefore leading me to expect relatively greater ROC/TOC ratios at the higher 
elevation (older) marshes of WLD.  However, whereas the averages of these ratios did appear 
slightly greater in the higher elevation marshes of WLD (Fig. 4.2a), they were not significantly 
greater, due in part to an apparently high degree of variability within each marsh.  Accordingly, 
no clear trend with age in these ratios was apparent in the WLD marshes, in contrast to the 
Sabine marshes.  Although ROC/TOC ratios were generally lowest in the youngest WLD marsh, I 
hypothesized that they would be significantly and substantially lower as a result of the 
relatively rapid mineral sedimentation rates that would be expected for such a low elevation 
marsh in this system.  Perhaps the ROC/TOC ratio of this marsh was elevated somewhat by the 
accumulation of allochthonous organic matter, which might have been derived from vegetation 
with higher lignin content.  In salt marshes of the mid-Atlantic, it has been observed that 
allochthonous organic matter was the major source of refractory C, based on a different 
operational definition (Leorri et al., 2018).  Indeed, my observation that ROC/TOC ratios of WLD 
tended to be highest in the reference marsh, which included trees and shrubs, might be 
explained by a combination of greater refractory organic matter input and slower accretion 
rates at this site.   

Trends of RN/TN ratios with age in both chronosequences were qualitatively similar to 
the respective trends of ROC/TOC ratios.  In Sabine, there was a similar linear increase (r2 = 
0.45, p = 0.016) in RN/TN ratios; whereas no significant trend was observed in WLD (r2 = 0.12, p 
= 0.36).  The observation that RN/TN ratios increased with age in Sabine while stocks of TN did 
not change, suggests that LN was being converted to RN at a slow but marginally significant rate 
of 1.0 ± 0.4 g N m−2 yr−1 (Table 4.1).  Because observations have suggested that the majority of 
nitrogenous compounds in soils may be comprised of intrinsically hydrolysable/soluble 
compounds, such as proteins, peptides, amino acids, and amino sugars (Preston, 1996; Martens 
and Loeffelmann, 2003), I speculate that this apparent conversion of LN to RN over time could 
be due to encapsulation of proteinaceous material within conglomerates of refractory 
compounds—a speculation that is supported by studies of nitrogenous SOM composition 
(Knicker and Hatcher, 1997; Knicker et al., 2001).  Whether this could be mediated by the 
vegetation (where N resorption might mean preferential return of RN to the soil) or by post-
senescence biogeochemical soil processes is unclear.  However, leaf and stem litter of S. patens 
and S. alterniflora have been observed to have relatively high amounts of RN as compared to a 
submerged species and to algae (Buchsbaum et al., 1991), and the authors observed that this 
RN appeared to be associated with lignin and cell wall remnants.  The trends of N in Sabine 
contrasted with those of WLD, in which the LN fraction appeared to accumulate faster than the 
RN fraction between the youngest two marshes (Figs. 4.1d and 4.2b).  Additionally, this 
coincided with a significant decrease in OC:N ratio of the labile fraction (r2 = 0.74), which 
appeared to drive a subtle decline in OC:N ratio of the total soil (r2 = 0.55, p = 0.022; Fig. 4.3).  It 
is unclear what might have contributed to this but perhaps the high amount of inorganic N 
loading in this system is contributing to a disproportionately greater abundance of microbial 
and algal biomass as SOM concentrations increase.  Alternatively, perhaps there is 
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accumulation of clay-fixed inorganic N (NH4
+) (Reddy and DeLaune, 2008), which would increase 

the amount of LN without affecting LOC, and hence, possibly contributing to the slight 
downward trend in OC:N ratios of the labile fraction. 
 
4.4.2 Relationships of mineral density and AAE protein with LOC contribution 

 
Given the hypothesized role of AAE protein in promoting soil aggregation and the 

protection of otherwise labile SOM that has been highlighted in the literature (Spohn and Giani, 
2010; Dai et al., 2015; Wang et al., 2018b), I hypothesized that AAE protein would be positively 
correlated with the contribution of such labile compounds to the total SOM, i.e., the LOC/TOC 
ratio.  However, I observed a weak negative correlation between AAE protein density and 
LOC/TOC ratios for both Sabine (r2 = 0.41) and WLD (r2 = 0.17; Fig. 4.5a).  This was true even 
when considering each marsh separately (not shown).  This would appear to completely 
contradict the hypothesis that the AAE protein fraction is directly involved in preservation of 
the labile C fraction.  Rather, these observations are consistent with my findings presented in 
Chapter 3, in which I reported that the AAE protein fraction of these marshes was not co-
liberated with significant amounts of non-proteinaceous labile compounds.  Collectively, these 
results suggest that AAE protein is not playing a role in facilitating the preservation of other 
forms of soil organic C in these marshes, whether by direct binding mechanisms or by 
enhancement of soil aggregation.  Based on this, an alternative hypothesis could be suggested: 
the AAE protein accumulates in the soil as a result of its protection via association with the 
refractory SOM—that is, it is the protected rather than the protector.  Though not testable 
using the data presented here, this hypothesis is consistent with my overall observations; 
specifically, that AAE protein density was positively correlated with ROC/TOC ratios, and that 
the AAE protein was extracted with a comparatively large amount (around tenfold or more) of 
ROC (Chapter 3). 

Based on the hypothetical mechanisms by which mineral sediment could preferentially 
enhance the accumulation of labile organic matter, as reviewed earlier, I had hypothesized that 
the high rates of mineral sediment deposition in WLD would drive a trend of increasing 
LOC/TOC ratios (decreasing ROC/TOC) with mineral sediment density, similar to the trend 
observed by Unger et al. (2016), and that ROC/TOC ratios would generally be much greater in 
the Sabine marshes, which are in an area where mineral accretion rates are typically low.  
Although I did observe a significant positive correlation between LOC/TOC ratios and mineral 
sediment density in both the Sabine (r2 = 0.12) and WLD marshes (r2 = 0.19; Fig. 4.5b), the 
correlation was much weaker than that observed by Unger et al. (2016) (r2 = 0.71), and further, 
the range in ROC/TOC ratios that I observed was more narrow, on average.  Thus, the amount 
of sediment input may not, per se, be driving the trends in LOC/TOC ratios in these systems, 
which appeared to be subtle overall.  Such incongruent observations do not appear to be 
explainable by differences in accretion rates or TOC accumulation rates, given that rates similar 
to those of WLD have been reported in the mid-Atlantic marshes (Unger et al., 2016).  
Elsewhere in coastal Louisiana, bulk density has been correlated with LOC in marsh soils 
adjacent to the Mississippi River (Dodla et al., 2012); however, plotting these data on a 
proportional basis, LOC/TOC ratios appeared only moderately correlated with bulk density, 
similar to what I observed.  My results may appear to be generally inconsistent with the 
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hypotheses of others, who have postulated, based primarily on observations in upland soils, 
that the mineral component of soils may be having a large influence on SOM preservation (see 
Kleber et al., 2015).  However, my hypothesis that LOC/TOC ratios would be strongly correlated 
with mineral sedimentation was primarily based on the tendency of organic matter to 
decompose more slowly under increasingly reduced conditions.  Thus, the methods that I 
applied here were not necessarily intended to elucidate the extent to which the organic matter 
may be stabilized by molecular interactions with the mineral fraction.  A major assumption that 
I made in defining the LOC fraction is that the C that was stabilized via soil aggregation or 
association with mineral constituents would necessarily be released upon acid hydrolysis.  
Although this may be true to some extent (see Chapter 3), evidence has been presented for 
such mineral associations conferring resistance of SOM to acid hydrolysis (e.g., Leinweber and 
Schulten, 2000).  Hence, my observation of the relatively modest impact that mineral sediment 
density appeared to have on partitioning of TOC between the labile and refractory fractions 
does not discount the potential role of organo-mineral associations in C preservation in these 
systems. 

 
4.4.3 Total carbon and nitrogen stocks across the two chronosequences 
  
 Based on the 30-cm C stocks of the Sabine marshes3, I estimated that these marshes 
accumulate organic C at a rate of 76 ± 15 g C m−2 yr−1, which implies that the total C stocks of 
created marshes in this area become equivalent to those of the natural reference marshes 
within 60–170 yrs (Table 4.1).  These estimates are consistent with previous estimates of 
longer-term C accumulation rates in this area (Smith, 2012; Abbott et al., 2019) as well as with 
equivalence time estimates made in S. alterniflora-dominated created marshes on the south 
Atlantic US (Craft et al., 2003).  However, this accumulation rate is at the low end of a range of 
salt and brackish marshes throughout the US (Chmura et al., 2003) and for Louisiana coastal 
marshes overall, which appears typical of marshes in the Chenier Plain (Suir et al., 2019).4   

In contrast to the Sabine marshes, the C stocks that I observed along the WLD 
chronosequence imply that the marsh soils of WLD are expected to resemble those of the 
adjacent non-delta marshes within ~50 years after subaerial establishment—i.e., roughly twice 
as quickly as the created marshes of Sabine.5  However, my observations in WLD differed from 
those of DeLaune et al. (2016) on an adjacent island of the delta.  Whereas the authors 
observed much lower C densities (average 13 mg C cm−3) and relatively sparse vegetation at 
their island sites, I observed C densities in the older WLD marshes that approached those of my 
inland reference site (~25 mg C cm−3; Fig. D.2b).  This discrepancy may illustrate the spatial 
heterogeneity of these newly forming islands, and it seems likely that the sites studied by 
DeLaune et al. (2016) were simply at an earlier stage of development—intermediate of my 16-
year and 29-year sites.  
 Whereas stocks of TOC increased with age in both chronosequences, stocks of TN 
significantly increased only in WLD.  In Sabine, stocks of TN were very uniform across all of the 
created marshes and were generally lower than those of WLD.  This is not particularly surprising 
given how little allochthonous sediment and freshwater these marshes receive, and N 
accumulation rates of < 2 g N m−2 yr−1 have been reported in S. alterniflora-dominated 
saltmarshes on the south Atlantic US (Craft et al., 2003; Craft, 2007).  Remarkably, the TN stocks 
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of the natural reference marshes were approximately two-fold higher than those of the created 
marshes.  In combination with the apparently low N accumulation rate within the created 
marshes, this large difference would seem to suggest that organic N is very efficiently recycled 
in these marshes, such that a large proportion of the N input stays within the upper 30 cm.  
Indeed, this would not be inconsistent with the observation that both S. alterniflora and S. 
patens can have relatively high N resorption efficiencies (Elsey-Quirk et al., 2011).6  In WLD, N 
appeared to accumulate much faster, and making an estimate analogous to that made for C 
would suggest a N accumulation rate of 15 ± 5 g N m−2 yr−1, which is comparable to estimates 
based on sediment traps in marshes within the Mississippi Delta (DeLaune et al., 1981).  This is 
expected, not only given the large sediment input to the WLD, but also given the high nutrient 
concentration—particularly nitrate—of the riverine input. 

 
4.4.4 Correlation between ROC and TOC 

 
Because the mineral fraction appeared weakly correlated with LOC/TOC, I took a closer 

look at the correlation between ROC and TOC.  Overall, concentrations of ROC were most 
strongly and positively correlated with TOC concentrations (Fig. 4.4a).  In terms of these 
correlations, the soils of Sabine and WLD appeared to be no different (ANCOVA, p = 0.075).  
Such strong correlations are typical in studies of ROC in both upland (McLauchlan and Hobbie, 
2004; Paul et al., 2006) and wetland (Dodla et al., 2012; Unger et al., 2016) soils.  However, the 
similarities did not end there.  In fact, the relationship between concentrations of ROC and TOC 
that I observed was remarkably similar to those observed in other coastal wetland soils of 
Louisiana (Dodla et al., 2012; Kelsall, 2019; Fig. 4.6) despite a diverse representation of wetland 
types, which included a freshwater swamp, freshwater marshes, brackish marshes, and salt 
marshes.  Combined with my data, these observations span much of the length of the Louisiana 
coast.  Moreover, the consistency between the trends of the Chenier Plain marshes (Sabine) 
and those of the Atchafalaya Basin (WLD) and Mississippi River Plain (Barataria Bay) would 
seem to suggest that Mississippi River-related factors are not primary contributors to this 
similarity in correlation.  On a related note, this trend also appears very similar to that in 
bottomland forested wetland soils of inland Georgia, based on the data of Silveira et al. (2008) 
(slope ~61%; not shown)7.  Furthermore, this similarity also did not appear to be impacted by 
minor methodological differences, including a difference in HCl concentration.8  In contrast to 
the studies in Louisiana wetland soils, however, the correlation that was observed in mid-
Atlantic salt marshes substantially deviated and exhibited more positive curvature (Fig. 4.6; 
Unger et al., 2016).  Specifically, there was a much stronger contribution of LOC (TOC − ROC), 
which appeared to consistently affect the data from all marshes, as evident from the overall 
lower elevation of the relation.  Comparison with a selection of trends observed in upland soils 
(Fig. 4.6) suggests that they more closely resemble the observations in coastal Louisiana soils, at 
least in the range of relatively low TOC concentrations that are characteristic of aerobic soils.9   
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Figure 4.6. Regression of ROC vs TOC of this study (solid curve; 
Sabine + WLD) and that reported in: (····) Mississippi River deltaic 
plain marshes (Dodla et al., 2012);  (– –) Barataria Bay marshes 
(Kelsall, 2019); (· – ·) mid-Atlantic salt marshes (Unger et al., 
2016); and that based on a range of studies in upland soils as 
compiled by Paul et al. (2006) (shaded).  All studies used similar 
methodologies for hydrolysis (6 N HCl, 95–116°C, 16–18 hrs), 
except Unger et al. (2016) and Kelsall (2019), who used 4 N HCl. 
Regressions were not extrapolated beyond their reported TOC 
ranges. The r-square values of all regressions were >0.90.   
† Shading represents a range of linear regressions fit to the 
compiled data depending on minor methodological differences 
and does not represent the range in observed values. 

 
 
 The obvious question here is: why does this trend differ so substantially between the 
mid-Atlantic marshes and a wide range of Louisiana marshes?  In considering this question, it 
should be highlighted that the correlations between ROC and TOC are shown here on a 
concentration basis, rather than a density basis.  I opted to focus on this because a correlation 
based on the densities appeared to differ only by exhibiting slightly more scatter/random error.  
On a concentration basis, the TOC concentration is essentially a measure of the proportion of 
solid soil material that is organic versus inorganic (mineral).  Therefore, in the case of the Unger 
et al. (2016) relation, as the proportion of solid material that is mineral increases, the 
proportion of the TOC that is refractory decreases—consistent with the authors’ hypothesis 
that the mineral fraction would have a role in preferential accumulation of the labile organic 
matter.  Importantly, however, the authors made observations in two areas—Barnegat Bay and 
Delaware Estuary marshes—that were distinct in terms of, inter alia, mineral sediment input; 
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yet these observations fell along the same curve (Fig. 4.6).  This suggests that there is some 
common factor or factors that are influencing the partitioning of refractory organic matter 
across both of these marshes and that do not appear to be present in the Louisiana wetlands.  
In the coastal Louisiana wetlands, the essentially linear relation suggests that the proportion of 
soil solids that are inorganic has almost no influence on the proportion of organic matter that is 
refractory and, further, that little else does either, given that the proportion remains virtually 
constant, overall, across all of the Louisiana marshes.10  Although this is not entirely true—it did 
appear that the dredge-spoil sediment of the Sabine marshes had a slightly lower proportion of 
ROC—it does seem to apply to the naturally accumulated organic matter of Louisiana’s 
wetlands.   

Speculation as to what other factors might be responsible for the apparently different 
patterns between the Louisiana wetlands and those of the mid-Atlantic is made difficult by the 
paucity of studies of ROC in coastal wetlands in other regions throughout the US and the 
world.11  A difference in contribution of algal biomass to the SOM between the two regions 
might help to explain the differing trends in ROC; however, the generally higher C:N ratios 
observed in the mid-Atlantic marsh soils (15~23 g·g−1; Unger et al., 2016) would seem to 
discount this explanation.12  One major difference between the two regions, however, is 
climate.  Perhaps the longer and relatively colder winters of the mid-Atlantic region are 
contributing to enhanced preservation of the soil organic matter by slowing soil microbial 
respiration, and thereby allowing a greater proportion of LOC to accumulate.  This mechanism 
could act in concert with the influence of mineral accretion but may also help account for the 
fact that both of the mid-Atlantic marshes were described by a single curve.  Indeed, there is 
evidence that labile forms of SOM make greater contributions to the TOC in wetlands with 
increasing latitude (Wang et al., 2012), and Meentemeyer (1978) has observed that 
decomposition of low-lignin plant litter was more sensitive to climatic conditions than plant 
litter of higher lignin concentrations.  Yet, if there is an effect of mineral accretion then why 
does it appear to be so weak in the Louisiana marshes?  One possibility could be that there is a 
potentiation-type13 interaction between climate and mineral accretion, whereby in absence of 
sufficiently cold winters, the rate of mineral accretion has little effect—i.e., the enhanced soil 
respiration due to warmer soil temperatures offsets the effect of fast burial or mineral surface-
mediated stabilization.  Support for the hypothesis that SOM preservation can depend on 
interactive effects of both temperature and physicochemical mechanisms has been presented 
previously (Davidson and Janssens, 2006).  Yet, in the absence of observations based on this 
method in other coastal wetland regions, the specific impact that climate may have on these 
trends remains speculation.  
 
4.4.5 Implications for marsh restoration 

 
Although the rapid establishment of new land is of primary interest in proposed marsh 

restoration projects, development of soil C stocks also needs to be considered if the goal of 
these projects is also to sequester and store C.  It is known that while restored marshes may 
rapidly reach natural equivalency in terms of the majority of ecological functions (within three 
decades or less), the time to reach equivalency in terms of soil chemistry is expected to be 
much longer (Craft et al., 2003).  Indeed, I observed that C stocks in the Sabine created marshes 
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had not yet reached those of the natural reference sites despite the resemblance of the oldest 
marsh to the reference marshes in terms of both vegetation density and community, which is 
somewhat consistent with what others have observed in these same marshes (Abbott et al., 
2019), in adjacent marshes (Edwards and Proffitt, 2003; Edwards and Mills, 2005), and in 
created marshes elsewhere (Craft et al., 2003).  My average estimate of equivalence time for C 
stocks in these marshes (100 yrs) was likewise similar to projections in other created marshes 
(Craft et al., 2003).  However, despite this seemingly slow development in terms of C, the fact 
that the majority of the organic C accumulation in these marshes appeared to be refractory is 
promising.  This would imply that most of this new C is less susceptible to rapid re-
mineralization, even if the marshes ultimately deteriorate or are lost completely.  In contrast to 
the Sabine marshes, the relatively rapid accretion of the WLD marshes (as evident from the gain 
in elevation between the youngest two marshes) appears to greatly enhance the development 
of C stocks to the point where they might become equivalent to the adjacent non-deltaic 
marshes within ~50 years.  Furthermore, it appears that, despite the WLD marshes exhibiting 
slightly lower contributions of ROC to TOC compared to the Sabine created marshes, the rapid 
accretion more than offsets this, such that ROC accumulation rates in WLD may be significantly 
more than in the created marshes.  This means that, unlike what would be implied by 
observations on the mid-Atlantic coast (Unger et al., 2016), marshes in Louisiana that are 
formed from sediment diversions may have a substantially greater ability to contribute to the 
refractory soil C pool, and therefore act as important C sinks despite impacts of sea level rise 
and storm surges that threaten to export this C to relatively oxidized environments. 
 Whereas C has primarily been the focus of studies of refractory SOM, soil N is also an 
important element when considering SOM dynamics (Reddy and DeLaune, 2008; Knicker, 
2011).  Large amounts of dissolved inorganic N—principally nitrate—in the Mississippi River are 
being constantly transported to near-shore waters off the Louisiana coast, thereby stimulating 
algal blooms and the subsequent formation of hypoxic bottom water each spring and summer, 
which negatively impacts marine life (Rabalais et al., 2002).  With respect to RN, I initially 
speculated that this might constitute an important mechanism for long-term sequestration of 
some of this excess N that passes through the WLD marshes.  However, using denitrification 
rates as a metric of comparison, my observations suggest that the rate of accumulation of RN 
between the two youngest WLD marshes (3.3 ± 0.4 g N m−2 yr−1; average ~9 mg N m−2 day−1) is 
substantially lower than estimates of denitrification rates in these same marshes (~50 mg N 
m−2 day−1; Henry and Twilley, 2014).  Furthermore, rates of denitrification are expected to 
generally increase as these marshes become more organic-rich (Henry and Twilley, 2014), 
whereas I might expect RN accumulation rates to be relatively unchanged.  Thus, although the 
accumulation of RN might be acting as a sink of dissolved inorganic N within this system, it 
appears relatively inconsequential compared to other routes of N removal.  
 Considering the need to better understand the mechanisms that govern C pools and 
fluxes in view of global climate change, there has been an ever more increasing emphasis 
placed on C budgets.  Whereas models of wetland C have included categories for fractions of C 
that have relatively long residence times (Hopkinson et al., 1988; Zhang et al., 2002), there 
appears to be a deficit of direct measurements of such fractions, particularly in coastal wetland 
soils.  Although the ROC fraction is operationally defined and is not particularly specific, it has 
been shown to provide some level of indication of the soil C that is less susceptible to 
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decomposition and that may have a significantly higher mean residence time in the terrestrial C 
pool (Leavitt et al., 1996; Paul et al., 2006).  Given this and the consistent correlation between 
TOC and ROC that I and others have observed across marshes of coastal Louisiana (Fig. 4.6), it 
may be worthwhile to exploit this for purposes of rough estimations of ROC stocks and 
accumulation rates in marshes of this region for which only observations of TOC exist—similar 
to the way in which regressions have been used for estimating TOC stocks and accumulation 
rates based on loss-on-ignition and accretion data (Chmura et al., 2003).  While relatively 
imprecise, such a predictive method could have potential to allow broad incorporation of ROC 
estimates within Louisiana’s wetland C budgets and projections, and without the need to carry 
out the relatively time-consuming measurements associated with the ROC method as applied 
here.   
  
4.5. Conclusions 
 

 The amounts of ROC, LOC, RN, and LN were estimated in two chronosequences of 
coastal wetland soils, which represented two distinct approaches to wetland restoration.  The 
contribution of ROC to TOC within the upper 30 cm of soil increased with age in the Sabine 
chronosequence but not significantly in the WLD chronosequence.  Overall, ROC/TOC ratios 
were similar between the two chronosequences, but in Sabine it appeared that the majority of 
the new C accumulation was accounted for by ROC.  Although I observed a significant positive 
correlation between LOC contribution and mineral density in both chronosequences, the 
correlations were not as strong as expected and were much weaker than those observed in 
mid-Atlantic salt marshes (Unger et al., 2016).  Based on rough estimates of C accumulation 
rates, it appeared that the WLD marshes accumulated ROC at a faster rate than the Sabine 
marshes, and they may resemble the adjacent local climax marshes within a much shorter 
timeframe than those of Sabine.  Unexpectedly, the overall correlation between concentrations 
of ROC and TOC did not differ between the two chronosequences and were remarkably similar 
to the correlations that have been previously observed in other coastal wetlands in Louisiana 
(Dodla et al., 2012; Kelsall, 2019).  However, these correlations were clearly distinct from that 
previously observed in mid-Atlantic salt marshes (Unger et al., 2016).  Collectively, these 
observations suggest that mineral sedimentation may not have a pronounced effect on the 
relative accumulation of labile SOM in Louisiana coastal marshes, and that the sediment input 
associated with sediment diversion-facilitated marsh restoration may actually enhance rates of 
refractory SOM accumulation in the soils of this region.  Finally, contrary to what I 
hypothesized, AAE protein was negatively correlated with LOC contribution in both 
chronosequences, which, together with my previous findings (Chapter 3), suggests that the AAE 
protein fraction is not involved in the preservation of the more labile SOM.   
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4.6. Notes

1. Although lignin itself is readily degradable by aerobic enzyme-mediated processes, the products of 
which are thought to make important contributions to the refractory SOM (see Paul, 2016). 

 
2. In this study, I made an effort to remove easily discernible plant material from the soil samples prior 

to analysis, under the reasoning that this material may not readily be redeposited under erosion 
scenarios as compared to the organic fraction that is finer-sized and/or more closely associated with 
the mineral fraction.  This procedure may have contributed, in part, to the similar accumulation rates 
that I observed between TOC and ROC in Sabine; however, I feel that this step yields a better 
representation of the SOM that would be redeposited following erosion of the soil.  Moreover, the 
operational definition of ROC typically includes removal of discernable plant material (Leavitt et al., 
1996; Paul et al., 2006; Silveira et al., 2008; Dodla et al., 2012; Cao et al., 2017), which, depending on 
lignin content, could have potential to variably affect ROC measurements, given that lignin does not 
readily hydrolyze or dissolve in 6 N HCl.  Yet, according to Paul et al. (2006), although inclusion of 
recently deposited plant material can affect age estimates of the ROC, it is not likely to have major 
impacts on ROC quantification, at least in the case of upland soils. 

 
3. Stocks of TOC generally appeared to increase with age in both chronosequences.  Stocks of the two 

oldest marshes of WLD approached those of the reference whereas those of even the oldest Sabine 
marsh did not reach the corresponding reference values (Fig. 4.1a and 4.1b).  This difference appears 
to primarily result from differences in accretion rates between the two chronosequences.  For the 
most part, SOM accumulation arises from the burial of plant material that originates at the soil 
surface.  In Sabine, where accretion is primarily from autochthonous organic matter, accretion rates 
tend to be lower than in marshes that receive high sediment input, such as the WLD.  As a result, a 
longer time is expected for new accretion to reach a 30-cm depth, which is the depth on which all 
stocks reported in this study were based.  Indeed, I observed a relatively uniform increase in TOC 
density across the soil depth profiles of the WLD marshes (Figs. D.2a and D.2b), whereas in Sabine, the 
dredge-sediment horizons were reported to occur at depths < 15 cm in all created marshes as of one 
year prior to my sampling (Abbott, 2017).  Thus, while C densities in the top soil layers in the Sabine 
marshes were typically no different than those of the reference marsh or those of WLD, the relatively 
low accretion rates of Sabine corresponded to slower 30-cm stock increases.  This implies that, from a 
C storage perspective, refractory organic matter may be especially important to consider for marshes 
created in areas of low allochthonous input because the soil C would be expected to exhibit a slower 
rate of burial and therefore be susceptible to erosion for a longer period of time.  Conversely, the 
deficit in mineral sediment input means that it is expected that, after a sufficient amount of time, the 
C stocks of the Sabine marshes would ultimately exceed those of WLD, as a result of increased 
compaction at greater depths in the absence of mineral material, and therefore increased C density.  
Yet, I observed a particularly large variation in stocks of the Sabine reference marshes and thus, while 
the TOC stocks of the Sabine reference marshes did appear to be greater than that of the WLD 
reference marsh, the difference was not significant (p = 0.4 and p = 0.18 for Ref A and Ref B, 
respectively).  I noticed that some portions of the Sabine reference cores appeared to contain diffuse 
sandy layers of relatively low SOM concentration, and I speculate that these layers resulted from 
heterogeneous sediment deposition associated with storm surges from past hurricanes. 

 
4. Although, these estimates diverge considerably from those based on the observations of Bryant and 

Chabreck (1998), who included in their study impounded and non-impounded natural marshes in the 
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Sabine NWR.  The organic accumulation rates reported by these authors implied that these marshes 
accumulated C at average rates of 714–1713 g C m−2 yr−1 since 1963 (Bryant and Chabreck, 1998; 
Chmura et al., 2003)—around an order of magnitude higher than my estimates and those of others 
mentioned above.  Whereas their reported accretion rates (0.6–0.9 cm yr−1) were similar to those of 
Abbott et al. (2019), it appears that the primary contributor to this divergence is that the authors 
apparently observed average SOM contents of 60–68% in the top 20–30 cm soil depths, which are 
substantially higher than what I observed in my natural reference marshes.  Perhaps the closer 
proximity of their marshes to the coast (~7 km closer) contributed to this. 

 
5. This is not surprising considering the way in which these marshes are expected to accrete sediment 

and organic matter.  In this system, a negative exponential or hyperbolic-like relation between 
elevation and marsh age would be expected.  This is because accretion—principally mineral but also 
organic—is expected to occur relatively rapidly with age during the initial stages of marsh 
development.  As the elevation of the marsh increases further, however, there is a gradual decrease in 
average flood duration, depth, and flow rate of the surface water.  This corresponds to declining rates 
of accretion of mineral sediment and allochthonous organic matter, as well as potentially faster rates 
of organic re-mineralization.  Thus, vertical accretion within the marsh becomes more dominated by 
autochthonous organic input, which tends to occur at a much slower rate (as apparent in the Sabine 
marshes), and will eventually be countered by enhanced decomposition and compaction as the 
elevation increases further.  In essence, the marsh elevation reaches an equilibrium.  This model of 
marsh development appears entirely consistent with my observations in terms of the patterns in both 
elevation and 30-cm stocks of C in WLD, although it appears that my WLD chronosequence sites failed 
to capture the shape of the initial rapid trend in accumulation that would be expected.   

 
6. Additionally, perhaps the greater amounts of N in the natural reference marshes is a relic of greater 

riverine input in the time before regular dredging of the Calcasieu ship channel commenced (ca. 
1937).  If organic N is efficiently recycled in these marshes then perhaps much of this N still persists 
within the upper 30 cm of these natural marshes.   

 
7. In their abstract, Silveira et al. (2008) have mistakenly reported that 24–32% of the total C in the 

wetland soils was non-hydrolysable (ROC), which has been subsequently misstated by Dodla et al. 
(2012).  In fact, this was the range that was hydrolysable (LOC). 

 
8. The fact that Kelsall (2019) used the same method as Unger et al. (2016) (4 N HCl), yet observed a 

trend very similar to mine, demonstrates that, within reason, the HCl concentration used for 
hydrolysis does not appreciably affect the results.  Indeed, this is consistent with previous 
manipulations of the method (Silveira et al., 2008; Xu et al., 1997).  This may raise the question as to 
why a concentration of 6 N was chosen for this operational definition in the first place.  In fact, 6 N is 
not an arbitrary HCl concentration—it is the concentration at which HCl and water form a constant-
boiling azeotropic mixture, the boiling point of which is 109°C (Atkins and de Paula, 2006).  This means 
that if a concentration greater than this is boiled, HCl will be disproportionately lost to evaporation 
until the concentration decreases to 6 N.  It also means that the temperature of the sample will never 
exceed 109°C, regardless of how high the temperature is set on the heat block (assuming the 
incubation is performed under ambient pressure, which appears typical of this assay).  In essence, the 
use of boiling 6 N HCl ensures that the concentration and temperature remain constant throughout 
the incubation and that the highest exposure temperature is attained.   
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9. The slope of the upland soils trend appears slightly more shallow than the Louisiana wetland soils, 

which implies that these wetlands may have slightly higher ROC/TOC ratios than the upland soils.  This 
is consistent with comparisons made between upland and wetland sites in north Florida (Ahn et al., 
2009).  Whereas it might be expected that the opposite would be true when considering the relatively 
slow decomposition in anaerobic soils, it has been suggested that this tendency is driven by the fact 
that there exist nonhydrolyzable compounds (such as lignin and other phenolic structures) whose 
decomposition requires oxygen (Reddy and DeLaune, 2008; Ahn et al., 2009).  Thus, these compounds 
may tend to preferentially accumulate under anaerobic conditions. 

 
10. The similarity in trends between coastal Louisiana marshes, as presented in Fig. 4.6, should not be 

interpreted to mean that the specific compounds and transformations of the SOM are likewise similar.  
The ROC definition is broad and nonspecific in terms of precise compositions and turnover times.  
Thus, it may still be—and likely is—that the relative degradability of the SOM across these marshes 
varies somewhat as a result of the specific hydrology and biogeochemistry of each of these wetland 
areas, including mineral sediment texture and composition. 

 
11. Whereas the term refractory C has been used to describe observations in several other studies of 

wetland SOM, the variation in operational definitions among these studies makes it difficult to 
compare observations across studies and to compare with my observations—differences in chemical 
fractionation procedure, including differences in the type of acid used for hydrolysis, are known to 
affect the observations even when applied to the same soils.  However, there have been other studies 
of ROC in wetlands that used compatible methodology but that I did not include in Fig. 4.6.  Cao et al. 
(2017) have applied the same method in coastal wetlands of Laizhou Bay, China.  Yet the TOC 
concentrations in the soils they studied only ranged < 5 mg·g−1, and so were not included in the 
comparison.  Ahn et al. (2009) have observed average ROC/TOC ratios in an urban wetland of north 
Florida that were similar to those that I observed, but the data needed for regression analysis was not 
provided. 

 
12. I considered that perhaps a greater proportion of the organic matter in the mid-Atlantic marshes is 

derived from algae, which would be expected if the turbidity of the surface waters was relatively low.  
Algae do not contain lignin and, under low-light conditions, are typically composed of a large 
proportion of protein (e.g., Terry et al., 1983).  It would therefore be expected that algal biomass 
would be readily hydrolysable.  Without the need for structural C, algae tend to exhibit much lower 
C:N ratios than vascular plants, and it seems, at least from my data, that the labile organic matter 
exhibits consistently low C:N ratios.  However, average C:N ratios of the soils studied by Unger et al. 
(2016) (15~23 g·g−1) were generally greater than those I observed here and appeared to be poorly 
correlated with ROC/TOC ratios (not shown).  Hence, there does not appear to be a significantly larger 
contribution of algal biomass to the SOM of the mid-Atlantic marshes. 

 
13. Potentiation is a term borrowed from toxicology, where it is used to describe an interaction between 

two agents in which one agent exhibits no toxicity by itself but enhances the toxicity of the other. 
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Chapter 5.  
Conclusion and Perspective 

 
5.1. Measurement of the AAE protein fraction 
 

 In Chapter 2, I presented an alternative approach for estimating the protein 
concentration in AAE protein extracts and the overall contribution of autoclaved alkaline-
extractable (AAE) protein to total organic carbon (TOC) and total nitrogen (TN), based on the 
use of amino acid analysis (AAA).  Essentially, my approach differed from direct measurement 
of every sample by AAA—my approach exploited the typical consistency with which 
proteinaceous compounds contribute to the total soil nitrogen within a given soil in order to 
avoid the need to measure amino acid quantity in every sample.  This approach may be suitable 
for scenarios in which accuracy, time, and cost are more important considerations than 
precision.  Although wetland soil samples were used, I expect the approach to be generally 
applicable to extracts of all soil types, given that consistent hydrolysable amino acid-N:TN ratios 
have been observed for a diverse range of soils (Christensen and Bech-Andersen, 1989; 
Schulten and Schnitzer, 1998; Friedel and Scheller, 2002).  Additionally, it is not necessarily 
limited to only the quantification of AAE protein; the co-extraction of HA is also problematic in 
other types of soil protein extracts (reviewed in Section 2.1). 
 In comparing the AAA-based approach to that based on the Bradford assay (Chapter 2), I 
confirmed that the same qualitative pattern of interference from HA contaminants that has 
been observed in soil porewater and in non-AAE soil extracts (Roberts and Jones, 2008) appears 
to be the same for AAE protein extracts.  More importantly, however, my observations 
demonstrate that recently proposed workarounds for overcoming HA-related interference 
when using the Bradford assay for soil extracts are likely erroneous as a result of the 
inappropriate application of standard addition (Jorge-Araújo et al., 2015) and standard dilution 
(Moragues-Saitua et al., 2019) techniques.  Whereas application of the standard addition 
technique would have a tendency to overestimate the protein concentration—more so than 
the direct standard curve technique—the application of the standard dilution technique may 
have a tendency to virtually eliminate any protein signal, meaning that the result becomes 
dominated by the very interfering components whose signal the method is aiming to overcome.  
Use of these published methods could be particularly problematic in that researchers may 
incorrectly assume that these methods are more accurate, and they may therefore place more 
emphasis on the data that result from studies using the standard addition or dilution 
techniques over those of previous studies.  This could further hinder soil protein quantification 
in general, given that interfering compounds in soils have been problematic not only for AAE 
protein studies but for any studies seeking to quantify total protein in soil solutions and 
extracts. 
 Surprisingly, I found that estimates of the contribution of AAE protein to TOC in the 
Sabine and WLD soils were quite similar between my approach and the traditional approach.  
This similarity suggested that overestimation of protein concentration in the Bradford assay and 
the underestimation of the C composition of the protein may tend to cancel.  Although it is 
unclear whether this cancellation would be typical for all soils, the ranges of C contribution of 
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the AAE protein in the soils I studied were similar to several of those reported for other soils 
using the traditional approach (e.g., Rillig et al., 2001a; Lovelock et al., 2004; Wang et al., 
2018a).  Thus, if the C contribution of the AAE protein is the only metric that is sought, then 
either approach might be suitable.  In contrast, previous estimates of AAE protein contributions 
to total soil N (Rillig et al., 2001a; Lovelock et al., 2004; Halvorson et al., 2018) may be 
substantial underestimates.  Additionally, I found that the particularly strong correlation 
between AAE protein concentrations in the soil and concentrations of TOC does not appear to 
be an artefact of the Bradford assay, given that the AAA-based approach yielded a similarly 
strong correlation. 
   
5.2. Significance of the AAE protein fraction with respect to soil C storage and preservation 
 

 Although it is debated as to whether AMF in soils may help or hinder C preservation 
under increasing concentrations of atmospheric CO2 (Cheng et al., 2012; Verbruggen et al., 
2013), some have suggested that AMF may contribute to C storage through the production of 
slowly decomposing compounds, of which glomalin has been thought to be one (Treseder and 
Allen, 2000; Rillig et al., 2001a; Wang et al., 2018b).  AMF might, to some extent, produce 
compounds that are refractory themselves or otherwise promote the preservation of other 
compounds; but based on my findings, it seems that AAE protein is not one of them.  My 
observations suggest that AMF are not a major contributor to the AAE protein pool in the 
marshes I studied (Chapter 3), judging from the paucity of observable AMF colonization in roots 
from soils with abundant AAE protein (densities of which were similar to those observed in 
upland soils) and from the discrepancy between the amino acid composition of the AAE protein 
and that of the putative glomalin gene product GiHsp 60 (Gadkar and Rillig, 2006).  Overall, it 
seems that the recalcitrant status that has been suggested of glomalin and the AAE protein pool 
has resulted more from confusion over terminology and operational definitions than from real 
considerations of its specific chemistry and molecular identity.  The apparently large 
contribution of non-hydrolysable—and non-proteinaceous—organic matter in the protein 
extracts may be the reason that this protein pool has received such interest in the first place.  
From my observations, it appears that AAE protein may not be involved in the preservation of 
labile soil organic matter (SOM).  Rather, my observation that the AAE protein was negatively 
correlated with relative proportions of labile organic C, and that it accumulated in concert with 
a comparatively large amount of refractory SOM with which it was closely associated, might 
suggest that the AAE protein is being preserved by the refractory SOM—that the density of AAE 
protein in the soil may primarily be controlled by the amount of this refractory SOM.  Hence, 
the survival of this protein through the harsh extraction procedure that defines this protein 
pool could be a result of its association with lignin-derived compounds, especially given that its 
distribution in marine environments tends to correlate with terrestrial inputs (Adame et al., 
2012; López-Merino et al., 2015).  Support for this hypothesis includes various previous 
observations that suggest that soil protein can be bound, encapsulated, or otherwise stabilized 
by the HA fraction (Ladd and Butler, 1975; Knicker and Hatcher, 1997; Zang et al., 2000), 
including the observation that a portion of BSA that was added to soils apparently survived the 
AAE protein extraction procedure (Rosier et al., 2006).  The presence of a large amount of 
mineral material that appeared to be bound with the organic matter in the AAE protein extracts 
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of my study might suggest that the protein is also protected by iron and aluminum 
oxyhydroxides, as has been suggested for protein and other forms of SOM (Kaiser and 
Guggenberger, 2000; Leinweber and Schulten, 2000; Lalonde et al., 2012); although the mineral 
material in my extracts did not appear to affect the hydrolysability of the protein.  Overall, it 
may be that the AAE protein fraction represents a subset of soil proteins that are either fast-
cycling yet heat-stable and/or proteins that are incidentally preserved over the course of soil 
pedogenesis—and that are selected for in the AAE protein extraction technique. 
 
 

 

Figure 5.1. Meta-analysis of publications that have included “glomalin” in their title and 
published between 1998 and 2019.  (a), the number of publications from each year as returned 
from searches of the Google Scholar database (black line) and Web of Science database (red line).  
(b), the combined average number of citations per year for all publications from each year (as of 
January 2020) based on Google Scholar indexing—this was calculated using the Publish or Perish 
software package (Harzing, 2007; Harzing and Alakangas, 2016).  Note: the Google Scholar 
database is generally more comprehensive than Web of Science but it does contain replicate 
entries and conference proceedings (Martín-Martín et al., 2018).  Here, the results from the 
Google Scholar database were manually filtered to exclude replicate entries and conference 
proceedings but to include journal articles, book chapters, theses, and dissertations—whereas, 
the Web of Science search almost exclusively returned journal articles. 

 
 
 As one anonymous reviewer of Chapter 2 has acknowledged, “…some of the concepts 
around glomalin are folklore and not based on hard data.” (pers. comm.).  Yet, such “folklore” 
persists in peer-reviewed scientific journals (e.g., Wang et al., 2017; Yang et al., 2017; Halvorson 
et al., 2018), and the number of studies of glomalin—and citations thereof—appear to have 
been increasing, particularly over the last decade (Fig. 5.1).  However, the omission of the term 
glomalin when referring to AAE protein extracts in some of the most recent literature (Fine et 
al., 2017; Hurisso et al., 2018; Geisseler et al., 2019) may indicate some amount of acceptance 
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among the soil science community of the fact that these extracts can contain a range of non-
mycorrhizal—and non-fungal—proteins and proteinaceous material along with co-extracted 
organic material (Rosier et al., 2006; Schindler et al., 2007; Gillespie et al., 2011; Hurisso et al., 
2018), and it is anticipated that the work that I have presented here will provide further clarity 
as to the apparently limited significance of this proteinaceous fraction of SOM, at least in the 
case of coastal wetlands. 
 
5.3. Refractory C and N in models of coastal wetland restoration  
 

 In Chapter 4, I showed that soil stocks of refractory organic carbon (ROC) increased with 
age in both the Sabine and WLD chronosequences.  Although nearly all of the new C 
accumulation in Sabine appeared to be ROC—more so than in WLD—the relatively fast 
accretion rates of WLD apparently resulted in greater rates of ROC accumulation in WLD than in 
Sabine.  These results appear to further illustrate the potentially positive influence that 
sediment diversions could have in terms of C accumulation and preservation in lost or 
deteriorated coastal marshes of Louisiana, and is in addition to previously observed positive 
effects (DeLaune et al., 2016).   
 I also observed that the relation between ROC and TOC concentrations in the soil did 
not differ between the two chronosequences.  Furthermore, it generally appeared that mineral 
sediment density in both systems was poorly correlated with the partitioning of the SOM 
between labile and refractory fractions.  This poor correlation is in contrast to what has been 
observed in marshes of the mid-Atlantic coast (Unger et al., 2016).  Moreover, the strong and 
nearly linear correlation between ROC and TOC concentrations in the soils was remarkably 
similar to those observed elsewhere in marshes of coastal Louisiana (Dodla et al., 2012; Kelsall, 
2019).  This suggests that the relative accumulation of ROC and LOC may, for the most part, be 
insensitive to differences in coastal restoration approach within Louisiana.  With respect to this, 
I speculated that climate, rather than vegetation or mineral sediment characteristics, may have 
a larger influence on the proportioning of SOM between refractory and labile fractions in 
coastal wetlands inasmuch as it might explain the similarity between the Louisiana marshes and 
their apparent divergence from the mid-Atlantic marshes.  However, direct observations to 
support or discount this hypothesis are lacking.  Yet the possibly pronounced role that climate is 
playing would have important implications for the preservation of SOM under a warming 
climate, especially in coastal regions of higher latitude.  Hence, this is a topic that deserves 
further research—specifically, the determination of whether SOM partitioning changes 
systematically across a latitudinal gradient. 
  In terms of refractory N (RN), it seems that its proportion of TN may be somewhat more 
sensitive to differences in local environmental factors such as the amount of N loading, as is the 
case between Sabine and WLD.  However, rates of accumulation of RN observed here appeared 
small overall compared to traditionally considered routes of N removal in wetlands (e.g., 
denitrification).  Nonetheless, RN does appear to form a sizable pool of N in these systems, and 
it may behoove future studies of ROC in coastal wetlands to include analysis of the RN fraction, 
especially given that N concentration data are already incorporated in most elemental analyses. 
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Appendix A.  
Supplementary Figures and Tables of Chapter 1 

 

 

 

 

 
Figure A.1. Density of Bradford-reactive AAE protein in the 
upper 30 cm of soil in Liaohe Delta marshes.  Protein 
concentrations in the soil extracts were estimated using 
traditional methods (Bradford assay).  The sites correspond to 
differences in vegetation and salinity—Oryza: freshwater rice 
paddy; Phragmites: mesohaline reed stands; Suaeda: polyhaline 
seablite flats.  These sites correspond to those that have been 
described by Olsson et al. (2015). Error bars represent ± 
standard deviation (n = 3 cores). 
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Table A.1. Precise locations of each sampling plot in the Sabine marshes. 

Chronosequence Marsh age Coordinates† 

Sabine   

 1 year 29°56'59.98"N, 93°24'45.28"W 

  29°56'56.58"N, 93°24'27.69"W 

  29°56'42.03"N, 93°25'48.82"W 

 6 years 29°56'28.71"N, 93°24'11.42"W 

  29°56'11.48"N, 93°23'42.58"W 

  29°56'5.82"N, 93°24'8.33"W 

 14 years 29°57'46.81"N, 93°24'37.36"W 

  29°57'44.21"N, 93°24'57.00"W 

  29°57'35.68"N, 93°24'40.69"W 

 33 years 29°55'5.68"N, 93°20'45.44"W 

  29°55'5.86"N, 93°20'45.92"W 

  29°55'6.19"N, 93°20'49.64"W 

 Reference A 29°56'0.54"N, 93°26'24.28"W 

  29°55'46.38"N, 93°25'58.14"W 

  29°55'40.87"N, 93°26'30.45"W 

 Reference B 29°56'41.70"N, 93°26'13.70"W 

  29°56'49.69"N, 93°26'19.56"W 

  29°56'26.05"N, 93°26'28.63"W 

† Coordinates were selected to match a subset of those sampled by 

Abbott et al. (2019), which were randomly selected. 
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Figure A.2. Elevation map of WLD based on digital elevation model data (1-m resolution) obtained 

from the 2012 USGS National Elevation Dataset 

(https://viewer.nationalmap.gov/basic/?basemap=b1&category=ned,nedsrc&title=3DEP%20View). 

 

 

 

 

 

https://viewer.nationalmap.gov/basic/?basemap=b1&category=ned,nedsrc&title=3DEP%20View
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Figure A.3. Sabine 1-year-old marshes, (a)–(c).

 (a) 

 (b) 

 (c) 
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Figure A.4. Sabine 6-year-old marsh (a) and (b). 

 (a)  (b) 
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Figure A.5. Sabine 14-year-old marsh. 
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Figure A.6. Sabine 33-year-old marsh. 

 

 

Figure A.7. Sabine natural reference marsh A (Ref. A). 
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Figure A.8. Sabine natural reference marsh B (Ref. B), (a) and (b). 

 

 

 (a) 

 (b) 
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Figure A.9. WLD 16-year-old marsh. 

 

 

 

Figure A.10. WLD 29-year-old marsh. 
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Figure A.11. WLD 41-year-old marsh. 

 

 

 

Figure A.12. WLD reference marsh. 
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Appendix B.  
MATLAB Scripts 

 

Script 1. Monte Carlo estimation of the 95% confidence intervals of the Max-AAE protein 
concentration estimates of the extracts (Chapter 2). 
 

%Monte Carlo estimation of CHN concentration error 

 

%errors 

%NGRS 2 ug (vector of SDs in workspace) 

%NAA 0.10% SD 

%Vextract 0.1 mL SD 

%Mextract 0.5 mg SD 

%measurements is columns %N-grs, %N-AA, M-grs (mg), Vol (mL) 

 

load('montecarloCHN.mat'); 

clf; 

Naa=0.1; 

M=0.5; 

V=0.1; 

 

conc=zeros(175,1000); 

for i=1:1000 

    error= 

 [normrnd(zeros(175,1),Ngrs) normrnd(0,Naa,175,1) normrnd(0,M,175,1)... 

  normrnd(0,V,175,1)]; 

    valerror=measurements+error; 

    conc(:,i)= 

 ((valerror(:,1)./valerror(:,2)).*valerror(:,3)./valerror(:,4))*1000; 

end; 

 

sorted=sort(conc,2); 

realconc= 

((measurements(:,1)./measurements(:,2)).*measurements(:,3)./measurements(:,4))...

 *1000; 

 

upper=sorted(:,975); 

lower=sorted(:,25); 

 

table(lower,realconc,upper) 

 

U=fitlm(realconc,upper);  plot(U); 

hold on 

L=fitlm(realconc,lower);  plot(L); 

plot(realconc,realconc,'k-'); 

 

upperBR=upper+BRsd; 

lowerBR=lower-BRsd; 

 

U2=fitlm(realconc,upperBR);  plot(U2); 

hold on 

L2=fitlm(realconc,lowerBR);  plot(L2); 

 

%%%%END OF SCRIPT 
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Script 2. Three-line piecewise-linear fit of AAE protein contribution to TOC and TN as a function 
of loss on ignition in Sabine and WLD (Chapter 2). 
 

function [plotdata]=piecewise3(x,y) 

% Three-line Piecewise-linear Fit 

% 

% Output is 7x2 matrix with data for plotting the lines 

% Form is: 

% plotdata=[[min(x) X1]; 

% polyval(p,xx1); 

% [X1 X2];  

% [polyval(p,X1) yhat3]; 

% [X2 max(x)];  

% [yhat3 yhat3];  

% bestx1 bestx2]; 

 

clear; 

 load('CNcontribution.mat'); 

 load('conc-mgpg.mat'); 

 

% for graph=1:4 

%     if graph==1 

%          

% x=wldTOC; 

% y=wldNmax; 

% %y=wldCmax; 

% x=sabTOC; 

% y=sabNmax; 

%y=sabCmax; 

 

%LOI 

x2mat=25:0.1:35; 

x1mat=10:0.1:20; 

%TOC 

% x2mat=15:0.1:30; 

% x1mat=3:0.1:10; 

 

SS=1000; 

for k=1:length(x2mat) 

    for j=1:length(x1mat) 

        X2=x2mat(k); 

        X1=x1mat(j); 

        I=find(x<=X1); 

        J=find(x>=X2); 

        x1=x(I); 

        y1=y(I); 

        x3=x(J); 

        y3=y(J); 

        K=find(x>X1 & x<X2); 

        x2=x(K); 

        y2=y(K); 

        p=polyfit(x1,y1,1); 

        yhat1=polyval(p,x1); 

        yhatb1=polyval(p,X1); 

         

(script cont’d) 



 

100 
 

(Script 2 cont’d) 
 

        yhat3=mean(y3); 

   yhat2=(yhat3-yhatb1)/(X2-X1)*(x2-X1)+yhatb1; 

        ss=sum((y1-yhat1).^2)+sum((y2-yhat2).^2)+sum((y3-yhat3).^2); 

        if ss<SS 

            SS=ss; 

            bestx1=X1; 

            bestx2=X2; 

        end; 

    end; 

end; 

 

X2=bestx2; 

X1=bestx1; 

I=find(x<=X1); 

J=find(x>=X2); 

x1=x(I); 

y1=y(I); 

x3=x(J); 

y3=y(J); 

K=find(x>X1 & x<X2); 

x2=x(K); 

y2=y(K); 

p=polyfit(x1,y1,1); 

yhat1=polyval(p,x1); 

yhatb1=polyval(p,X1); 

yhat3=mean(y3); 

yhat2=(yhat3-yhatb1)/(X2-X1)*(x2-X1)+yhatb1; 

sse=sum((y1-yhat1).^2)+sum((y2-yhat2).^2)+sum((y3-yhat3).^2); 

 

% hold on; 

% plot(x,y,'^k'); 

% hold on; 

xx1=[min(x) X1]; 

yy1=polyval(p,xx1); 

 

% plot(xx1,yy1,'r'); 

% plot([X1 X2],[polyval(p,X1) yhat3],'r'); 

% plot([X2 max(x)],[yhat3 yhat3],'r'); 

 

disp([sse bestx1 bestx2]); 

 

plotdata=[xx1; yy1; [X1 X2]; [polyval(p,X1) yhat3]; [X2 max(x)] 

  [yhat3 yhat3]; bestx1 bestx2]; 

 

end 

 

%%%%END OF SCRIPT 
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Script 3. Monte Carlo estimation of the 95% confidence intervals of the equivalence time 
estimates for the Sabine chronosequence marshes (Chapter 4). 
 
% Monte Carlo estimation of 95% confidence intervals for equivalence  

% time estimates for the Sabine chronosequence marshes 

 

clear; 

 

dataset=1; %soil fraction 

n=10000; %number of iterations 

 

if dataset==1 %TOC stocks 

    sabvals= 

   [3.2312 3.5115 4.7624 6.5786 9.6430 9.1837 

    4.2168 2.9620 4.6544 5.1360 15.0221 10.9987 

    2.9994 4.6264 5.2999 5.8098 6.9392 13.2414]*1000; 

 %g/m2 

    avgref=10800; %TOC 

    semref=1200;  %TOC 

elseif dataset==2 %ROC stocks 

    sabvals= 

   [1.4919 1.7267 2.5231 4.0243 7.0575 6.4246 

    2.0591 1.3153 2.7845 3.5198 11.5166 7.7707 

    1.4567 2.8037 3.2005 4.2594 4.6799 9.4998]*1000; 

 %g/m2 

    avgref=7800; %ROC 

    semref=980;  %ROC 

elseif dataset==3 %RN stocks 

    sabvals= 

   [0.0587 0.0671 0.0838 0.1051 0.2739 0.1721 

    0.0860 0.0538 0.0937 0.0878 0.3249 0.2182 

    0.0575 0.1011 0.1040 0.1034 0.1942 0.2696]*1000; 

 %g/m2 

    avgref=240; %RN 

    semref=20;  %RN 

end; 

 

avgstocks=mean(sabvals); %means of observed values 

stdstocks=std(sabvals);  %stds of observed values 

 

x=[1 6 14 33]; %marsh ages for sabine (yrs) 

x=[x;x;x]; 

 

rng('shuffle'); 

estx=zeros(n,1); 

 

for i=1:n 

 %pick 3 stocks for each marsh based on obs means and stds 

 stocks= 

 [normrnd([avgstocks(1) avgstocks(1) avgstocks(1)]',stdstocks(1))... 

       normrnd([avgstocks(2) avgstocks(2) avgstocks(2)]',stdstocks(2))... 

       normrnd([avgstocks(3) avgstocks(3) avgstocks(3)]',stdstocks(3))... 

        normrnd([avgstocks(4) avgstocks(4) avgstocks(4)]',stdstocks(4))]; 

       

(script cont’d) 
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(Script 3 cont’d) 
 

     p=polyfit(x,stocks,1); %fit stocks as function of age 

     

     refval=normrnd(avgref,semref); % reference marsh estimate                                 

                                 

     estx(i)=(refval-p(2))/p(1); %estimated equivalence time for each n 

     

end; 

 

sorted=sort(estx); 

lower=sorted(0.025*n); 

avg=mean(sorted); 

upper=sorted(0.975*n); 

stdev=std(sorted); 

 

fprintf('Mean Eq. time = %1.0f years\n95%% CI: %1.0f ~ %1.0f years\nSD =... 

 %1.0f years\n',[avg lower upper stdev]); 

 

histogram(estx); 

 

% Minusbound=lower-avg 

% Plusbound=upper-avg 

 

%%%%END OF SCRIPT 
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Appendix C.  
Supplementary Figures and Tables of Chapters 2 and 3 

 

 

 

 

 

 

 

 
Figure C.1. Representative chromatogram from amino acid analysis.  The abscissa is the elution 
time in minutes and the ordinate is the relative concentration in luminescence units.  IS(1) and IS(2) 
represent the internal standards (Norvaline and Sarcosine).  See Fig. 3.5 for legend of amino acid 
abbreviations. 
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Figure C.2. Representative gel image of 

PCR products from SSUmCf–LSUmBr 

(nested) amplification of some Sabine 

marsh samples.  Samples are ordered in 

increasing soil depth from left to right for 

each replicate core.  “L” marks lanes with a 

2-log DNA ladder for which an arrowhead 

marks the 1.5 kb band.  Key: C4-1, 1-year; 

C2-1, 6-year; (+), positive control; C1-3, 14-

year; 1983-A, 33-year; (−), no-template 

control; Ref-A1, Ref. A; Ref-B2, Ref. B.  

Downward pointing arrowheads mark 

samples for which a positive result was 

observed. 

 

 

 

 

Figure C.3. Representative gel image of PCR 

products from SSUmCf–LSUmBr (nested) 

amplification of some WLD marsh samples.  

Samples are ordered in increasing soil depth from 

left to right for each replicate core.  “L” marks lanes 

with a 2-log DNA ladder for which an arrowhead 

marks the 1.5 kb band.  Key: YNG-2, 16-year; (+), 

positive control; INT-2, 29-year; OLD-2, 41-year; 

(−), no-template control; Ref-2, Reference.  

Downward pointing arrowheads mark samples for 

which a positive result was observed.  
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Table C.1. Relative mole-percent amino acid composition of hydrolyzed AAE protein extracts from the Sabine marshes. 

 Marsh age (depth interval)  Reference marshes 

Amino 
acid† 

1 yr 
(0–15 cm) 

1 yr 
(15–25 cm) 

6 yrs 
 (0–15 cm) 

6 yrs 
(15–30 cm) 

14 yrs 
 (0–15 cm) 

14 yrs 
 (15–30 cm) 

33 yrs 
(0–15 cm) 

33 yrs 
(15–30 cm) 

 Ref. A 
(0–15 cm) 

Ref. A 
(15–30 cm) 

Ref. B 
(0–15 cm) 

Ref. B 
(15–30 cm) 

ASX 16.7% 16.9% 16.2% 16.9% 15.3% 17.2% 15.1% 15.4%  15.6% 16.9% 15.6% 16.3% 
GLX 12.6% 12.2% 12.9% 12.4% 12.3% 12.7% 12.1% 12.3%  11.9% 12.2% 11.9% 12.0% 
SER 4.8% 4.9% 4.8% 5.0% 5.3% 5.0% 5.2% 5.1%  5.8% 5.6% 5.6% 5.7% 
HIS 0.8% 0.7% 0.8% 0.6% 1.0% 0.6% 1.0% 1.0%  0.8% 0.5% 1.0% 0.7% 
GLY 10.5% 10.0% 10.0% 10.8% 11.0% 10.6% 11.2% 10.2%  11.1% 11.2% 10.8% 10.7% 
THR 3.6% 3.8% 3.7% 3.7% 3.9% 3.6% 3.9% 3.9%  4.4% 4.4% 4.2% 4.4% 
ALA 10.6% 10.2% 10.8% 10.8% 12.0% 11.0% 11.8% 11.7%  11.8% 11.6% 12.2% 12.0% 
ARG 2.5% 2.6% 2.5% 2.3% 2.3% 2.3% 2.2% 2.2%  2.6% 2.5% 2.4% 2.6% 
TYR 1.5% 1.5% 1.5% 1.3% 1.3% 1.4% 1.2% 1.3%  1.3% 1.2% 1.2% 1.2% 
VAL 7.9% 8.0% 7.8% 7.9% 7.8% 7.7% 7.8% 7.9%  7.9% 8.1% 7.7% 8.0% 
MET 0.6% 0.8% 0.6% 0.6% 0.4% 0.5% 0.5% 0.3%  0.4% 0.5% 0.3% 0.4% 
PHE 4.4% 4.5% 4.6% 4.3% 4.1% 4.3% 4.1% 4.2%  3.8% 3.6% 3.9% 3.7% 
ILE 5.9% 6.1% 5.9% 5.9% 5.5% 5.9% 5.6% 5.7%  5.4% 5.5% 5.3% 5.5% 
LEU 8.5% 8.7% 8.9% 8.6% 8.4% 8.6% 8.6% 8.6%  8.1% 7.7% 8.3% 7.9% 
LYS 2.7% 2.8% 2.5% 2.7% 2.4% 2.6% 2.3% 2.5%  2.5% 2.7% 2.3% 2.6% 
PRO 6.3% 6.2% 6.5% 6.1% 7.1% 6.0% 7.4% 7.7%  6.5% 5.9% 7.2% 6.4% 

† See Fig. 3.5 for legend of amino acid abbreviations. 
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Table C.2. Relative mole-percent amino acid composition of hydrolyzed AAE protein extracts from 
the WLD marshes. 

 Marsh age (depth interval)  Reference marsh 

Amino 
acid† 

16 yrs 
(0–15 cm) 

16 yrs 
(15–25 cm) 

29 yrs 
 (0–15 cm) 

29 yrs 
(15–30 cm) 

41 yrs 
 (0–15 cm) 

41 yrs 
 (15–30 cm) 

 
 (0–15 cm) (15–30 cm) 

ASX 17.0% 16.9% 15.3% 15.6% 15.0% 15.9%  14.8% 15.1% 
GLX 13.0% 13.2% 13.0% 12.6% 12.8% 12.8%  13.4% 12.7% 
SER 5.0% 5.2% 5.3% 5.4% 5.5% 5.3%  5.4% 5.6% 
HIS 0.6% 0.7% 0.8% 1.0% 1.1% 0.9%  1.1% 1.1% 
GLY 10.7% 10.6% 10.2% 10.0% 10.0% 10.2%  9.4% 10.0% 
THR 3.6% 3.5% 3.8% 3.9% 3.9% 3.5%  3.7% 3.9% 
ALA 10.8% 10.4% 11.4% 11.0% 11.1% 11.0%  10.6% 10.9% 
ARG 2.3% 2.4% 2.6% 2.4% 2.6% 2.4%  2.4% 2.4% 
TYR 1.3% 1.4% 1.5% 1.6% 1.6% 1.4%  1.5% 1.5% 
VAL 7.8% 7.6% 8.0% 8.0% 7.8% 8.0%  8.1% 8.2% 
MET 0.6% 0.5% 0.5% 0.5% 0.5% 0.3%  0.6% 0.4% 
PHE 4.1% 4.1% 4.0% 4.2% 4.1% 4.1%  4.2% 4.2% 
ILE 5.7% 5.8% 5.6% 5.8% 5.7% 5.7%  6.0% 5.9% 
LEU 8.5% 8.6% 8.9% 8.9% 8.9% 8.9%  9.5% 9.2% 
LYS 2.5% 2.5% 2.2% 2.3% 2.4% 2.4%  2.2% 2.3% 
PRO 6.4% 6.5% 7.0% 7.1% 7.0% 7.1%  7.0% 6.8% 

† See Fig. 3.5 for legend of amino acid abbreviations. 
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Appendix D.  
Supplementary Figures of Chapter 4 

 

 

 
Figure D.1. Log-transformed correlation between TOC and 

ROC (a) and TN and RN (b), showing separate linear fits and 

ANCOVA results. 
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Figure D.2. Depth profiles of average LOC density (light grey) and 

average ROC density (black) in Sabine (a) and WLD (b).  Error bars are ± 

standard deviation (n = 3, except for Sabine reference: n = 6). 
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Appendix E.  
Data for Each Section of All Soil Cores 

 
 
 

Table E.1.  Bulk density and compositional data for each soil core section. 

Sample 
vial # 

Coded ID† Sample ID 
Moisture 
content 

(%) 

Bulk 
density 
(g·cm−3) 

Loss on 
ignition 
(mg·g−1) 

TOC 
(mg·g−1) 

TN 
(mg·g−1) 

ROC 
(mg·g−1) 

RN 
(mg·g−1) 

AAE 
solids 

(mg·g−1) 

AAE humic 
material‡ 
(mg·g−1) 

1 S01-1-00 C4-1_0-5 39 0.547 60.5 15.8 1.37 7.6 0.32 13.2 11.6 

2 S01-1-05 C4-1_5-10 38 0.823 58.5 16.2 1.41 7.4 0.29 14.5 11.3 

3 S01-1-10 C4-1_10-15 43 0.869 62.9 14.8 1.36 6.8 0.27 13.4 9.4 

4 S01-1-15 C4-1_15-20 45 0.687 67.2 15.2 1.39 6.9 0.27 15.1 9.6 

5 S01-1-20 C4-1_20-23 47 0.558 68.1 15.4 1.44 7.2 0.27 11.4 9.6 

6 S06-1-00 C2-1_0-5 67 0.200 93.0 24.9 2.49 10.1 0.38 18.9 12.3 

7 S06-1-05 C2-1_5-10 49 0.808 73.9 18.0 1.65 7.9 0.31 15.1 10.7 

8 S06-1-10 C2-1_10-15 39 0.926 62.4 14.3 1.30 7.2 0.28 14.1 9.4 

9 S06-1-15 C2-1_15-20 37 0.938 58.7 14.9 1.28 7.2 0.28 12.1 9.0 

10 S06-1-20 C2-1_20-25 39 0.948 53.4 13.2 1.23 7.3 0.28 11.0 8.8 

11 S06-1-25 C2-1_25-27 41 0.843 60.8 12.9 1.22 6.9 0.27 11.3 8.5 

12 S14-1-00 C1-3_0-5 65 0.185 216.7 93.5 6.53 56.0 1.64 77.2 49.5 

13 S14-1-05 C1-3_5-10 61 0.322 163.1 57.5 4.10 35.0 1.02 60.4 36.4 

14 S14-1-10 C1-3_10-15 43 0.760 82.6 23.6 1.66 12.3 0.41 19.1 12.3 

15 S14-1-15 C1-3_15-20 40 0.926 66.7 16.0 1.34 7.2 0.26 12.9 8.9 

16 S14-1-20 C1-3_20-25 42 0.890 69.0 15.7 1.36 7.3 0.27 12.7 9.4 

17 S14-1-25 C1-3_25-30 43 0.857 66.3 14.8 1.33 7.3 0.29 12.3 9.2 

 

(table cont’d) 
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(Table E.1 cont’d) 

Sample 
vial # 

Coded ID† Sample ID 
Moisture 
content 

(%) 

Bulk 
density 
(g·cm−3) 

Loss on 
ignition 
(mg·g−1) 

TOC 
(mg·g−1) 

TN 
(mg·g−1) 

ROC 
(mg·g−1) 

RN 
(mg·g−1) 

AAE 
solids 

(mg·g−1) 

AAE humic 
material‡ 
(mg·g−1) 

18 S33-1-00 1983-A'_0-5 48 0.826 83.7 27.4 1.64 19.3 0.46 30.6 14.5 

19 S33-1-05 1983-A'_5-10 49 0.724 101.8 33.4 2.21 18.4 0.48 38.6 19.2 

20 S33-1-10 1983-A'_10-15 53 0.630 108.5 34.3 2.38 20.5 0.55 31.7 17.5 

21 S33-1-15 1983-A'_15-20 59 0.551 130.0 42.3 2.84 25.2 0.67 41.0 22.2 

22 S33-1-20 1983-A'_20-25 58 0.541 122.5 36.8 2.51 22.0 0.60 40.2 21.0 

23 S33-1-25 1983-A'_25-30 64 0.416 157.0 47.7 3.19 30.2 0.80 51.9 26.6 

24 S50-1-00 NR1-1_0-5 81 0.186 393.4 160.8 11.22 113.3 3.00 195.3 122.5 

25 S50-1-05 NR1-1_5-10 84 0.156 497.2 227.3 15.73 160.2 3.99 263.2 181.0 

26 S50-1-10 NR1-1_10-15 67 0.379 231.3 99.0 6.72 75.0 2.30 121.0 100.3 

27 S50-1-15 NR1-1_15-20 48 0.763 121.4 52.9 3.64 39.0 2.02 55.2 57.5 

28 S50-1-20 NR1-1_20-25 41 0.907 77.1 27.8 2.06 20.2 1.05 32.5 34.7 

29 S50-1-25 NR1-1_25-30 41 0.945 77.3 25.8 1.79 19.6 0.98 28.1 37.5 

30 S50-4-00 NR2-1_0-5 83 0.114 433.3 172.0 11.46 114.1 3.14 205.4 91.4 

31 S50-4-05 NR2-1_5-10 75 0.235 223.9 80.1 5.32 50.6 1.33 115.1 47.3 

32 S50-4-10 NR2-1_10-15 89 0.107 558.2 216.8 15.55 137.4 3.85 264.5 120.6 

33 S50-4-15 NR2-1_15-20 87 0.115 583.1 237.2 16.21 169.7 4.61 291.9 153.1 

34 S50-4-20 NR2-1_20-25 81 0.203 474.6 198.2 12.21 144.8 3.65 218.1 140.3 

35 S50-4-25 NR2-1_25-30 76 0.267 420.7 204.3 13.22 149.8 4.07 259.8 173.9 

36 S01-2-00 C4-2_0-5 38 1.028 51.6 15.4 1.43 7.6 0.35 13.3 10.9 

37 S01-2-05 C4-2_5-10 41 0.903 55.4 16.0 1.54 7.6 0.32 15.3 11.5 

38 S01-2-10 C4-2_10-15 43 0.901 58.0 18.1 1.62 8.5 0.34 17.1 10.4 

39 S01-2-15 C4-2_15-20 48 0.779 64.4 16.6 1.70 8.4 0.33 16.4 11.0 

40 S01-2-20 C4-2_20-25 49 0.652 66.4 16.5 1.54 8.4 0.33 15.2 10.0 

 

(table cont’d) 
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(Table E.1 cont’d) 

Sample 
vial # 

Coded ID† Sample ID 
Moisture 
content 

(%) 

Bulk 
density 
(g·cm−3) 

Loss on 
ignition 
(mg·g−1) 

TOC 
(mg·g−1) 

TN 
(mg·g−1) 

ROC 
(mg·g−1) 

RN 
(mg·g−1) 

AAE 
solids 

(mg·g−1) 

AAE humic 
material‡ 
(mg·g−1) 

41 S06-2-00 C2-3_0-5 35 1.037 40.8 12.9 1.25 4.9 0.19 12.2 8.0 

42 S06-2-05 C2-3_5-10 34 1.111 42.1 11.0 1.03 4.9 0.20 11.1 7.8 

43 S06-2-10 C2-3_10-15 35 1.084 44.0 12.8 1.09 6.2 0.27 14.0 7.2 

44 S06-2-15 C2-3_15-20 33 1.166 39.9 9.7 0.92 5.1 0.21 11.7 6.2 

45 S06-2-20 C2-3_20-25 26 1.258 27.1 6.7 0.65 2.5 0.10 8.3 3.5 

46 S14-2-00 C1-4_0-5 64 0.367 160.8 67.2 4.43 49.1 1.41 72.2 44.7 

47 S14-2-05 C1-4_5-10 50 0.618 70.3 27.6 2.00 18.6 0.62 29.7 22.3 

48 S14-2-10 C1-4_10-15 44 0.827 48.1 17.9 1.47 9.3 0.36 16.7 10.9 

49 S14-2-15 C1-4_15-20 45 0.831 48.0 17.8 1.31 9.0 0.31 16.1 9.9 

50 S14-2-20 C1-4_20-25 49 0.758 48.9 14.9 1.29 7.6 0.29 16.1 9.5 

51 S14-2-25 C1-4_25-30 51 0.709 52.7 14.8 1.31 7.4 0.29 16.3 10.4 

52 S33-2-00 1983-D_0-5 32 1.200 41.6 11.9 0.73 9.0 0.23 14.4 8.0 

53 S33-2-05 1983-D_5-10 34 1.120 44.2 15.5 0.89 13.2 0.32 19.1 10.4 

54 S33-2-10 1983-D_10-15 34 1.116 52.0 16.6 1.04 10.1 0.24 18.7 10.1 

55 S33-2-15 1983-D_15-20 39 0.922 56.2 20.4 1.17 13.0 0.32 19.8 9.7 

56 S33-2-20 1983-D_20-25 35 1.040 46.5 13.5 0.88 8.7 0.22 15.4 7.1 

57 S33-2-25 1983-D_25-30 47 0.740 86.7 26.6 1.59 16.8 0.44 28.5 16.4 

58 S50-2-00 NR1-2_0-5 75 0.244 268.7 104.9 6.92 71.4 1.96 129.1 62.6 

59 S50-2-05 NR1-2_5-10 79 0.212 385.2 164.2 10.60 112.4 2.99 222.8 122.6 

60 S50-2-10 NR1-2_10-15 66 0.407 275.0 130.3 7.54 123.4 3.65 181.5 133.8 

61 S50-2-15 NR1-2_15-20 63 0.441 298.6 155.7 9.67 115.5 3.30 217.5 150.5 

62 S50-2-20 NR1-2_20-25 69 0.375 337.4 180.8 11.27 136.8 3.84 257.0 169.9 

63 S50-2-25 NR1-2_25-30 76 0.263 369.6 192.1 12.24 139.3 3.82 276.9 166.5 

 

(table cont’d) 
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(Table E.1 cont’d) 

Sample 
vial # 

Coded ID† Sample ID 
Moisture 
content 

(%) 

Bulk 
density 
(g·cm−3) 

Loss on 
ignition 
(mg·g−1) 

TOC 
(mg·g−1) 

TN 
(mg·g−1) 

ROC 
(mg·g−1) 

RN 
(mg·g−1) 

AAE 
solids 

(mg·g−1) 

AAE humic 
material‡ 
(mg·g−1) 

64 S50-5-00 NR2-2_0-5 86 0.110 516.4 207.8 13.08 142.6 3.56 234.9 120.8 

65 S50-5-05 NR2-2_5-10 77 0.210 271.9 101.0 7.24 62.0 1.70 144.0 59.3 

66 S50-5-10 NR2-2_10-15 81 0.160 378.0 150.9 10.15 94.7 2.79 192.0 88.3 

67 S50-5-15 NR2-2_15-20 77 0.212 367.2 142.0 9.54 113.0 3.38 183.4 116.9 

68 S50-5-20 NR2-2_20-25 71 0.344 379.6 176.5 11.76 127.2 3.61 250.9 154.2 

69 S50-5-25 NR2-2_25-30 73 0.316 400.3 191.8 12.57 138.0 3.81 261.1 164.6 

70 S01-3-00 C5-1_0-5 44 0.699 57.7 16.9 1.49 7.9 0.32 15.8 11.7 

71 S01-3-05 C5-1_5-10 43 0.871 58.9 16.7 1.46 8.1 0.31 16.0 11.6 

72 S01-3-10 C5-1_10-15 46 0.817 52.7 15.9 1.43 8.1 0.32 15.4 9.8 

73 S01-3-15 C5-1_15-20 52 0.608 60.0 17.5 1.57 8.3 0.33 17.2 10.3 

74 S06-3-00 C2-5_0-5 49 0.542 83.9 21.1 1.93 12.0 0.48 20.9 10.8 

75 S06-3-05 C2-5_5-10 38 0.958 52.6 14.6 1.13 7.2 0.27 16.5 9.4 

76 S06-3-10 C2-5_10-15 35 1.059 49.4 13.7 1.02 6.7 0.26 12.8 8.3 

77 S06-3-15 C2-5_15-20 36 1.077 50.1 14.4 1.14 9.6 0.34 19.0 10.5 

78 S06-3-20 C2-5_20-25 36 1.066 54.3 13.3 1.08 7.5 0.29 15.2 9.0 

79 S06-3-25 C2-5_25-28 42 0.917 70.9 25.0 1.68 18.8 0.61 30.4 21.7 

80 S14-3-00 C1-5_0-5 58 0.423 132.7 59.6 3.63 44.5 1.20 55.9 40.2 

81 S14-3-05 C1-5_5-10 44 0.740 78.7 36.4 2.13 26.6 0.80 42.2 34.7 

82 S14-3-10 C1-5_10-15 39 0.945 48.3 17.0 1.17 7.9 0.27 17.4 8.8 

83 S14-3-15 C1-5_15-20 41 0.919 48.4 14.1 1.13 6.9 0.27 14.5 8.9 

84 S14-3-20 C1-5_20-25 43 0.873 49.8 14.3 1.19 6.6 0.29 14.6 9.3 

85 S14-3-25 C1-5_25-30 46 0.820 51.7 15.0 1.27 7.2 0.27 15.8 9.9 

 

(table cont’d) 
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(Table E.1 cont’d) 

Sample 
vial # 

Coded ID† Sample ID 
Moisture 
content 

(%) 

Bulk 
density 
(g·cm−3) 

Loss on 
ignition 
(mg·g−1) 

TOC 
(mg·g−1) 

TN 
(mg·g−1) 

ROC 
(mg·g−1) 

RN 
(mg·g−1) 

AAE 
solids 

(mg·g−1) 

AAE humic 
material‡ 
(mg·g−1) 

86 S33-3-00 1983-E_0-5 28 1.278 39.0 8.6 0.46 5.5 0.16 17.2 6.9 

87 S33-3-05 1983-E_5-10 31 1.175 48.8 16.5 0.72 15.8 0.36 29.7 16.4 

88 S33-3-10 1983-E_10-15 37 0.982 68.1 23.2 1.01 18.2 0.44 24.6 12.1 

89 S33-3-15 1983-E_15-20 40 0.928 71.3 27.0 1.28 15.9 0.38 31.6 17.1 

90 S33-3-20 1983-E_20-25 40 0.874 59.0 22.9 1.21 14.1 0.34 30.2 13.0 

91 S33-3-25 1983-E_25-30 36 0.981 54.6 18.2 0.93 14.9 0.38 23.1 12.8 

92 S50-3-00 NR1-3_0-5 69 0.349 227.5 111.4 7.66 74.2 2.60 153.3 103.2 

93 S50-3-05 NR1-3_5-10 48 0.772 108.9 51.5 3.67 42.1 1.91 82.8 66.4 

94 S50-3-10 NR1-3_10-15 29 1.237 39.3 16.5 1.14 11.7 0.60 23.4 23.5 

95 S50-3-15 NR1-3_15-20 26 1.394 26.3 9.4 0.61 5.6 0.22 14.7 12.1 

96 S50-3-20 NR1-3_20-25 28 1.250 26.4 10.9 0.61 5.6 0.20 14.4 11.6 

97 S50-3-25 NR1-3_25-30 28 1.293 28.2 10.0 0.69 4.5 0.16 16.8 11.5 

98 S50-6-00 NR2-3_0-5 81 0.138 419.6 169.4 10.61 103.5 3.02 206.2 99.2 

99 S50-6-05 NR2-3_5-10 70 0.289 197.0 81.4 5.37 49.5 1.53 110.2 48.9 

100 S50-6-10 NR2-3_10-15 57 0.462 202.4 100.0 6.17 69.6 2.13 123.3 94.5 

101 S50-6-15 NR2-3_15-20 56 0.512 252.9 128.7 7.79 97.3 2.85 177.3 130.9 

102 S50-6-20 NR2-3_20-25 72 0.300 369.3 193.5 11.39 149.5 3.98 260.3 177.9 

103 S50-6-25 NR2-3_25-30 78 0.212 447.5 224.8 13.29 162.9 4.22 310.1 191.7 

104 W16-1-00 YNG-1_0-5 35 1.171 36.5 9.2 0.62 3.5 0.11 11.7 5.0 

105 W16-1-05 YNG-1_5-10 38 0.981 46.4 11.6 0.68 5.4 0.16 14.2 8.3 

106 W16-1-10 YNG-1_10-15 33 1.103 37.7 8.8 0.60 3.4 0.11 10.9 5.5 

107 W16-1-15 YNG-1_15-20 25 1.399 22.5 5.2 0.34 2.6 0.08 7.2 3.4 

108 W16-1-20 YNG-1_20-25 22 1.540 22.1 5.9 0.33 3.9 0.11 8.3 3.5 

109 W16-1-25 YNG-1_25-30 22 1.451 23.0 6.3 0.37 2.9 0.08 9.2 3.0 
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114 
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Sample 
vial # 

Coded ID† Sample ID 
Moisture 
content 

(%) 

Bulk 
density 
(g·cm−3) 

Loss on 
ignition 
(mg·g−1) 

TOC 
(mg·g−1) 

TN 
(mg·g−1) 

ROC 
(mg·g−1) 

RN 
(mg·g−1) 

AAE 
solids 

(mg·g−1) 

AAE humic 
material‡ 
(mg·g−1) 

110 W29-1-00 INT-1_0-5 60 0.499 120.3 36.3 2.65 19.4 0.48 40.2 22.7 

111 W29-1-05 INT-1_5-10 62 0.488 126.1 46.4 3.28 24.7 0.64 47.4 27.4 

112 W29-1-10 INT-1_10-15 54 0.639 96.0 31.0 2.31 16.0 0.47 31.5 19.1 

113 W29-1-15 INT-1_15-20 55 0.597 86.4 27.8 2.05 13.0 0.37 27.0 16.2 

114 W29-1-20 INT-1_20-25 53 0.610 80.6 27.3 1.88 13.8 0.38 26.0 14.2 

115 W29-1-25 INT-1_25-30 54 1.487 85.3 27.9 1.93 14.4 0.37 31.2 14.5 

116 W41-1-00 OLD-1_0-5 76 0.271 271.9 107.8 7.80 67.5 1.44 122.7 53.5 

117 W41-1-05 OLD-1_5-10 58 0.565 141.2 49.3 3.57 27.3 0.74 50.7 25.2 

118 W41-1-10 OLD-1_10-15 54 0.621 112.8 38.7 2.85 20.6 0.59 41.1 20.2 

119 W41-1-15 OLD-1_15-20 47 0.736 80.2 23.7 1.78 13.4 0.40 29.1 14.4 

120 W41-1-20 OLD-1_20-25 49 0.738 84.4 23.4 1.73 13.7 0.41 28.1 15.1 

121 W41-1-25 OLD-1_25-30 41 0.913 65.9 19.2 1.33 10.7 0.33 22.4 11.1 

122 W50-1-00 ELD-1_0-5 89 0.090 569.6 252.2 14.75 186.3 2.90 316.8 141.6 

123 W50-1-05 ELD-1_5-10 80 0.193 319.0 136.9 8.96 97.5 1.77 177.7 79.0 

124 W50-1-10 ELD-1_10-15 77 0.246 239.5 98.0 6.86 68.5 1.45 129.7 53.8 

125 W50-1-15 ELD-1_15-20 77 0.264 246.9 104.9 7.25 64.9 1.41 125.6 50.9 

126 W50-1-20 ELD-1_20-25 59 0.529 118.6 41.0 2.77 23.8 0.60 47.3 23.1 

127 W50-1-25 ELD-1_25-30 68 0.376 162.2 55.1 3.89 35.7 0.88 73.3 33.9 

128 W16-2-00 YNG-2_0-5 36 1.015 36.8 9.3 0.66 4.1 0.12 10.8 6.0 

129 W16-2-05 YNG-2_5-10 32 1.119 32.2 8.4 0.54 2.9 0.09 10.7 4.9 

130 W16-2-10 YNG-2_10-15 32 1.130 37.1 8.0 0.57 5.3 0.15 11.4 5.1 

131 W16-2-15 YNG-2_15-20 33 1.150 36.0 11.6 0.68 3.8 0.12 9.6 5.4 

132 W16-2-20 YNG-2_20-25 25 1.391 25.5 6.5 0.41 2.5 0.08 8.1 3.6 

133 W16-2-25 YNG-2_25-30 26 1.346 27.4 7.0 0.44 3.6 0.11 7.6 3.9 
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Sample 
vial # 

Coded ID† Sample ID 
Moisture 
content 

(%) 

Bulk 
density 
(g·cm−3) 

Loss on 
ignition 
(mg·g−1) 

TOC 
(mg·g−1) 

TN 
(mg·g−1) 

ROC 
(mg·g−1) 

RN 
(mg·g−1) 

AAE 
solids 

(mg·g−1) 

AAE humic 
material‡ 
(mg·g−1) 

134 W29-2-00 INT-2_0-5 63 0.447 127.8 41.8 3.08 23.0 0.61 49.6 23.7 

135 W29-2-05 INT-2_5-10 65 0.448 128.3 41.8 2.96 27.0 0.66 51.2 27.6 

136 W29-2-10 INT-2_10-15 58 0.581 97.7 30.0 2.26 17.6 0.51 34.1 19.3 

137 W29-2-15 INT-2_15-20 59 0.541 91.9 30.4 2.17 21.0 0.55 35.8 18.2 

138 W29-2-20 INT-2_20-25 56 0.583 83.3 31.3 2.09 17.0 0.43 35.1 13.6 

139 W29-2-25 INT-2_25-30 51 0.693 68.8 25.6 1.71 14.6 0.37 26.8 10.5 

140 W41-2-00 OLD-2_0-5 84 0.158 306.4 123.3 9.67 73.0 1.82 145.6 54.5 

141 W41-2-05 OLD-2_5-10 64 0.452 144.8 49.1 3.76 27.8 0.80 58.0 23.7 

142 W41-2-10 OLD-2_10-15 55 0.621 103.4 32.3 2.42 18.3 0.56 40.3 17.1 

143 W41-2-15 OLD-2_15-20 55 0.630 96.7 30.2 2.32 15.9 0.50 36.4 16.2 

144 W41-2-20 OLD-2_20-25 48 0.751 72.5 21.2 1.54 9.7 0.32 25.3 12.0 

145 W41-2-25 OLD-2_25-30 45 0.802 67.6 19.8 1.48 12.9 0.39 25.3 11.5 

146 W50-2-00 ELD-2_0-5 85 0.150 395.5 164.6 11.12 110.1 2.26 189.5 81.1 

147 W50-2-05 ELD-2_5-10 76 0.273 268.9 115.4 7.95 76.4 1.62 145.6 60.4 

148 W50-2-10 ELD-2_10-15 73 0.305 212.8 84.5 6.03 56.8 1.26 108.3 44.9 

149 W50-2-15 ELD-2_15-20 68 0.397 157.7 59.8 4.12 35.4 0.93 70.7 31.6 

150 W50-2-20 ELD-2_20-25 70 0.370 175.5 62.6 4.05 41.2 1.01 77.0 35.2 

151 W50-2-25 ELD-2_25-30 63 0.451 132.9 43.8 2.62 27.1 0.66 57.0 28.2 

152 W16-3-00 YNG-3_0-5 29 1.321 26.5 6.6 0.39 3.8 0.12 6.6 4.0 

153 W16-3-05 YNG-3_5-10 29 1.280 30.0 7.3 0.41 4.2 0.13 10.2 4.8 

154 W16-3-10 YNG-3_10-15 27 1.332 25.9 5.5 0.36 4.0 0.13 7.7 4.0 

155 W16-3-15 YNG-3_15-20 30 1.261 28.2 7.7 0.46 3.3 0.11 9.8 4.8 

156 W16-3-20 YNG-3_20-25 23 1.503 20.6 5.2 0.28 2.9 0.09 8.1 2.8 

157 W16-3-25 YNG-3_25-30 25 1.455 23.3 6.5 0.39 5.3 0.15 9.3 3.3 

 

(table cont’d) 



 

116 
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Sample 
vial # 

Coded ID† Sample ID 
Moisture 
content 

(%) 

Bulk 
density 
(g·cm−3) 

Loss on 
ignition 
(mg·g−1) 

TOC 
(mg·g−1) 

TN 
(mg·g−1) 

ROC 
(mg·g−1) 

RN 
(mg·g−1) 

AAE 
solids 

(mg·g−1) 

AAE humic 
material‡ 
(mg·g−1) 

158 W29-3-00 INT-3_0-5 66 0.354 133.8 43.6 2.93 24.4 0.65 48.3 25.9 

159 W29-3-05 INT-3_5-10 70 0.354 144.2 47.5 3.13 30.9 0.83 63.5 30.6 

160 W29-3-10 INT-3_10-15 65 0.441 115.9 33.0 2.04 21.4 0.62 41.6 21.6 

161 W29-3-15 INT-3_15-20 59 0.540 100.5 27.0 1.56 17.7 0.49 33.2 18.1 

162 W29-3-20 INT-3_20-25 51 0.653 67.9 19.8 1.07 14.6 0.36 29.3 10.9 

163 W29-3-25 INT-3_25-30 46 0.787 58.6 22.0 0.93 14.1 0.37 22.9 9.2 

164 W41-3-00 OLD-3_0-5 70 0.324 153.3 59.0 4.59 35.1 0.89 63.0 24.9 

165 W41-3-05 OLD-3_5-10 66 0.432 161.0 52.2 3.98 28.4 0.80 53.9 23.6 

166 W41-3-10 OLD-3_10-15 49 0.734 103.4 27.6 2.06 13.9 0.43 30.7 14.9 

167 W41-3-15 OLD-3_15-20 43 0.888 76.2 21.0 1.43 10.6 0.31 24.6 10.8 

168 W41-3-20 OLD-3_20-25 44 0.874 80.9 22.1 1.51 10.5 0.33 25.1 12.8 

169 W41-3-25 OLD-3_25-30 43 0.905 75.0 20.1 1.39 10.0 0.32 23.3 12.2 

170 W50-3-00 ELD-3_0-5 81 0.206 329.1 129.6 9.00 86.5 1.79 156.3 65.6 

171 W50-3-05 ELD-3_5-10 74 0.301 235.7 93.6 6.78 58.2 1.39 109.3 47.5 

172 W50-3-10 ELD-3_10-15 72 0.325 207.4 78.2 5.69 51.7 1.20 93.9 39.5 

173 W50-3-15 ELD-3_15-20 67 0.390 154.1 63.0 4.58 38.3 0.92 70.2 27.2 

174 W50-3-20 ELD-3_20-25 62 0.480 143.9 49.4 3.51 30.5 0.74 56.7 25.6 

175 W50-3-25 ELD-3_25-30 68 0.393 180.0 71.1 4.56 41.5 1.00 75.0 34.2 

 Column checksum# 9176 122.217 24156.6 9339.4 633.14 6165.1 169.25 11357.9 6359.1 

All quantities except moisture content and bulk density are expressed on a dry-soil basis.  See page vii for definitions of acronyms. 
† The coded ID represents each soil core section in the form of Ayy-p-xx, where A is S for Sabine, A is W for WLD, yy is the marsh age in 
years, p is the plot number, and xx is the upper soil depth of the 5-cm section; sections from reference marshes are nominally assigned a 
50-year age; Sabine reference marshes A and B are denoted as plot numbers 1–3 and 4–6, respectively. 
‡ AAE humic material is an estimate of the total AAE humic material in the soil based on absorption of the AAE extracts at 465 nm, relative 
to the Sigma humic acid mixture (Section 2.2.4). 
# Exact sum of all values in column (to aid in error-checking if data are copied/transcribed). 
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Table E.2.  AAE solids composition, AAE protein estimates, and DNA concentration and purity ratios for each soil core section. 

   AAE solids  Soil DNA extracts¤ 

Sample 
vial # 

Coded ID† Sample ID %C %N 
BR-AAE 
protein 
(mg·g−1) 

Max-AAE 
protein 
(mg·g−1) 

Min-AAE 
protein 
(mg·g−1) 

DNA 
concentration 

(ng·µL−1) 
A260/280 A260/230 

1 S01-1-00 C4-1_0-5 26.16 2.696 1.75 2.11 0.83 6 2.9 12.7 

2 S01-1-05 C4-1_5-10 25.54 2.607 1.90 2.25 0.88 7 2.5 2.3 

3 S01-1-10 C4-1_10-15 24.30 1.992 1.82 1.59 0.62 7 2.5 0.8 

4 S01-1-15 C4-1_15-20 24.53 1.898 1.83 1.71 0.77 7 2.4 3.5 

5 S01-1-20 C4-1_20-23 24.64 2.038 1.81 1.38 0.63 8 2.5 1.2 

6 S06-1-00 C2-1_0-5 31.24 2.957 3.35 3.35 1.73 14 2.1 1.8 

7 S06-1-05 C2-1_5-10 27.62 2.209 2.11 1.99 1.03 6 2.6 3.5 

8 S06-1-10 C2-1_10-15 18.09 1.451 1.88 1.22 0.63 6 2.4 1.1 

9 S06-1-15 C2-1_15-20 22.28 1.709 1.75 1.24 0.48 6 2.3 1.2 

10 S06-1-20 C2-1_20-25 22.73 1.785 1.70 1.17 0.46 5 2.2 1.3 

11 S06-1-25 C2-1_25-27 22.42 1.620 1.75 1.09 0.42 6 1.9 1.1 

12 S14-1-00 C1-3_0-5 38.68 2.761 20.07 12.62 5.08 10 2.2 2.5 

13 S14-1-05 C1-3_5-10 38.81 2.745 12.41 9.81 3.95 12 2.0 2.8 

14 S14-1-10 C1-3_10-15 25.25 1.667 3.52 1.88 0.76 9 2.1 1.8 

15 S14-1-15 C1-3_15-20 21.75 1.658 2.10 1.28 0.44 8 2.4 3.3 

16 S14-1-20 C1-3_20-25 22.27 1.598 1.85 1.21 0.42 9 2.2 2.4 

17 S14-1-25 C1-3_25-30 22.09 1.595 1.73 1.17 0.40 9 2.2 1.0 

18 S33-1-00 1983-A'_0-5 28.44 1.752 5.73 3.19 1.46 13 2.1 2.6 

19 S33-1-05 1983-A'_5-10 34.20 2.145 7.36 4.93 2.25 12 2.1 1.4 

20 S33-1-10 1983-A'_10-15 30.97 1.916 5.96 3.62 1.65 12 2.0 2.7 

21 S33-1-15 1983-A'_15-20 30.13 1.804 7.58 4.41 1.93 11 2.1 1.6 

22 S33-1-20 1983-A'_20-25 29.09 1.797 7.47 4.30 1.88 11 2.2 3.0 

23 S33-1-25 1983-A'_25-30 30.68 1.944 10.51 6.01 2.63 9 2.5 4.1 
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(Table E.2 cont’d) 

   AAE solids  Soil DNA extracts¤ 

Sample 
vial # 

Coded ID† Sample ID %C %N 
BR-AAE 
protein 
(mg·g−1) 

Max-AAE 
protein 
(mg·g−1) 

Min-AAE 
protein 
(mg·g−1) 

DNA 
concentration 

(ng·µL−1) 
A260/280 A260/230 

24 S50-1-00 NR1-1_0-5 39.05 2.628 35.84 30.18 11.31 13 2.1 2.3 

25 S50-1-05 NR1-1_5-10 39.90 2.722 41.12 42.11 15.78 11 2.3 2.7 

26 S50-1-10 NR1-1_10-15 36.46 2.139 19.23 15.21 5.70 9 1.9 1.8 

27 S50-1-15 NR1-1_15-20 30.12 1.934 5.17 6.27 2.09 6 2.1 1.3 

28 S50-1-20 NR1-1_20-25 23.00 1.395 3.31 2.67 0.89 5 2.4 1.1 

29 S50-1-25 NR1-1_25-30 20.25 1.124 2.45 1.86 0.62 4 2.3 2.3 

30 S50-4-00 NR2-1_0-5 34.47 2.315 46.41 28.05 11.62 12 2.0 2.2 

31 S50-4-05 NR2-1_5-10 24.46 1.599 23.58 10.86 4.50 11 2.0 1.8 

32 S50-4-10 NR2-1_10-15 38.07 2.758 38.73 43.04 17.84 12 2.0 2.1 

33 S50-4-15 NR2-1_15-20 35.99 2.408 43.69 41.40 16.07 11 2.0 1.6 

34 S50-4-20 NR2-1_20-25 36.02 2.223 35.38 28.57 11.09 12 2.1 1.7 

35 S50-4-25 NR2-1_25-30 33.66 2.111 35.12 32.31 12.54 10 2.0 1.7 

36 S01-2-00 C4-2_0-5 29.31 2.075 1.93 1.64 0.65 12 1.8 1.0 

37 S01-2-05 C4-2_5-10 31.44 2.285 2.10 2.08 0.82 9 2.1 1.3 

38 S01-2-10 C4-2_10-15 20.46 1.560 2.34 1.58 0.62 11 2.2 1.7 

39 S01-2-15 C4-2_15-20 20.76 1.553 2.41 1.52 0.69 14 2.0 1.6 

40 S01-2-20 C4-2_20-25 22.56 1.641 2.43 1.49 0.67 11 2.1 1.6 

41 S06-2-00 C2-3_0-5 23.17 1.732 1.52 1.26 0.65 14 2.1 1.8 

42 S06-2-05 C2-3_5-10 24.82 1.646 1.40 1.09 0.57 11 2.0 1.3 

43 S06-2-10 C2-3_10-15 15.33 1.035 1.54 0.86 0.45 12 2.1 1.3 

44 S06-2-15 C2-3_15-20 14.08 0.951 1.37 0.67 0.26 12 1.9 0.9 

45 S06-2-20 C2-3_20-25 14.81 0.924 0.74 0.46 0.18 8 2.2 1.1 
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   AAE solids  Soil DNA extracts¤ 

Sample 
vial # 

Coded ID† Sample ID %C %N 
BR-AAE 
protein 
(mg·g−1) 

Max-AAE 
protein 
(mg·g−1) 

Min-AAE 
protein 
(mg·g−1) 

DNA 
concentration 

(ng·µL−1) 
A260/280 A260/230 

46 S14-2-00 C1-4_0-5 36.85 2.473 12.28 10.57 4.25 12 2.1 2.0 

47 S14-2-05 C1-4_5-10 31.80 2.163 4.18 3.80 1.53 11 2.0 1.3 

48 S14-2-10 C1-4_10-15 25.03 1.568 2.51 1.55 0.62 9 2.2 1.6 

49 S14-2-15 C1-4_15-20 22.75 1.431 2.07 1.37 0.47 8 2.2 1.4 

50 S14-2-20 C1-4_20-25 19.03 1.197 2.03 1.15 0.39 9 2.0 1.3 

51 S14-2-25 C1-4_25-30 25.08 1.579 2.16 1.54 0.52 7 2.1 1.8 

52 S33-2-00 1983-D_0-5 26.63 1.377 2.80 1.18 0.54 10 2.1 1.1 

53 S33-2-05 1983-D_5-10 26.72 1.439 2.56 1.64 0.75 10 1.9 1.0 

54 S33-2-10 1983-D_10-15 29.91 1.535 3.33 1.71 0.78 8 2.2 1.1 

55 S33-2-15 1983-D_15-20 28.45 1.499 3.20 1.77 0.78 7 2.1 1.1 

56 S33-2-20 1983-D_20-25 29.26 1.522 2.41 1.39 0.61 8 1.9 0.9 

57 S33-2-25 1983-D_25-30 32.33 1.671 4.30 2.84 1.24 6 1.8 1.1 

58 S50-2-00 NR1-2_0-5 38.26 2.465 28.09 18.70 7.01 21 2.0 1.9 

59 S50-2-05 NR1-2_5-10 31.23 2.096 33.62 27.45 10.29 18 2.0 1.8 

60 S50-2-10 NR1-2_10-15 33.95 2.032 19.56 21.68 8.13 13 2.0 1.2 

61 S50-2-15 NR1-2_15-20 29.82 1.779 22.89 22.75 7.58 12 2.0 1.7 

62 S50-2-20 NR1-2_20-25 30.41 1.852 28.24 27.98 9.32 13 2.1 1.8 

63 S50-2-25 NR1-2_25-30 33.44 2.067 35.71 33.64 11.21 11 2.2 1.8 

64 S50-5-00 NR2-2_0-5 35.24 2.407 44.83 33.36 13.83 23 2.0 1.9 

65 S50-5-05 NR2-2_5-10 28.13 2.001 28.69 17.00 7.05 23 2.0 1.8 

66 S50-5-10 NR2-2_10-15 32.10 2.228 28.54 25.24 10.46 23 2.0 1.7 

67 S50-5-15 NR2-2_15-20 33.04 2.072 26.55 22.39 8.69 23 1.9 1.7 

68 S50-5-20 NR2-2_20-25 30.85 1.901 33.71 28.11 10.91 16 2.0 1.6 

69 S50-5-25 NR2-2_25-30 33.16 2.030 31.15 31.21 12.11 12 2.1 1.5 
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   AAE solids  Soil DNA extracts¤ 

Sample 
vial # 

Coded ID† Sample ID %C %N 
BR-AAE 
protein 
(mg·g−1) 

Max-AAE 
protein 
(mg·g−1) 

Min-AAE 
protein 
(mg·g−1) 

DNA 
concentration 

(ng·µL−1) 
A260/280 A260/230 

70 S01-3-00 C5-1_0-5 28.87 2.107 2.02 1.98 0.78 15 2.1 1.9 

71 S01-3-05 C5-1_5-10 28.60 2.053 2.07 1.95 0.76 12 2.1 1.8 

72 S01-3-10 C5-1_10-15 21.45 1.560 2.25 1.43 0.56 14 2.1 1.5 

73 S01-3-15 C5-1_15-20 20.95 1.498 2.47 1.53 0.69 13 2.2 1.5 

74 S06-3-00 C2-5_0-5 28.32 2.388 3.40 2.98 1.54 31 1.6 0.8 

75 S06-3-05 C2-5_5-10 21.86 1.553 1.93 1.54 0.80 8 2.7 1.4 

76 S06-3-10 C2-5_10-15 21.70 1.428 1.40 1.09 0.57 14 1.9 0.9 

77 S06-3-15 C2-5_15-20 18.86 1.197 2.50 1.35 0.53 8 2.2 1.1 

78 S06-3-20 C2-5_20-25 18.01 1.177 2.03 1.07 0.42 9 2.4 1.4 

79 S06-3-25 C2-5_25-28 22.16 1.384 3.88 2.51 0.98 9 2.2 1.7 

80 S14-3-00 C1-5_0-5 29.15 1.919 13.67 6.36 2.56 39 1.9 1.4 

81 S14-3-05 C1-5_5-10 27.90 1.784 4.90 4.46 1.79 12 2.4 1.3 

82 S14-3-10 C1-5_10-15 16.67 1.071 1.91 1.11 0.44 18 1.9 1.1 

83 S14-3-15 C1-5_15-20 18.32 1.241 1.57 1.07 0.37 10 2.2 1.4 

84 S14-3-20 C1-5_20-25 28.23 1.839 1.67 1.60 0.55 17 1.8 0.8 

85 S14-3-25 C1-5_25-30 25.01 1.700 1.80 1.60 0.55 8 2.2 1.1 

86 S33-3-00 1983-E_0-5 18.90 1.018 1.95 1.04 0.48 27 1.6 0.7 

87 S33-3-05 1983-E_5-10 23.61 1.099 4.37 1.94 0.89 8 2.0 0.8 

88 S33-3-10 1983-E_10-15 20.60 1.171 3.57 1.71 0.78 20 1.7 0.7 

89 S33-3-15 1983-E_15-20 28.23 1.459 4.91 2.74 1.20 11 2.0 1.5 

90 S33-3-20 1983-E_20-25 20.52 1.079 4.67 1.94 0.85 11 2.2 1.0 

91 S33-3-25 1983-E_25-30 25.02 1.300 3.72 1.79 0.78 10 2.0 0.9 
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   AAE solids  Soil DNA extracts¤ 

Sample 
vial # 

Coded ID† Sample ID %C %N 
BR-AAE 
protein 
(mg·g−1) 

Max-AAE 
protein 
(mg·g−1) 

Min-AAE 
protein 
(mg·g−1) 

DNA 
concentration 

(ng·µL−1) 
A260/280 A260/230 

92 S50-3-00 NR1-3_0-5 31.07 2.100 27.22 18.93 7.09 38 1.8 1.4 

93 S50-3-05 NR1-3_5-10 24.94 1.610 10.87 7.84 2.94 9 2.4 1.2 

94 S50-3-10 NR1-3_10-15 22.52 1.304 1.74 1.80 0.67 30 1.6 0.6 

95 S50-3-15 NR1-3_15-20 15.71 0.695 0.80 0.60 0.20 2 10.5 0.3 

96 S50-3-20 NR1-3_20-25 12.22 0.536 0.72 0.45 0.15 5 2.0 0.5 

97 S50-3-25 NR1-3_25-30 9.87 0.431 0.57 0.42 0.14 23 1.7 0.6 

98 S50-6-00 NR2-3_0-5 32.39 2.248 42.60 27.35 11.34 43 1.9 1.1 

99 S50-6-05 NR2-3_5-10 27.56 1.882 22.46 12.24 5.07 49 1.8 1.1 

100 S50-6-10 NR2-3_10-15 31.82 1.955 14.96 14.22 5.89 37 1.8 0.9 

101 S50-6-15 NR2-3_15-20 30.95 1.828 18.64 19.09 7.41 33 1.7 0.8 

102 S50-6-20 NR2-3_20-25 33.17 1.921 33.27 29.44 11.43 26 1.8 0.8 

103 S50-6-25 NR2-3_25-30 32.13 1.955 41.03 35.72 13.86 25 1.9 0.9 

104 W16-1-00 YNG-1_0-5 12.35 0.832 1.61 0.58 0.27 30 1.7 0.6 

105 W16-1-05 YNG-1_5-10 16.26 1.042 1.61 0.89 0.42 26 1.7 0.6 

106 W16-1-10 YNG-1_10-15 15.54 0.940 1.39 0.61 0.29 27 1.7 0.6 

107 W16-1-15 YNG-1_15-20 10.35 0.605 0.92 0.26 0.16 40 1.5 0.6 

108 W16-1-20 YNG-1_20-25 10.27 0.536 1.13 0.27 0.16 17 1.8 0.6 

109 W16-1-25 YNG-1_25-30 13.33 0.743 1.49 0.41 0.25 32 1.5 0.6 

110 W29-1-00 INT-1_0-5 31.39 2.348 8.70 5.61 2.80 49 1.9 1.2 

111 W29-1-05 INT-1_5-10 31.56 2.540 10.50 7.15 3.57 48 1.9 1.3 

112 W29-1-10 INT-1_10-15 29.09 2.409 6.07 4.51 2.25 34 1.9 1.2 

113 W29-1-15 INT-1_15-20 30.50 2.341 5.46 3.78 1.93 30 1.8 0.9 

114 W29-1-20 INT-1_20-25 27.84 2.030 5.66 3.16 1.62 27 1.7 0.8 

115 W29-1-25 INT-1_25-30 27.86 2.042 6.34 3.80 1.94 25 1.7 0.8 
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   AAE solids  Soil DNA extracts¤ 

Sample 
vial # 

Coded ID† Sample ID %C %N 
BR-AAE 
protein 
(mg·g−1) 

Max-AAE 
protein 
(mg·g−1) 

Min-AAE 
protein 
(mg·g−1) 

DNA 
concentration 

(ng·µL−1) 
A260/280 A260/230 

116 W41-1-00 OLD-1_0-5 36.55 3.173 25.17 23.14 11.59 64 1.9 1.7 

117 W41-1-05 OLD-1_5-10 28.24 2.635 11.11 7.95 3.98 44 1.7 1.1 

118 W41-1-10 OLD-1_10-15 26.86 2.249 7.35 5.49 2.75 30 1.8 1.2 

119 W41-1-15 OLD-1_15-20 24.55 1.887 5.40 3.26 1.57 28 1.7 0.8 

120 W41-1-20 OLD-1_20-25 23.79 1.801 5.50 3.01 1.45 24 1.7 0.9 

121 W41-1-25 OLD-1_25-30 22.07 1.561 4.40 2.08 1.00 25 1.6 0.7 

122 W50-1-00 ELD-1_0-5 30.14 2.005 48.68 38.14 18.17 39 1.9 1.5 

123 W50-1-05 ELD-1_5-10 29.37 2.165 29.25 23.11 11.01 53 1.8 1.2 

124 W50-1-10 ELD-1_10-15 30.70 2.365 22.83 18.42 8.77 41 1.7 1.0 

125 W50-1-15 ELD-1_15-20 30.42 2.492 21.66 18.72 9.44 37 1.8 1.0 

126 W50-1-20 ELD-1_20-25 26.01 2.016 8.60 5.70 2.87 27 1.7 0.7 

127 W50-1-25 ELD-1_25-30 28.43 2.057 12.40 9.01 4.55 28 1.7 0.8 

128 W16-2-00 YNG-2_0-5 14.28 0.913 1.82 0.59 0.28 22 1.6 0.7 

129 W16-2-05 YNG-2_5-10 12.44 0.760 1.72 0.49 0.23 30 1.6 0.7 

130 W16-2-10 YNG-2_10-15 11.75 0.709 1.69 0.48 0.23 27 1.6 0.6 

131 W16-2-15 YNG-2_15-20 13.88 0.873 1.62 0.50 0.30 26 1.6 0.6 

132 W16-2-20 YNG-2_20-25 9.97 0.600 1.25 0.29 0.18 21 1.6 0.6 

133 W16-2-25 YNG-2_25-30 13.21 0.731 1.44 0.33 0.20 17 1.7 0.6 

134 W29-2-00 INT-2_0-5 24.71 2.087 10.48 6.15 3.07 46 1.8 1.3 

135 W29-2-05 INT-2_5-10 30.46 2.282 9.20 6.95 3.47 44 1.8 1.2 

136 W29-2-10 INT-2_10-15 27.49 2.235 6.69 4.52 2.26 40 1.7 0.9 

137 W29-2-15 INT-2_15-20 27.40 2.174 6.59 4.66 2.38 28 1.9 1.0 

138 W29-2-20 INT-2_20-25 22.22 1.697 7.73 3.56 1.82 26 1.8 1.0 

139 W29-2-25 INT-2_25-30 24.29 1.863 5.77 2.98 1.52 19 1.8 0.8 
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   AAE solids  Soil DNA extracts¤ 

Sample 
vial # 

Coded ID† Sample ID %C %N 
BR-AAE 
protein 
(mg·g−1) 

Max-AAE 
protein 
(mg·g−1) 

Min-AAE 
protein 
(mg·g−1) 

DNA 
concentration 

(ng·µL−1) 
A260/280 A260/230 

140 W41-2-00 OLD-2_0-5 30.33 2.828 27.19 24.49 12.27 50 1.9 1.8 

141 W41-2-05 OLD-2_5-10 24.91 2.228 13.17 7.68 3.85 46 1.8 1.3 

142 W41-2-10 OLD-2_10-15 24.95 1.966 7.77 4.71 2.36 29 1.8 1.0 

143 W41-2-15 OLD-2_15-20 23.61 2.490 7.19 5.39 2.60 25 1.8 0.9 

144 W41-2-20 OLD-2_20-25 21.34 1.678 5.14 2.53 1.22 26 1.7 0.8 

145 W41-2-25 OLD-2_25-30 21.69 1.621 5.23 2.44 1.18 24 1.6 0.8 

146 W50-2-00 ELD-2_0-5 33.23 2.570 32.91 29.24 13.93 45 1.8 1.3 

147 W50-2-05 ELD-2_5-10 31.25 2.427 25.21 21.21 10.11 59 1.7 1.0 

148 W50-2-10 ELD-2_10-15 32.66 2.484 18.27 16.16 7.70 39 1.7 0.9 

149 W50-2-15 ELD-2_15-20 28.31 2.332 12.80 9.87 4.98 38 1.6 0.8 

150 W50-2-20 ELD-2_20-25 29.88 2.280 13.73 10.50 5.29 29 1.7 0.8 

151 W50-2-25 ELD-2_25-30 26.10 1.866 10.75 6.36 3.21 14 1.9 0.9 

152 W16-3-00 YNG-3_0-5 13.40 0.742 1.20 0.29 0.14 17 1.6 0.6 

153 W16-3-05 YNG-3_5-10 10.81 0.595 1.38 0.36 0.17 31 1.5 0.6 

154 W16-3-10 YNG-3_10-15 13.00 0.751 1.25 0.34 0.16 45 1.5 0.6 

155 W16-3-15 YNG-3_15-20 11.14 0.706 1.50 0.41 0.25 19 1.6 0.6 

156 W16-3-20 YNG-3_20-25 8.27 0.392 1.03 0.19 0.11 18 1.6 0.6 

157 W16-3-25 YNG-3_25-30 9.00 0.493 1.45 0.27 0.17 29 1.5 0.6 

158 W29-3-00 INT-3_0-5 29.77 2.415 9.37 6.93 3.46 55 1.8 1.4 

159 W29-3-05 INT-3_5-10 25.79 2.133 12.54 8.04 4.01 61 1.7 1.1 

160 W29-3-10 INT-3_10-15 27.33 2.247 9.30 5.55 2.77 33 1.8 1.2 

161 W29-3-15 INT-3_15-20 25.08 2.094 6.67 4.16 2.13 33 1.6 0.8 

162 W29-3-20 INT-3_20-25 18.42 1.459 5.65 2.56 1.31 22 1.7 0.7 

163 W29-3-25 INT-3_25-30 18.14 1.311 5.04 1.79 0.92 31 1.6 0.7 
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   AAE solids  Soil DNA extracts¤ 

Sample 
vial # 

Coded ID† Sample ID %C %N 
BR-AAE 
protein 
(mg·g−1) 

Max-AAE 
protein 
(mg·g−1) 

Min-AAE 
protein 
(mg·g−1) 

DNA 
concentration 

(ng·µL−1) 
A260/280 A260/230 

164 W41-3-00 OLD-3_0-5 26.28 2.281 13.02 8.54 4.28 59 1.8 1.3 

165 W41-3-05 OLD-3_5-10 21.78 2.059 10.79 6.60 3.30 62 1.8 1.3 

166 W41-3-10 OLD-3_10-15 25.25 1.958 6.74 3.57 1.79 25 1.8 1.0 

167 W41-3-15 OLD-3_15-20 16.49 1.333 5.14 1.95 0.94 10 2.2 1.9 

168 W41-3-20 OLD-3_20-25 21.17 1.589 5.37 2.37 1.14 21 1.8 0.8 

169 W41-3-25 OLD-3_25-30 20.67 1.513 4.93 2.10 1.01 8 2.3 1.1 

170 W50-3-00 ELD-3_0-5 32.10 2.535 28.95 23.79 11.34 58 1.9 2.0 

171 W50-3-05 ELD-3_5-10 30.98 2.556 23.07 16.77 7.99 39 2.0 2.0 

172 W50-3-10 ELD-3_10-15 33.05 2.655 17.06 14.97 7.13 24 2.0 1.9 

173 W50-3-15 ELD-3_15-20 24.76 2.018 13.69 8.48 4.28 14 2.2 1.6 

174 W50-3-20 ELD-3_20-25 27.42 1.984 10.85 6.73 3.40 7 2.4 1.1 

175 W50-3-25 ELD-3_25-30 29.22 2.139 14.42 9.60 4.84 9 2.5 1.4 

 Column checksum# 4444.01 311.442 1847.70 1419.12 605.56 3715 350.8 240.5 

Protein quantities are expressed on a dry-soil basis.  See page vii for definitions of acronyms. 
† The coded ID represents each soil core section in the form of Ayy-p-xx, where A is S for Sabine, A is W for WLD, yy is the marsh age 
in years, p is the plot number, and xx is the upper soil depth of the 5-cm section; sections from reference marshes are nominally 
assigned a 50-year age; Sabine reference marshes A and B are denoted as plot numbers 1–3 and 4–6, respectively. 
¤ The DNA fraction was eluted in a total of 100 µL of 10 mM tris; A260/280 and A260/230 are the ratios of absorbance of the DNA solution 
at 260 and 280 nm, and at 260 and 230 nm, respectively (Section 3.2.4). 
# Exact sum of all values in column (to aid in error-checking if data are copied/transcribed). 
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